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Abstract
DNA replication in eukaryotic organisms is a highly intricate process involving a large number
of functionally and structurally distinct proteins. Despite being significantly different from DNA
replication in bacterial and viral systems, eukaryotic DNA replication mechanisms have been
found to be highly conserved across all eukaryotes, from yeast to humans. The budding yeast,
Saccharomyces cerevisiae, has emerged as an important model organism to understand DNA
replication in eukaryotes.
This thesis describes the development and application of single-molecule approaches to study
DNA replication in Saccharomyces cerevisiae. DNA replication reactions were reconstituted
using purified protein factors and model DNA substrates on imaging platforms that enable us
to observe and probe these mechanisms at the single-molecule level. Single-molecule
techniques are designed for the observation of distinct DNA replication events and distinct
replication factors, leading to an in-depth understanding of biomolecular mechanisms, without
shielding variable behaviours within a population.
The work described here highlights how observations facilitated by early designs of our singlemolecule DNA replication assays drove changes in our experimental approaches, leading to
effective observational platforms for investigating eukaryotic DNA replication mechanisms.
Concerted leading- and lagging-strand DNA replication, resulting in efficient replication fork
progression was observed through the fluorescent visualisation of individual replicating
molecules. The stoichiometry and exchange dynamics of replication proteins at the replisome
are reported through observing the interactions of labelled proteins with the replisome.
Our data demonstrate that the lifetimes of eukaryotic DNA polymerases at the replication fork
can be modulated through changes in the local protein concentrations. Furthermore, it is shown
that the lagging-strand polymerase Pol δ is able to be retained at the fork through an interaction
that is at least in part mediated by its non-catalytic Pol32 subunit. In addition to its rate of
exchange, the stoichiometry of Pol α-primase at the fork was also observed to be concentrationdependent, opening up intriguing questions about the mechanistic relevance behind it.
Collectively, our observations paint a model of an intricately orchestrated balance between
maintaining the core integrity of the replisome and accommodating the recruitment of other
protein factors to the fork through transient dissociations of core replication factors. Our
observations also point to the formation of lagging-strand loops at the eukaryotic replication
fork.

I

DNA replication reactions were reconstituted to visualise primer-extension and stranddisplacement synthesis by Pol δ on individual DNA molecules. Both these activities are
important for the engagement of Pol δ in lagging-strand mechanisms. Efficient and processive
synthesis activity by Pol δ was observed in both modes. We envision that, in the future,
reconstitutions of lagging-strand mechanisms involving other lagging-strand proteins, will shed
light on how the catalytic activities of Pol δ are modulated.
Processive leading-strand DNA-synthesis reactions mediated by the leading-strand replicase,
Pol ε-CMG, were reconstituted for the non-fluorescent, indirect visualisation of replication
progress, through tracking microbeads attached to surface-tethered model DNA substrates.
Using this high-throughput single-molecule technique, hundreds of replicating molecules were
able to be simultaneously tracked to obtain single-molecule rates and processivities. The
construction of a ‘nick-free’ DNA substrate has been discussed for use in this assay, to
demonstrate a technique for the optimisation of model linear dsDNA substrates.
Collectively, the work presented in this thesis demonstrates the use of single-molecule
techniques to garner crucial insights into the mechanisms that steer eukaryotic DNA
replication.
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Chapter 1
General introduction

1

1.1 DNA replication mechanisms – conserved yet increasingly complex
The genetic code that controls how all organisms across all the three domains of life function,
grow and reproduce, is contained in their DNA. With each cycle of cell division, all of a cell’s
genomic DNA is replicated with extremely high accuracy so that each of the daughter cells can
receive a copy. Genomes are massive in scale; the genome of the Escherichia coli (E. coli)
bacterium is composed of about 5 million base pairs (bp), that of the haploid budding yeast,
Saccharomyces cerevisiae (S. cerevisiae), contains about 12 million bp and the human genome
consists of a staggering 6.4 billion bp. To carry out this remarkable feat of DNA replication,
complex machineries called replisomes have evolved that are built up from protein factors that
interact with each other and with genomic DNA through intricately orchestrated mechanisms
and that are responsible for the many enzymatic events involved in the process.
The conceptually basic manner in which DNA replication occurs, described as semiconservative
replication, as originally suggested by Watson and Crick, is conserved amongst all life forms
(Watson and Crick 1953a, 1953b; Alberts 2003). The two antiparallel strands of a DNA molecule
are unwound by protein complexes called helicases. The unwound parental strands serve as
templates for the synthesis of two new strands by protein factors known as polymerases.
Replication mechanisms have evolved to accomplish processive coordinated replicative action
by the proteins of the replisomes whilst making it possible for erroneously integrated
nucleotides to be proofread and replaced by the correct complementary nucleotides. One of the
two antiparallel DNA strands is replicated continuously in the direction of unwinding while the
other is replicated discontinuously in the opposite direction. The newly synthesised strands are
called leading and lagging strands respectively, on the basis of being either continuously or
discontinuously synthesised. The small fragments of the lagging strand are called Okazaki
fragments after the Okazakis who were the first to describe the model for their synthesis along
with some of their colleagues (Okazaki et al. 1968). Okazaki fragments are eventually ligated
by DNA ligases to form a continuous lagging strand. While the synthesis of the leading strand
is initiated by a small primer generated by protein factors called primases, synthesis of the
fragments of the lagging strand involves iterative priming action by primases. Additionally,
polymerases are typically associated with sliding clamps to maintain stable associations with
DNA, which in turn are loaded on and unloaded from DNA by clamp loaders.
Beyond these basic underlying principles that govern DNA replication, the participating
proteins and mechanistic pathways vary across different life forms with degrees of variations
that depend on their evolutionary histories (Leipe, Aravind and Koonin 1999). Our current
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understanding of how DNA replication mechanisms are organised largely stems from decades
of research on bacterial and viral systems, primarily those of E. coli and its bacteriophages, T7
and T4 (Marians 1992; Benkovic, Valentine and Salinas 2001; McHenry 2003). In contrast to
these systems, DNA replication in eukaryotes involves many more proteins, many of them
without bacterial/viral functional counterparts. A large number of eukaryotic proteins are
heterooligomers and are structurally and functionally far more complex. Furthermore, even
proteins that share functional similarities with bacterial/viral proteins, do not always exhibit
structural

and

sequence

homology

with

their

respective

counterparts

(Yao

and

O’Donnell 2016). However, replication mechanisms are highly conserved within eukaryotes
and share significant homology with archaeal systems on account of their shared evolutionary
ancestry (Makarova and Koonin 2013; O’Donnell, Langston and Stillman 2013). DNA
replication in eukaryotes is hence a complex affair and we are still in the dark about many of its
aspects. There are huge gaps in our understanding of the composition and the organisation of
the eukaryotic replisome, as well as in our knowledge of mechanisms that drive coordinated
leading- and lagging-strand replication.

1.2 Pillars of the current eukaryotic DNA replication model
Our understanding of eukaryotic DNA replication has been steadily evolving over the past
several decades. Some of the most crucial early insights into eukaryotic DNA replication were
gained from studies of the replication of the simian virus 40 (SV40) genome, a system that is
largely reliant on the DNA replication machinery of the eukaryotic host, except for initiation
and unwinding (Li and Kelly 1984; Challberg and Kelly 1989; Stillman 1989; Hurwitz et
al. 1990; Tsurimoto, Melendy and Stillman 1990; Waga and Stillman 1994). Early on, the
establishment of an in vitro assay for the replication of the double-stranded SV40 genome in
mammalian cell extracts, was pivotal in characterising several eukaryotic proteins and
understanding their mechanisms (Li and Kelly 1984). Homologues of the protein factors
identified through SV40 DNA replication were found to be essential for replication in yeast
(Waga and Stillman 1998). However, with the virus-encoded large T antigen functioning as the
helicase, the interactions between the eukaryotic helicase and other replication factors,
including its critical interaction with DNA polymerase ε (Pol ε) to form a leading-strand
complex, did not come into the picture. The system was also not suitable for studies pertaining
to the initiation of replication or regulatory mechanisms involved in genomic replication.
Since then, genetic analyses of the two yeast systems (budding and fission yeast), particularly
the budding yeast, S. cerevisiae, have been the major contributors to our current understanding

3

of eukaryotic DNA replication. Additionally, biochemical studies on purified protein factors
have greatly helped formulate the picture, as have studies using Xenopus egg extracts (Blow and
Laskey 2016). More recently, in vitro reconstitutions of initiation of replication, fork assembly
and elongation using purified S. cerevisiae factors have paved the way forward towards
establishing highly controlled biochemical assays of eukaryotic DNA replication mechanisms in
addition to having provided vital mechanistic insights themselves (Seki and Diffley 2000;
Remus et al. 2009; Heller et al. 2011; Georgescu et al. 2014, 2015; Yeeles et al. 2015, 2017;
Devbhandari et al. 2017). The repertoire of structural information on the many proteins
involved has also seen a steady increase in recent years aided by huge advancements in
structural-biology techniques which have introduced atomic-level structural models of key
replication proteins (Swan et al. 2009; Perera et al. 2013; Hogg et al. 2014; Jain et al. 2014; Li
et al. 2015; O’Donnell and Li 2016; Pellegrini and Costa 2016; Georgescu et al. 2017; Riera et
al. 2017).
Arguably, one of the most distinguishing features of the eukaryotic replisome as elucidated in
its current consensus model, is the involvement of two very distinct polymerase machineries in
leading- and lagging-strand replication (Fig. 1.1). This stands in sharp contrast to many
prokaryotic systems where multiple copies of the same polymerase synthesise both strands
(McHenry 2003). With multiple distinct polymerases deemed essential for DNA replication in
eukaryotes, a lot of the research on eukaryotic replication mechanisms has grappled with
identifying the spectrum of roles that these polymerases fulfil (Table 1.1).

1.3 S. cerevisiae as a model system for studying eukaryotic DNA replication
The identification of homologous proteins across different eukaryotic life forms, primarily in S.
cerevisiae, Saccharomyces pombe (S. pombe), Drosophila melanogaster (D. melanogaster),
Xenopus laevis (X. laevis), Caenorhabditis elegans, Arabidopsis thaliana and mammals (mostly
rats, mice, bovine species, humans), has made it increasingly clear that replication mechanisms
and proteins are highly conserved across all eukaryotes. For instance, a single human
homologue has been identified for every protein subunit that is a part of the replication
progression complex (RPC), a large complex of associated proteins of the replisome isolated
from S. cerevisiae cell extracts (Gambus et al. 2006).
At 12 million base pairs, the S. cerevisiae genome is much more manageable than the genomes
of more complex eukaryotes. S. cerevisiae divides reasonably quickly, as often as once every 1.25–
2 h and can be easily cultured into colonies from a single cell. Yet the budding yeast cell, in all
its simplicity, shares the complex internal cell structure of higher organisms and exhibits all the
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features typical to eukaryotic cells (Duina, Miller and Keeney 2014). The haploid budding yeast
genome is organised as 16 chromosomes that are contained in a distinct nucleus surrounded by
a nuclear membrane. The S. cerevisiae system has been much more accessible than other
eukaryotic systems when it comes to the possibility of engineering genetic manipulations and
employing other molecular biology tools. For instance, the transmission genetics of S. cerevisiae
is very well understood, genetic transformations are relatively easy and since it is able to
proliferate as a haploid cell, knockout strains can be created in a straightforward manner.
Origins of replication in S. cerevisiae are defined by specific DNA sequences as opposed to most
other eukaryotic systems where origins are defined less by the sequence and more by several
aspects of chromatin organisation (Bell and Stillman 1992; Vashee et al. 2003; Remus, Beall
and Botchan 2004). In fact, yeast origin sequences were first identified as sequences that
enabled plasmids to replicate in budding yeast cells by recruiting replicative proteins, upon
transformation. Such sequences were hence called autonomously replicating sequences (ARS)
(Stinchcomb, Struhl and Davis 1979; Chan and Tye 1980; Stinchcomb et al. 1980). This feature
has been very valuable for researchers to be able to identify and study the proteins that assemble
at these sequences. Eventually it was determined that a subset of these sequences are truly able
to serve as origins of replications (Brewer and Fangman 1991). Importantly, despite this
distinction, all the proteins involved in the initiation of replication through the formation of the
pre-replicative complex (discussed later) in the budding yeast, are conserved in higher
eukaryotes (Bell and Labib 2016).
Research on S. cerevisiae has been pivotal as one of the primary contributors to our current
understanding of the mechanisms of eukaryotic DNA replication. Over the next few sections,
several mechanisms involved in the replication of genomic DNA in S. cerevisiae are discussed,
to formulate a picture of its core DNA replication machinery. Even though eukaryotic
replication research has benefitted from studies on the DNA replication systems of other
organisms, all the studies that have been referenced here pertain to S. cerevisiae, unless specified
otherwise.

5

Table 1.1 List of Saccharomyces cerevisiae proteins referred to in this work.
Protein/Complex

Subunits

Full form

Cdc6

cell division cycle 6

Cdt1

Cdc10-dependent transcription 1

Chl1

chromosome loss 1
Cdc45

CMG
(Cdc45-MCM-GINS)

minichromosome maintenance 2

Mcm3
Mcm2–7 complex/MCM Mcm4
(minichromosome
Mcm5
maintenance 2–7)
Mcm6

minichromosome maintenance 3

Mcm7

minichromosome maintenance 7

Sld5

synthetic lethal with Dpb11-1 number 5

Psf1

partner of Sld5 1

Psf2

partner of Sld5 2

Psf3

partner of Sld5 3

Csm3

Ctf4

Homotrimer

Involved in loading Mcm2–7 at replication origins
Forms a complex with Mcm2–7 and is important
in recruiting Mcm2–7 to origin DNA
Involved in sister chromatid cohesion

cell division cycle 45
Mcm2

GINS
(go-ichi-ni-san)

Function

minichromosome maintenance 4
minichromosome maintenance 5
minichromosome maintenance 6

Subunits of the active replicative DNA helicase
(CMG). Mcm2–7 forms the catalytic central
unwinding motor of CMG. Cdc45 and GINS are
essential for DNA unwinding, and for mediating
several interactions that hold other proteins at
the replication fork.

chromosome segregation in meiosis 3

Regulates multiple aspects of replication fork
progression in complex with Tof1 – checkpoint
mediation, tethering Mrc1 to the replication fork

chromosome transmission fidelity 4

Binds Sld5 and links CMG to other factors at the
fork, notably Pol α-primase. Essential in the
transfer of parental histones to the lagging
strand. Important in sister chromatid cohesion.
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Table 1.1, continued
Protein/Complex
DDK
(Dbf4-dependent
kinase)

Subunits

Full form

Cdc7

cell division cycle 7

Dbf4

dumbbell former 4

Function
Together, Cdc7 (the catalytic subunit) and Dbf4
(the regulatory subunit) phosphorylate Mcm4
and Mcm6 to drive Cdc45 recruitment for
helicase activation/CMG assembly

Dna2

DNA replicative helicase/nuclease 2

Cleaves long 5′ flaps (>30 nt) generated through
strand-displacement synthesis by Pol δ during
Okazaki-fragment maturation

DNA ligase I (Cdc9)

cell division cycle 9

Ligates DNA-DNA nicks during Okazakifragment maturation

Dpb11

DNA polymerase B subunit 11

Binds CDK-phosphorylated Sld2 and Sld3,
leading up to GINS recruitment for helicase
activation/CMG assembly

Exo1

exonuclease 1

Removes short 5′ flaps generated by Pol δ during
Okazaki-fragment maturation

FACT

facilitates chromatin transcription

Histone chaperone

Mcm10

minichromosome maintenance 10

Found to be important in origin unwinding
(possibly through RPA recruitment), recruiting
Pol α-primase to origins and activating CMG
during fork progression

Mrc1

mediator of replication checkpoint 1

Important in maintaining normal rates of fork
progression and in checkpoint mediation

ORC
(origin replication
complex)

Orc1

origin replication complex 1

Orc2

origin replication complex 2

Orc3

origin replication complex 3

Orc4

origin replication complex 4

Orc5

origin replication complex 5

Orc6

origin replication complex 6

Recognises and binds origin DNA sequences.
Functions with Cdc6 and Cdt1 to recruit Mcm2–7
to origins.
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Table 1.1, continued
Protein/Complex
PCNA

Subunits
Homotrimer

Pol δ
(DNA polymerase δ)

Pol ε
(DNA polymerase ε)

Processivity clamp for Pol δ and Pol ε

petit integration frequency 1

Promotes extended strand-displacement
synthesis by Pol δ. Important for forks to pass
through protein-DNA barriers and R-loops.

Pol1

polymerase 1

Extends an RNA primer generated by Pri1, with a
short DNA stretch to form an RNA-DNA primer

Pol12

polymerase 12

Essential regulatory subunit

Pri1

DNA primase 1

Generates RNA primers de novo for leading/lagging-strand synthesis

Pri2

DNA primase 2

Essential regulatory subunit

Pol3

polymerase 3

Extends Okazaki fragments and proofreads

Pol31

polymerase 31

Essential subunit

Pol32

polymerase 32

Important for processive DNA synthesis

Pol2

polymerase 2

Extends the leading-strand and proofreads.
Required for recruiting GINS to origins for
helicase activation/CMG assembly.

Dpb2

DNA polymerase B subunit 2

Essential subunit

Dpb3

DNA polymerase B subunit 3

Dpb4

DNA polymerase B subunit 4

Rad27

RFC
(replication factor C)

Function

proliferating cell nuclear antigen

Pif1

Pol α-primase
(DNA polymerase αDNA primase)

Full form

radiation sensitive 27
Rfc1

replication factor C 1

Rfc2

replication factor C 2

Rfc3

replication factor C 3

Rfc4

replication factor C 4

Rfc5

replication factor C 5

Important for processive DNA synthesis
Nuclease that cuts short 5′ flaps generated by Pol
δ during Okazaki-fragment maturation

Loads PCNA around dsDNA at primer-template
DNA junctions
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Table 1.1, continued
Protein/Complex
RNase H2
(ribonuclease H2)

RPA
(replication protein A)
S-CDK
(S phase cyclindependent kinase

Subunits

Full form

Rnh2A

ribonuclease H2 subunit A

Rnh2B

ribonuclease H2 subunit B

Rnh2C

ribonuclease H2 subunit C

Rpa1

replication protein A 1

Rpa2

replication protein A 2

Rpa3

replication protein A 3

Cdc28

cell division cycle 28

Clb5, Clb6

cyclin B number 5, cyclin B number 6

Function
Functions to remove RNA primers during
Okazaki-fragment maturation

The eukaryotic single-stranded DNA binding
protein
Cdc28 partners with Clb5/Clb6 to phosphorylate
Sld2 and Sld3 leading up to GINS recruitment for
helicase activation/CMG assembly

synthetic lethal with Dpb11-1 number 2

Substrate for CDK phosphorylation, leading up
to GINS recruitment for helicase activation/CMG
assembly

Sld3

synthetic lethal with Dpb11-1 number 3

Involved in the recruitment of Cdc45 and GINS
for helicase activation/CMG assembly. Binds to
DDK-phosphorylated Mcm4 and Mcm6 leading
up to Cdc45 recruitment. Is involved in GINS
recruitment as a CDK-phosphorylation substrate.

Sld7

synthetic lethal with Dpb11-1 number 7

Partners with Sld3 during Cdc45 recruitment for
helicase activation/CMG assembly

Tof1

topoisomerase interacting factor 1

Important in checkpoint mediation. Tethers
Mrc1 to the replication fork in complex with
Csm3.

Top1

DNA topoisomerase type I

Resolves topological constraints (supercoiling)
generated during replication fork progression

Sld2
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Figure 1.1 Core proteins of the Saccharomyces cerevisiae replisome. Template DNA strands are
shown in black, newly synthesised strands in red and primers in blue.

1.4 DNA polymerases operational at the replication fork
Three B-family DNA polymerases are essential to propagate fork movement in eukaryotes – Pol
α-primase, Pol ε and Pol δ (Johnson et al. 1985; Sitney, Budd and Campbell 1989; Burgers et
al. 1990, 2001; Morrison et al. 1990; Burgers 2009) (Fig. 1.2). In the current consensus model,
Pol ε and Pol δ synthesise the leading and lagging strands respectively, while Pol α-primase
primes their synthesis (Fig. 1.1).

1.4.1 DNA polymerase α-primase
The Pol α-primase complex is the only eukaryotic polymerase that also has primase activity.
Hence, Pol α-primase is uniquely positioned to initiate DNA synthesis at origins and
successively on the lagging strand. The S. cerevisiae Pol α-primase is composed of two
polymerase subunits (Pol1, Pol12) and two primase subunits (Pri1, Pri2) (Plevani et al. 1988)
(Fig. 1.2). The subunit structure of Pol α-primase is well established and conserved across all
eukaryotes. The smallest primase subunit, Pri1 (48 kDa), generates an RNA primer de novo, 8–
10 ribonucleotides in length (Singh and Dumas 1984; Badaracco et al. 1985). The nascent RNA
primer is then handed over to Pol1 (167 kDa), the subunit with DNA polymerase activity, and is
further extended by 10–15 deoxyribonucleotides (Singh et al. 1986; Perera et al. 2013). Pol12 (79
kDa) and Pri2 (62 kDa) are regulatory subunits. Pri2 is found to be important in regulating the
length of the RNA primer, as well as for the stability and efficiency of priming by Pri1
(Santocanales et al. 1993). All the subunits of Pol α-primase are essential in budding yeast
(Carson and Hartwell 1985; Francesconi et al. 1991; Foiani et al. 1994).
Pol α-primase is limited in its processivity and lacks a proofreading subunit (Kunkel and
Bebenek 2000). Both these factors render it ill-suited for functioning in replication elongation
beyond initial primer synthesis. The synthetic activity of Pol α-primase has been observed to
remain unaffected by the eukaryotic processivity clamp, PCNA (proliferating cell nuclear
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antigen), on primed DNA substrates as well as on linear forked dsDNA (double-stranded DNA)
substrates where Pol α-primase functions cooperatively with the eukaryotic helicase (Bauer and
Burgers 1988b; Burgers 1991; Georgescu et al. 2015). Pol α-primase exhibits no stranddisplacement activity (Maga et al. 2001).

Figure 1.2 Subunit composition of the Saccharomyces cerevisiae replicative polymerases.
Polymerase, primase and exonuclease activities are indicated as Pol, Pri and Exo respectively. Inactive
polymerase and exonuclease activities are indicated in white text.

1.4.2 DNA polymerase ε
The S. cerevisiae Pol ε is a heterotetramer with a mass of 379 kDa, composed of four polypeptides
– Pol2, Dpb2, Dpb3 and Dpb4 (DNA polymerase B subunit 2, 3, 4) (Chilkova, Jonsson and
Johansson 2003) (Fig. 1.2). Pol2 (256 kDa), specifically the N-terminal half of Pol2, harbours
active domains for polymerase and 3′–5′ exonuclease activities. The other three serve as
accessory subunits. Interestingly, the C-terminal half of Pol2 also contains both polymerase and
exonuclease domains but both these domains are inactive (Tahirov et al. 2009). Dpb2 (78 kDa)
is known to be essential but not required for the polymerase activity of Pol ε; its role remains
currently unclear. Both Dpb3 (23 kDa) and Dpb4 (22 kDa) are known to be non-essential.
Several in vitro assays have helped us understand the catalytic characteristics of Pol ε. Pol ε has
weak affinity for the processivity factor, PCNA and does not form a stable complex with it
(Burgers 1991; Chilkova et al. 2007). On primed ssDNA (single-stranded DNA) substrates, Pol
ε exhibits a rate of primer extension synthesis of ~50 nt/s at 30oC, and remains unaffected by
PCNA, under low ionic strength conditions (Burgers 1991; Yoder and Burgers 1991). Under high
ionic strength conditions however (>150 mM salt), both the catalytic activity and processivity
of Pol ε have been observed to be mildly stimulated by PCNA (Yoder and Burgers 1991; Chilkova
et al. 2007). The synthetic activity of Pol ε with the CMG helicase on forked dsDNA substrates
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was also found not to be completely dependent on the presence of PCNA, although activity was
halved in its absence (Georgescu et al. 2014).
In the absence of Dpb3 and Dpb4, the interaction between Pol ε and the DNA template is
disrupted, indicating that Dpb3 and Dpb4 are essential for processive DNA replication by Pol ε
(Aksenova et al. 2010). A crystal structure has also revealed the presence of a novel domain
through which Pol ε encircles dsDNA, suggesting that Pol ε has inherent potential to be able to
function with high processivity and fidelity (Hogg et al. 2014). Unlike most other B-family
polymerases, Pol ε lacks the extended β-hairpin loop located in the exonuclease domain that
has been deemed essential for high fidelity synthesis (Hogg et al. 2007, 2014). Despite that and
despite its weak affinity for PCNA, Pol ε appears to have other reinforcements in place for it to
be able to function with the highest fidelity and processivity amongst all the three eukaryotic
replicative polymerases.
Pol ε has been seen to be extremely inefficient in strand-displacement synthesis, potentially due
to its highly active 3′–5′ exonuclease activity (Garg et al. 2004; Georgescu et al. 2014). The
exonuclease deficient mutant of Pol ε exhibits extended strand-displacement activity (Ganai et
al. 2016). Apart from its role as a polymerase, studies show that Pol ε is important for both
helicase activation and helicase progression (Handa et al. 2012; Sengupta et al. 2013).

1.4.3 DNA polymerase δ
The S. cerevisiae Pol δ is composed of three polypeptide subunits – Pol3 (125 kDa), Pol31 (55
kDa) and Pol32 (40 kDa) (Gerik et al. 1998; Johansson, Majka and Burgers 2001) (Fig. 1.2).
Amongst all the catalytic subunits of all three polymerases, the catalytic subunit of Pol δ has
been found to be the most conserved across eukaryotes. The subunit structure of Pol δ has been
found to vary, however. The S. pombe Pol δ has four essential subunits (Burgers 1998; Zuo et
al. 2000). The identification of all the subunits in mammalian Pol δ has been a long strife
(Hughes et al. 1999; Liu et al. 2000; MacNeill et al. 2001). Recently, it was reported that human
Pol δ has as many as five subunits with one of its subunits being dimeric (Khandagale et
al. 2019).
In the S. cerevisiae Pol δ, Pol3 is the catalytic subunit and both Pol3 and Pol31 are known to be
essential. The absence of Pol32 however has been shown to affect growth, DNA replication and
repair (Burgers and Gerik 1998; Gerik et al. 1998; Johansson, Garg and Burgers 2004). The
catalytic subunit, Pol3 contains both the polymerase activity as well as the 3′–5′ exonuclease
activity required for proofreading (M. Y. Lee et al. 1991; Simon, Giot and Faye 1991; Swan et
al. 2009). All the three subunits of the budding yeast Pol δ contain PCNA-binding domains
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known as PCNA interacting protein (PIP) motifs. All three PIP-PCNA interactions are known to
contribute to PCNA-specific stimulation of DNA synthesis by Pol δ (Johansson, Garg and
Burgers 2004; Acharya et al. 2011).
By itself Pol δ is an inefficient and poorly processive polymerase (Podust et al. 1995; Masuda et
al. 2007). Its interaction with PCNA anchors it to DNA stably and greatly enhances both its
nucleotide incorporation efficiency and processivity (Tan et al. 1986; Burgers and Gerik 1998;
Mozzherin et al. 1999; Einolf and Guengerich 2000; Maga et al. 2001; Johansson, Garg and
Burgers 2004; Dieckman et al. 2010; Acharya et al. 2011). The non-essential, Pol32 subunit of
Pol δ has also been shown to be important for processivity during DNA synthesis (Burgers and
Gerik 1998; Gerik et al. 1998; Acharya et al. 2011). In studying the kinetics of nucleotide
incorporation by mammalian (calf thymus) Pol δ on short primer/DNA templates, the Km in the
presence of PCNA was found to be more than 20-fold lower; 0.067 µM vs 2 µM (Einolf and
Guengerich 2000). In mammalian systems, PCNA has been reported to stabilise Pol δ–primertemplate complexes by three orders of magnitude under static conditions (McConnell et
al. 1996). Pol δ-PCNA on DNA is extremely stable with a half-life of >5 min (Langston and
O’Donnell 2008). PCNA has been seen to stimulate the processivity of Pol δ by at least 100fold (Chilkova et al. 2007). More recently, in an in vitro study, PCNA appeared to increase the
DNA synthesis rate of Pol δ by >30-fold (Stodola and Burgers 2016).
In S. cerevisiae, Pol δ has been found to function with lower fidelity compared to Pol ε
(Hashimoto et al. 2003; Fortune et al. 2005). Beyond its role as a replicative polymerase, Pol δ
has been implicated in multiple DNA repair pathways, but many of these mechanisms are not
well understood.

1.5 Accessory proteins
1.5.1 The processivity clamp – proliferating cell nuclear antigen (PCNA)
The processivity clamp, PCNA, is a trimer of three identical subunits (each 29 kDa) that
assemble to form a ring-shaped structure. The S. cerevisiae PCNA has been shown to be essential
(Bauer and Burgers 1990; Krishna et al. 1994). During DNA synthesis, PCNA encircles dsDNA
and is positioned behind a polymerase (Pol ε/Pol δ), tethering it tightly to the template; PCNA
thus abets processive polymerase activity (Fig. 1.1).
The S. cerevisiae PCNA was first identified as a factor that highly stimulated both the catalytic
rate and the processivity of calf thymus Pol δ and that was required for efficient SV-40 DNA
replication (Tan et al. 1986; Prelich, Kostura, et al. 1987; Prelich, Tan, et al. 1987). Consistent
with such cross-species experiments, structural studies of PCNA have established that PCNA
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maintains a high degree of structural and functional conservation across eukaryotes, as do
PCNA-Pol δ and PCNA-RFC interactions (Bauer and Burgers 1988a; Hamatake et al. 1990;
Yoder and Burgers 1991; Waseem et al. 1992; Mossi et al. 1997). RFC (replication factor C) is
essential for the ATP-dependent loading of PCNA at primer-template junctions.
In contrast to its large stimulation of Pol δ activity, PCNA has been observed to enhance the
processivity of Pol ε only mildly (S. H. Lee, Pan, et al. 1991; Chilkova et al. 2007). The
significance behind the association of PCNA with Pol ε during genomic duplication is not very
clear.

1.5.2 The clamp loader – replication factor C (RFC)
The budding yeast clamp loader, RFC, is an arc-shaped heteropentameric complex that loads
PCNA onto DNA. All of its five subunits have been found to be essential for cell proliferation in
S. cerevisiae (Rfc1, Rfc2, Rfc3, Rfc4, Rfc5; 94.9, 39.9, 39.7, 38.2, 36.2 kDa, respectively)
(Cullmann et al. 1995). RFC subunits are similarly structured AAA+ (ATPases associated with
diverse cellular activities) type ATPases that appear to associate with PCNA like a screw cap
with a bottle (Fig. 1.1). RFC binds both PCNA and the template DNA to catalyse a topological
link between the two. ATP binding to multiple RFC subunits initiates a conformational change,
enabling RFC to bind and open the PCNA ring to load it at primer termini (Yao and
O’Donnell 2012).
Despite hints of some weak interaction between RFC and Pol δ (Pan, Chen and Hurwitz 1993;
Yuzhakov et al. 1999), it is largely believed that RFC does not bind either Pol ε or Pol δ tightly
and that it does not progress along as part of the replisome. It has been observed that RFC loses
its affinity for PCNA and disengages from PCNA after it loads the clamp (Podust et al. 1999).
The current understanding is that, once formed, the RFC-PCNA complex binds specifically to
3′-ends of primer-template DNA (S. H. Lee, Kwong, et al. 1991; Tsurimoto and Stillman 1991a).
ATP hydrolysis is triggered upon DNA binding, following which the PCNA ring is closed and
RFC dissociates from this interaction (Tsurimoto and Stillman

1990; Mossi and

Hubscher 1998). This loading process leaves PCNA encircling primer-template DNA and ready
to receive a polymerase for the next round of synthesis.

1.5.3 Single-stranded DNA-binding protein – replication protein A (RPA)
RPA is the heterotrimeric eukaryotic single-stranded DNA-binding protein (SSB). The three
polypeptides of the S. cerevisiae RPA – Rpa1, Rpa2 and Rpa3, are 69, 36 and 13 kDa in size (Brill
and Stillman 1989). RPA preferentially binds to ssDNA over dsDNA, with binding activity
primarily residing in oligonucleotide-binding (OB) folds contained in Rpa1 and Rpa2 (Brill and
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Stillman 1989; Kim, Snyder and Wold 1992; Yates et al. 2018). All three RPA subunits have
been found to be essential for viability of S. cerevisiae (Heyer et al. 1990; Brill and
Stillman 1991). Budding yeast RPA, as well as human RPA, have been seen to have nearly 50fold higher affinity for pyrimidines than for purines (Kim, Snyder and Wold 1992). Yeast RPA
has even higher affinity for poly-dT stretches than for poly-dC stretches. The recruitment of
RPA to origin sequences which are typically dT-rich in S. cerevisiae is known to be crucial in the
initiation of origin unwinding during initiation of DNA replication.
The presence of RPA has been seen to have variable effects on the synthetic activities of the
three polymerases on primed heterooligomeric ssDNA substrates. RPA enhances the catalytic
efficiency of Pol δ, but so do E. coli SSB or T4 gene 32 protein in equal measure; this indicates
that the increase in efficiency is merely aided by an unscrambling of secondary structures by
SSBs (Yoder and Burgers 1991; Georgescu et al. 2014). Pol ε however has been found to be more
efficient in the presence of E. coli SSB and T4 gene-32 protein, than with RPA (Yoder and
Burgers 1991; Georgescu et al. 2014). The activity of Pol α-primase remains unaffected by any
SSB, which is possibly a consequence of its inherently low efficiency and processivity, which is
not aided by the melting of secondary structures along its path (Bauer and Burgers 1988b; Yoder
and Burgers 1991).

1.6 Initiation of DNA replication
DNA replication in S. cerevisiae is initiated over two distinct sets of events – the selection of
origins of replication during late mitosis (telophase) and the G1 phase of the budding yeast cell
cycle, and the selective activation of a subset of these origins for initiation of replication, during
the S phase.

1.6.1 Origin selection and helicase loading
The selection of replication origins in S. cerevisiae is understood to be initiated by the ATPdependent binding of the heterohexameric origin replication complex (ORC) to origin DNA
sequences (Klemm, Austin and Bell 1997). Five of the six protein subunits in ORC are
homologous to AAA+ ATPases (Diffley et al. 1994; Neuwald et al. 1999; Speck et al. 2005). The
S. cerevisiae ORC was in fact first identified in in vitro DNA binding assays as a factor that could
specifically recognise conserved sequences within ARS elements called ARS consensus
sequences (ACS) (Bell and Stillman 1992). ORC binding sets the platform for the recruitment
of other factors – Cdc6 (cell division cycle 6), Cdt1 (Cdc10 (cell division cycle 10)-dependent
transcription 1) and two helicase complexes (Fig. 1.3).
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Figure 1.3 Model for helicase loading and activation. Helicase loading and activation are confined to
different cell-cycle phases. During late mitosis and the G1 phase, ORC recognises and binds to origin
DNA and recruits Cdc6. ORC.Cdc6 recruit the first MCM in complex with Cdt1. A second ORC engages
the first MCM at its N terminus. This ORC then recruits the second MCM, with Cdc6 involvement. The
MCM double hexamer (Pre-RC) is an inactive complex; its formation licenses a site as a potential
replication origin. Upon progression into S phase, Cdc45 and GINS are recruited and the MCM double
hexamer is remodelled into two active CMG helicases, leading to origin firing. CMGs progress 3’–5’
with their NTDs ahead of their CTDs.
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ORC first recruits Cdc6 (another AAA+ protein) to the origin as a binding partner (Speck et
al. 2005). The S. cerevisiae helicase is a ring-shaped heterohexameric complex called MCM
(minichromosome maintenance); all MCM subunits contain AAA+ ATPase folds. MCM
(composed of the Mcm2–7 proteins) forms a complex with Cdt1 and this complex is recruited
to the ORC-Cdc6 platform at the origin (Tanaka and Diffley 2002; You and Masai 2008). A
second MCM is eventually recruited to the origin. Ultimately, two closely interacting Mcm2–7
complexes are loaded at the origin in a head-to-head manner, encircling dsDNA, forming what
is known as the pre-replicative complex (pre-RC) (Evrin et al. 2009; Remus et al. 2009) (Fig.
1.3c).
Several different models have been proposed to explain how the second MCM is recruited to
origins (Frigola et al. 2013; Ticau et al. 2015; Coster and Diffley 2017). However, the model
proposed by Miller et al. (2019), wherein time-resolved EM (electron microscopy) was used to
visualise intermediates leading up to double-hexamer formation, appears to reconcile most of
the disparate data. Their model suggests that once the first MCM ring securely encircles DNA,
and both Cdc6 and Cdt1 are released, a second inverted ORC engages the first MCM ring
through an interaction distinct from the interaction that helps load MCM around DNA. This
second ORC then recruits the second MCM through the same mechanism that loaded the first
MCM (Fig. 1.3).
Eukaryotic helicase loading is regulated through several ATP-binding and ATP-hydrolysis
events involving Mcm2–7, ORC and Cdc6. ATP binding is crucial for the initial association of
ORC and Cdc6 with origin DNA sequences (Bell and Stillman 1992; Klemm, Austin and
Bell 1997; Perkins and Diffley 1998; Weinreich, Liang and Stillman 1999; Speck et al. 2005).
Studies involving ATPase-motif mutations have shown that ATP binding and hydrolysis by
Mcm2–7 are essential for helicase loading and Cdt1 release, leading up to double-hexamer
formation (Coster et al. 2014; Kang, Warner and Bell 2014). ATP hydrolysis by ORC and/or
Cdc6 has been shown to be not required for helicase loading (Coster et al. 2014; Kang, Warner
and Bell 2014). However, ATP hydrolysis by Cdc6 and ORC are seen to be important in the
release of non-productive pre-RC intermediates and for facilitating repeated Mcm2–7 loading
events at origin DNA, respectively (Bowers et al. 2004; Frigola et al. 2013). Nevertheless, much
remains unclear on the ATP binding/hydrolysis events and other molecular mechanisms that
lead to the recruitment of the different proteins involved.
The Mcm2–7 double hexamer comprising the pre-RC is an inactive complex and has been seen
to be able to diffusively slide along DNA without any directionality (Evrin et al. 2009; Remus
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et al. 2009; Fernández-Cid et al. 2013). Even though origin sequences are recognised by ORCs,
it is the loading of a double hexamer that demarcates a site as a potential origin for DNA
replication – a process that has been described as origin licensing (Diffley et al. 1994). In vitro
reconstitution of pre-RC formation leading to origin licensing in S. cerevisiae has been crucial
in spearheading studies that have greatly contributed to our current understanding of the
mechanisms involved (Evrin et al. 2009; Remus et al. 2009). In addition to Mcm2–7 loading
being the key event during pre-RC formation, other findings were crucial in establishing Mcm2–
7 as the helicase in S. cerevisiae DNA replication. In vivo investigations found that MCM proteins
travel with the replication fork, MCM proteins were found to be essential for fork progression
and a complex of a subset of MCM proteins (Mcm4,6,7) exhibited helicase activity in vitro
(Aparicio, Weinstein and Bell 1997; Labib, Tercero and Diffley 2000; Kaplan, Davey and
O’Donnell 2003). Mcm2–7 as a whole has been seen to exhibit very weak dsDNA unwinding
activity in vitro (Bochman and Schwacha 2008).

1.6.2 Helicase activation and origin firing
Origin selection and licensing occur during the late mitosis and G1 phases of the cell cycle.
However, origin firing to initiate DNA replication occurs only after the cell transitions into the
S phase. Origin firing primarily involves several events over which the two Mcm2–7 complexes
comprising the double hexamer are transformed into two active helicase complexes through the
recruitment of two protein factors – Cdc45 (cell division cycle 45) and the GINS (go, ichi, ni,
san; 5, 1, 2, 3 in Japanese) complex, both of which are also essential for fork progression (Tercero,
Labib and Diffley 2000; Kanemaki and Labib 2006) (Fig. 1.3). The active helicase complex is
called CMG (Cdc45-Mcm2–7-GINS) (Ilves et al. 2010). The transformation of the helicase from
an inactive to an active complex is not very well understood. However, at the end of this
transformation two CMG molecules are found opposing each other at an origin, each encircling
only one DNA strand.
Helicase activation leading to origin firing is triggered in budding yeast cells by two S phasespecific protein kinases – a cyclin-dependent kinase, S-CDK (Cdc28-Clb5/Clb6) (cell division
cycle 28, cyclin B number 5, cyclin B number 6) and Dbf4-dependent kinase, DDK (Cdc7-Dbf4)
(cell division cycle 7, dumbbell former 4) (Heller et al. 2011). Helicase activation/origin firing
in S. cerevisiae has been achieved in vitro in the presence of nine essential factors – DDK, Sld3/7
(synthetic lethal with Dpb11-1 number 3, synthetic lethal with Dpb11-1 number 7), Cdc45, CDK,
Sld2 (synthetic lethal with Dpb11-1 number 2), Dpb11 (DNA polymerase B possible subunit 11),
GINS, Pol ε and Mcm10 (minichromosome maintenance 10) (Yeeles et al. 2015). Several genetic
and biochemical interaction studies have identified important mechanisms involved in helicase
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activation mediated by CDK and DDK. However, our knowledge of the processes involved in
the recruitment of several factors and the precise sequence of events is not complete by far.
Studies have shown that DDK phosphorylation in the N termini of Mcm4 and Mcm6 creates
binding sites for the recruitment of Sld3 with its partner protein Sld7. Sld3 binding to Mcm4 or
Mcm6 is required for the recruitment of Cdc45 (Sheu and Stillman 2006; Randell et al. 2010;
Deegan, Yeeles and Diffley 2016). CDK-mediated phosphorylation of Sld2 and Sld3 creates
binding sites in both proteins for Dpb11, seemingly leading to subsequent recruitment of the
GINS complex (Masumoto et al. 2002; Tanaka et al. 2007, 2011; Zegerman and Diffley 2007;
Muramatsu et al. 2010).
Comparison of cryo-electron microscopy (cryo-EM) structures of the inactive Mcm2–7 complex
and the active Mcm2–7 complex after it makes its transition to form CMG, have revealed that
the transition results in extensive domain movements (Li et al. 2015; Yuan et al. 2016). These
structural changes are speculated to be crucial in enabling the Mcm2–7 ring to switch from
encircling both strands of dsDNA to encircling just one strand. The identification of crucial
differences in the localisation of domains involved in DNA binding and interactions with other
proteins, points to structural alterations that could be important for the functioning of the
replisome during replication progression. For instance, in CMG a C-terminal winged helix
domain (WHD) belonging to Mcm5 is found pushed into the axial channel of the C-terminal
ring, restricting its diameter to ~10 Å, not large enough to accommodate dsDNA. The C-terminal
Mcm6 WHD stacks on top of the Mcm5 WHD. In the inactive Mcm2–7, these domains, like all
its other three WHDs protrude outwards at the C-termini and are ill-defined due to being
flexible. This structural alteration could be potentially important in determining the mechanism
of unwinding by CMG. However, in a more recent cryo-EM structure of CMG bound to forked
DNA with ssDNA traversing its central channel, WHDs are no longer found occluding the
channel, possibly suggesting that ssDNA binding causes the WHDs to move back out again
(Georgescu et al. 2017). Contrary to the previous observation, this observation supports the
possibility that CMG can encircle dsDNA, more in line with studies that show that CMG
complexes are assembled at origins encircling both DNA strands before unwinding commences
(Heller et al. 2011; Watase, Takisawa and Kanemaki 2012; Yeeles et al. 2015). Additionally, in
vitro helicase assays with CMG have shown that CMG is able to translocate across duplex DNA
(Langston and O’Donnell 2017).

1.6.3 Cell-cycle regulation of replication initiation
Multiple regulatory pathways ensure that helicase loading, and activation are restricted to
distinct phases of the cell cycle. These pathways are mediated in large part by the cyclin-
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dependent kinase, S-CDK (Dahmann, Diffley and Nasmyth 1995; Arias and Walter 2007).
CDKs function to trigger initiation of replication as discussed above, as well as to prevent reinitiation of replication once the cell is out of the G1 phase. Once the cell passes the G1/S
transition point (start), CDK levels significantly increase. Studies have shown that CDKs employ
several mechanisms to prevent re-initiation in S. cerevisiae cells – they phosphorylate ORC
complexes to inactivate them, inhibit Cdc6 transcription, phosphorylate Cdc6 to promote its
ubiquitin-mediated degradation, and promote nuclear export of Mcm2–7 complexes causing
them to be excluded from being within the nucleus (Moll et al. 1991; Drury, Perkins and
Diffley 1997, 2000; Elsasser et al. 1999; Labib, Diffley and Kearsey 1999; Nguyen et al. 2000;
Nguyen, Co and Li 2001). Thus, by preventing the formation of pre-RCs and Mcm2–7 loading
in the S phase, S. cerevisiae cells ensure that DNA replication origins are fired only once during
the course of a cell cycle. Even subtle disruptions in these regulatory mechanisms leading to just
a few origins re-firing in S. cerevisiae has been seen to result in severe DNA damage leading to
genomic instability and prevention of cellular proliferation (Green and Li 2005; Green, Finn
and Li 2010).

1.7 The DNA helicase – Cdc45-Mcm2–7-GINS (CMG)
The CMG complex is composed of the Mcm2–7 complex bound to Cdc45 and the GINS complex
(Fig. 1.3d). GINS is a complex of four proteins – Sld5 (synthetic lethal with Dpb11-1 number 5),
Psf1 (partner of Sld5 1), Psf2 (partner of Sld5 2), and Psf3 (partner of Sld5 3). As part of the CMG
complex, Mcm2–7 encircles ssDNA to function as the catalytic central unwinding motor.
Mcm2–7 is a complex of six distinct but homologous, dumbbell-shaped proteins containing Cterminal AAA+ ATPase domains. In the N-terminal half, each protein contains an OB fold, a
helical domain that is implicated in mediating subunit interactions and a zinc-finger motif
which mediates interactions between the two hexamers in the pre-RC (Evrin et al. 2014; Li et
al. 2015; Sun et al. 2015; Yuan et al. 2016).
As in other AAA+ machines, ATP sites in Mcm2–7 are located at subunit interfaces (Neuwald et
al. 1999). ATPase activity is dependent on residues from both subunits and at least three of the
six interfacial sites have been found to exhibit ATPase activity when in the hexameric complex
(Davey, Indiani and O’Donnell 2003; Bochman, Bell and Schwacha 2008; Georgescu et
al. 2017). The shapes of the Mcm2–7 proteins give the MCM complex the appearance of a twotiered ring with the N-terminal domains (NTDs) forming one tier and the C-terminal domains
(CTDs) forming the other tier (Fig. 1.3b). Cdc45 and GINS are non-catalytic units but are
important in bringing the Mcm2–7 motors into a proper configuration to enable unwinding and
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in establishing key interactions with several other proteins of the replisome. Psf3 of GINS
contacts the NTDs of Mcm3 and Mcm5 (Sun et al. 2015; Yuan et al. 2016). Cdc45 binds Mcm2–
7 through contacting the NTDs of Mcm2 and Mcm5 (Sun et al. 2015). Their interactions place
both Cdc45 and GINS at the N-terminal tier. The Psf1 subunit of GINS extensively interacts with
Cdc45.
CMG tracks 3′–5′ on model DNA substrates, which would place it on the leading strand as it
unwinds DNA in the direction of fork progression (Georgescu et al. 2017; Langston and
O’Donnell 2017) (Fig. 1.3e). CMG is an inherently slow helicase in vitro. However, in vitro assays
have shown that when in association with Pol ε, CMG activity is stimulated (Georgescu et
al. 2014; Langston et al. 2014). The mechanism behind this stimulation is not known, but the
Dpb2 subunit of Pol ε that binds the Psf1 subunit of CMG, has been found to be essential for
stable, sustained CMG-mediated DNA synthesis by Pol ε (Sengupta et al. 2013; Langston et
al. 2014).
In a previous study involving cryo-EM imaging of S. cerevisiae CMG, it was revealed that CMG
can attain two different conformations (Yuan et al. 2016). Data suggested that, with Cdc45 and
GINS scaffolding the N-terminal regions of Mcm2–7 to form a rigid platform, the AAA+ CTD
ring is able to switch between two conformations, tilted and untilted, relative to the N-terminal
ring. CMG, in the extended conformation, was found to contain a tilted C-terminal ring. In this
conformation, the interface between the CTDs of the Mcm2 and Mcm5 subunits was seen to be
sprung open, presumably through a mechanism that involves ATP hydrolysis at the Mcm2/5
interface. Upon ATP binding, CMG appeared to switch to a compact conformation in which the
C-terminal ring is untilted such that it is stacked parallel to the N-terminal ring. ATP hydrolysis
reversed the conformation of CMG from compact to extended. On the basis of these
observations, the authors proposed that CMG translocates along ssDNA in an inchworm motion
alternating between its extended and compact forms without need for rotary action. However,
a later structural study of CMG, the C-terminus of Pol2 and Dpb2 on a DNA fork, clarified that
a wide Mcm2/5 ATPase opening would cause CMG to stall, and the extended CMG
conformation is more likely to represent a pausing state (Goswami et al. 2018). On the basis of
structural studies involving Drosophila melanogaster CMG and archaeal MCM, it is now
believed that eukaryotic CMG in fact translocates on the leading strand via a non-symmetric
rotary mechanism, where ATP binding promotes ssDNA engagement by loops in the C-terminal
tier (Eickhoff et al. 2019; Meagher, Epling and Enemark 2019).
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On the basis of their cryo-EM structure of CMG at a replication fork, Yuan et al. (2020) propose
a mechanism for DNA template unwinding, where the OB hairpin-loops of Mcm3, Mcm4,
Mcm6 and Mcm7 block the lagging strand and divert it sideways, guiding it to exit the CMG
chamber. Based on cryo-EM structures comprising CMG, Ctf4, Mrc1, Tof1 and Csm3 at a
replication fork, Baretić et al. (2020) suggest a model consistent with the dam-and-diversion
model proposed by Yuan et al. (2020) in as far as the OB-hairpin loops of Mcm3, Mcm4 and
Mcm6 guiding the incoming dsDNA along a defined path toward the helicase channel.
However, the improved resolution of the Mcm7 OB hairpin-loop in their structures indicates
that it functions as a separating pin that splits the incoming dsDNA template into two strands.
Both the loading of Mcm2–7 around dsDNA during pre-RC formation, as well as the eventual
extrusion of the lagging-strand template during CMG assembly have been proposed to be
facilitated via an opening between Mcm2 and Mcm5 in several studies (Bochman and
Schwacha 2007, 2008, 2010; Samel et al. 2014; Noguchi et al. 2017). In CMG, Cdc45 and GINS
are found spanning the Mcm2/5 interface and appear poised to prevent the leading strand from
slipping out, in a mechanism similar to that suggested for D. melanogaster CMG (Petojevic et
al. 2015; Yuan et al. 2016). However, in their template unwinding through diversion model,
Yuan et al. (2020) suggest that a gap between the zing finger domains of Mcm3 and Mcm5
forms the exit path for the unwound lagging strand.

1.8 Assignment of distinct roles to DNA polymerases at the replication fork
Of the three essential replicative DNA polymerases, there is clear evidence that Pol α-primase
is not suitable for faithful and processive chromosomal replication beyond its role as the
primase. Pol α-primase has limited processivity and lacks proofreading activity. Pol ε and Pol δ
on the other hand are equipped to carry out extremely processive DNA synthesis whilst being
able to proofread errors that might occur along the way. These properties support a model
where once primers are synthesised by Pol α-primase, further synthesis is taken over by either
Pol ε or Pol δ. Understanding whether Pol ε and Pol δ are assigned to specific strands for
synthesis and if so, what these assignments are, has been a matter of long-standing debate.
Genetic studies involving specifically designed mutants of Pol ε and Pol δ have been crucial in
the formulation of the currently accepted roles of these two polymerases. In a study conducted
as early as 1996, specific mutations occurring on a marker gene placed in two different
orientations on either side of a very active budding yeast replication origin were analysed in the
presence of exonuclease-deficient mutants of Pol ε and Pol δ (Shcherbakova and Pavlov 1996).
The study showed that Pol ε and Pol δ were involved in proofreading DNA replication errors on
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opposite DNA strands. In a very similar study, analysis of strand-specific mutation rates by an
error-prone mutant of Pol δ was used to show that more than 90% of synthesis by Pol δ was
being done using the lagging-strand template (Nick McElhinny et al. 2008). Similarly, using a
low fidelity Pol ε mutant, it was shown that Pol ε is mostly involved in synthesising the leading
strand (Pursell et al. 2007). Along these lines, a technique for genome-wide mapping of
ribonucleotide incorporation during DNA replication by mutant polymerases deficient in
ribonucleotide excision repair revealed strand-specific and polymerase-specific patterns. The
patterns pointed to the involvement of Pol ε in leading-strand synthesis, and of Pol α-primase
and Pol δ in lagging-strand synthesis (Nick McElhinny et al. 2010; Clausen et al. 2015).
Additionally, using chromatin immunoprecipitation (ChIP) of proteins to reveal strand specific
associations of polymerases, Pol ε and Pol δ were found to be associated with the leading and
lagging strands respectively (Yu et al. 2014).
Several biochemical and genetic studies have shown that Pol δ is involved in both Okazakifragment synthesis and maturation (Jin et al. 2001, 2003, 2005; Garg et al. 2004). In in vitro
recreations of lagging-strand mechanisms, Pol δ cooperatively interacts with Rad27 (radiation
sensitive 27), DNA ligase I and Dna2 (DNA replicative helicase/nuclease 2), which are all
proteins that have been identified as being involved in lagging-strand synthesis in S. cerevisiae,
(Ayyagari et al. 2003; Garg et al. 2004).
Pol δ has been shown to have a physical interaction with the catalytic (DNA polymerase) subunit
of Pol α-primase (Pol1) (Huang et al. 1999). Studies also suggest that the proofreading of
mutations introduced by Pol α-primase is specifically dependent on the exonucleolytic activity
of Pol δ (Kunkel and Bebenek 2000; Pavlov et al. 2006). These association between Pol δ and
Pol α-primase indicate that Pol δ is plausibly involved in proofreading the DNA initiator
segments of primers generated by Pol α-primase, which is for the most part, a lagging-strand
mechanism.
S. cerevisiae strains lacking the N-terminal half of the catalytic subunit (Pol1) of Pol ε, which
contains all of its polymerase and exonucleolytic activity, were found to be viable and still
equipped to carry out DNA replication and DNA repair (Kesti et al. 1999). However, a different
study found that point mutations in the catalytic domain were lethal and moreover, the Nterminal deletion mutants exhibited severe DNA replication defects (Dua, Levy and
Campbell 1999). Hence, there is an indication that probably under certain conditions Pol ε is
dispensable for both leading- and lagging-strand synthesis.
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These studies, taken together, strongly support a model in which Pol ε and Pol δ primarily
synthesise the leading and lagging strands respectively, under normal circumstances, in so far
as the mutations induced to arrive at these conclusions did not drastically alter the functional
roles of the factors involved (Fig. 1.1).
The inhibition of continued synthesis by Pol α-primase beyond primer generation, is believed
to be mediated by the high affinity of RFC for the 3′ primer terminus (Yoder and Burgers 1991).
In vitro assays have shown that RFC stalls Pol α-primase after the synthesis of ~30 nt by
sequestering the 3′-OH end from Pol α-primase and displacing it to recruit PCNA to DNA (Maga
et al. 2000; Mossi et al. 2000). Pol δ is then able to gain access to the 3′ terminus owing to its
high affinity for PCNA (Chilkova et al. 2007; Schauer and O’Donnell 2017). The RFC/PCNA
mediated handover from Pol α-primase to Pol δ has also been previously reported in SV-40
leading-strand synthesis (Tsurimoto and Stillman 1991b). Evidence from both in vivo and in
vitro investigations suggests that even the 3′-end of the nascent leading strand is first handed
over to Pol δ from Pol α-primase, before further synthesis is handed over to Pol ε (Yeeles et
al. 2017; Aria and Yeeles 2018; Garbacz et al. 2018). In in vitro reconstitutions, in the absence
of Pol δ, Pol ε efficiently extends leading-strand primers synthesised by Pol α-primase, in the
presence of CMG, with or without RFC/PCNA (Georgescu et al. 2015; Yeeles et al. 2015, 2017).
However, when a catalytic mutant of Pol δ was used in such a reconstitution, DNA replication
was seen to be almost entirely inhibited, bolstering the theory that Pol δ initiates leading-strand
synthesis before Pol ε takes over (Aria and Yeeles 2018).

1.9 Organisation of the replisome
Several studies, many of them structural studies, have helped formulate our current
understanding of how the core components of the S. cerevisiae replisome are spatially organised.
The replisome is complex and dynamic, and several proteins interact only transiently with each
other and with DNA. However, from our knowledge of replication mechanisms in more
primitive systems, we do know that some long-standing interactions are essential to maintain
the integrity of the replisome for it to be able to progress efficiently and processively. Apart from
unwinding parental DNA, CMG has been shown to interact with several other proteins and is
understood to be crucial in determining the architecture of the replisome (Gambus et al. 2009;
Langston et al. 2014; Simon et al. 2014; Sun et al. 2015).
The Sld5 subunit of GINS binds to Ctf4 (chromosome transmission fidelity 4) which in turn
binds to Pol α-primase (Gambus et al. 2009; Tanaka et al. 2009; Simon et al. 2014). Ctf4 is
homotrimeric and each of its protomers has a binding site for a short conserved peptide motif
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that is found on the N-terminal tails of both Sld5 and Pol1 (the catalytic subunit of Pol α) (Villa
et al. 2016). Studies show that Ctf4 is functionally significantly more complex than just
tethering Pol α-primase to CMG and is potentially involved in recruiting several other accessory
proteins to the replisome (Villa et al. 2016). Along with Mcm2 and Pol α-primase, Ctf4 has also
been found to be essential in the transfer of parental histones to the lagging strand during fork
progression (Gan et al. 2018). Ctf4 also plays an important role in sister chromatid cohesion,
the details of which are not very well understood (Hanna et al. 2001). In fact, in vitro studies
have shown that Ctf4 is not essential for priming by Pol α-primase and Pol α-primase is able to
directly associate with CMG to efficiently prime both the leading and lagging strands in a CMGdependent manner (Georgescu et al. 2015; Yeeles et al. 2015). There is also evidence from in
vivo investigations in the budding yeast that Ctf4-mediated CMG tethering of Pol α-primase is
not required for it to efficiently synthesise primers (Evrin et al. 2018).
Pol ε and CMG form a stable complex with each other, called the CMGE complex, through
several inter-subunit contacts (Langston et al. 2014; Sun et al. 2015; Goswami et al. 2018). Pol
ε is essential for the recruitment of GINS, leading to CMG assembly, during origin activation
(Muramatsu et al. 2010; Handa et al. 2012). Studies also indicate that Pol ε binding promotes
productive DNA fork engagement by CMG (Goswami et al. 2018). Using a combination of
single-particle EM and chemical cross-linking with mass spectrometric readout, several links
were identified between Pol ε and CMG (Sun et al. 2015). The C-terminal domain of the catalytic
subunit (Pol2) of Pol ε has crosslinks with the C-terminal domains of Mcm2 and Mcm6, and all
three of Pol2, Dpb3 and Dpb4 share crosslinks with Cdc45. Dpb2 crosslinks to the C-terminal
domains of both Mcm5 and Psf1. All of its interactions place Pol ε on the CTD side of CMG.
Multiple assemblies involving CMG, Pol ε, Ctf4 and Pol α-primase were imaged as part of the
study to establish that Ctf4 and Pol α-primase bind to the NTD side of CMG, placing Pol αprimase and Pol ε on opposite sides of CMG.
The structure of S. cerevisiae CMG bound to a forked DNA substrate was solved using cryo-EM
single-particle reconstruction (Georgescu et al. 2017). This work revealed that DNA traversed
5′–3′ through CMG threading first through the NTD ring and then the CTD ring. Since CMG
traverses 3′–5′ on DNA, their findings meant that the NTD lies ahead of the CTD during CMG
translocation (Fig. 1.3e). The observed orientation of CMG brought forth some very drastic
considerations to our picture of replisome progression in S. cerevisiae specifically and
eukaryotes in general. Models were previously based on structural information obtained from
D. melanogaster CMG and an archaeal MCM, suggesting a diametrically opposite CMG
orientation (Rothenberg et al. 2007; Costa et al. 2014). In combination with their earlier
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structural work on the CMGE complex, the authors of the study suggest a mechanism in which
the flexible N-terminal domain of the catalytic subunit of Pol ε (Pol2) is able to engage and
disengage with the 3′ terminus intermittently while the C-terminal domain of Pol2 remains
firmly bound to CMG on the CTD side through multiple interactions (Sun et al. 2015).
Additionally, with Pol α-primase being tethered to the NTD side of CMG, Pol α-primase would
find itself close to the point of unwinding with immediate access to the unwound lagging strand
for successive priming.
Currently, there is no evidence that either Pol δ or RFC have any associations with CMG.
Essentially, the three essential replicative polymerases do not co-purify with each other
(Gambus et al. 2006, 2009), suggesting that many of the major components of the S. cerevisiae
replisome, and the eukaryotic replisome at large, are only loosely associated, as opposed to
replisomes of bacterial systems.

1.10 Recruitment and suppression mechanisms at the fork
In recent years, biochemical experiments have shown that multiple recruitment and
suppression mechanisms enforce distinct strand assignments on all three DNA polymerases
(Chilkova et al. 2007; Georgescu et al. 2014, 2015; Schauer and O’Donnell 2017). These results
are consistent with a replication model where Pol ε and Pol δ synthesise the leading and lagging
strands respectively, with Pol α-primase priming their synthesis (Fig. 1.1).
Over two different studies, using purified factors and model forked dsDNA templates, in
minimal in vitro reconstitutions of leading- and lagging-strand replication reactions, Georgescu
et al. (2014, 2015) have uncovered important additional detail. They found that Pol ε was very
efficient in leading-strand extension and outcompeted both Pol α-primase and Pol δ. Pol δ on
the other hand was found to be distributive with CMG and inefficient in leading-strand
synthesis even in the absence of Pol ε. Lagging-strand extension by Pol ε was suppressed even
in the absence of Pol δ, and Pol δ prevailed over both Pol ε and Pol α-primase on the laggingstrand template. Pol α-primase was able to prime and fully extend both strands – the leading
strand continuously and the lagging strand through the generation of sizeable Okazaki
fragments. In the presence of Pol ε or Pol δ however, Pol α-primase was excluded from extending
either strand. Interestingly, in addition to taking over from Pol α-primase on the leading strand,
Pol ε was seen to suppress Pol α-primase extension on the lagging strand whilst being
suppressed on the lagging strand itself. Similarly, Pol δ suppressed leading-strand extension by
Pol α-primase, even though it was itself inefficient in leading-strand synthesis.
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The predominance of Pol ε in leading-strand synthesis to the exclusion of other polymerases is
very likely to be a consequence of Pol ε being able to form a very stable complex with CMG (Kd
= 12 nM) (Langston et al. 2014; Schauer and O’Donnell 2017). Pol δ, on the other hand has
undetectable affinity for CMG in vitro and does not copurify with CMG. The inhibition of Pol ε
in lagging-strand synthesis is attributed to competitive inhibition by RFC in gaining access to
the 3′ terminus for synthesis (Schauer and O’Donnell 2017). Studies have seen that primer
extension by Pol ε is inhibited in the presence of modestly high concentrations of RFC
(Georgescu et al. 2014; Schauer and O’Donnell 2017). The activity of Pol α-primase is also
similarly inhibited by RFC (Maga et al. 2000; Schauer and O’Donnell 2017). On the leadingstrand template however, this inhibition is likely overcome by the strong association between
Pol ε and CMG (Langston et al. 2014; Sun et al. 2015).
While Pol δ has undetectable affinity for primed sites, Pol δ stably binds to PCNA to overcome
inhibition by RFC, allowing Pol δ to efficiently function in lagging-strand synthesis (Chilkova et
al. 2007; Langston and O’Donnell 2008; Schauer and O’Donnell 2017). Pol ε, on the other
hand, has weak affinity for PCNA, more than 20 times lower than that of Pol δ for PCNA
(Schauer and O’Donnell 2017).
A collision-release mechanism has been suggested to explain the exclusion of Pol δ from
leading-strand synthesis. Based on their work that demonstrates that Pol δ ejects from PCNA
upon reaching the end of a template, Schauer and O’Donnell (2017) suggest a mechanism in
which Pol δ is ejected from the leading strand when Pol δ-PCNA collides with CMG, in the
absence of a stabilising interaction between Pol δ and CMG (Langston and O’Donnell 2008).

1.11 Bringing them together – assembly at replication forks
Helicase loading and subsequent helicase activation events lead to two CMG complexes with
their N-termini facing each other, each complex encircling one DNA strand at replication
origins (Fig. 1.3e). This platform facilitates the emergence of two separate replisomes, each built
around a single CMG complex, propagating replication forks in opposite directions. In line with
this model, CMG complexes are indeed found to be active in fork progression only as single
complexes, and not as a set of two (Gambus et al. 2006; Duzdevich et al. 2015).
Initiation of template unwinding by CMG is believed to be significantly mediated by Mcm10, a
factor that will be briefly discussed in the next section. Initial unwinding mechanisms also
involve the recruitment of RPA to origin DNA (Watase, Takisawa and Kanemaki 2012; Yeeles
et al. 2015). The exposure of sufficient ssDNA then allows Pol α-primase to generate primers.
The displacement of Pol α-primase by RFC and RFC-mediated loading of PCNA would enable
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Pol ε and Pol δ to take over; 3′-handover to Pol ε is possibly mediated by Pol δ, as previously
described. Coupled to ATP-driven 3′–5′ unwinding by CMG, leading-strand replication by Pol ε
proceeds continuously while lagging-strand synthesis involves iterative priming and primer
extension events by Pol α-primase and Pol δ, respectively (Fig. 1.1). It has been seen that the
recruitment of Pol ε precedes priming; Pol ε is shown to be recruited to origin DNA during
initiation of replication along with GINS (Muramatsu et al. 2010; Handa et al. 2012). The
recruitment of Pol α to the fork is possibly mediated through its interaction with Ctf4 (Gambus
et al. 2009; Simon et al. 2014). Mcm10 has also been implicated in recruiting Pol α to origins
(Ricke and Bielinsky 2004). As stated earlier, it is unclear whether Pol δ and/or RFC have
sustained interactions at the replication fork. However, Pol δ has been shown to interact with
the Pol1 subunit of Pol α through its non-essential Pol32 subunit (Johansson, Garg and
Burgers 2004).
Recent structural studies indicate that during unwinding an active CMG complex is oriented
such that the N-terminal tier is ahead of the C-terminal tier (Georgescu et al. 2017; Douglas et
al. 2018). However, during the G1 phase two Mcm2–7 hexamers are loaded at origins, head-tohead with their N-terminal tiers facing each other. This means that the two CMG helicase
complexes formed at an origin need to pass each other as they unwind DNA to propel replication
forks rather than just moving away from each other as previously thought. A study involving
live-cell tracking of replisomes in S. cerevisiae cells has suggested that the two replisomes
emerging from an origin remain closely associated with each other while they replicate their
portions of the genome (Kitamura, Blow and Tanaka 2006). However, in the absence of
sufficient evidence to bolster this idea, replisomes initiated from the same origin are largely
believed to remain independent of each other as they propagate forks in opposite directions.

1.12 Other proteins at the fork – the replication progression complex (RPC)
In addition to the protein factors that have been discussed thus far, several other factors
associate with the replisome to carry out diverse functions. A large complex of associated
proteins, known as the replication progression complex (RPC) has been isolated from S.
cerevisiae cell extracts using epitope tagging of GINS and Mcm2–7, followed by the
identification of interacting partners using mass spectrometric analysis (Gambus et al. 2006).
Investigations show that RPCs are assembled at origins during the initiation of chromosomal
replication, exist only during the S phase and are disassembled at the end of S phase. RPCs were
found to stably persist when DNA damage checkpoints were activated by stalled replication
forks during the S phase, even over prolonged periods of time (Gambus et al. 2006, 2009).
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These observations indicated that proteins of the RPC are maintained at replication forks for
the long haul rather than having mere transient associations with the replisome at the fork.
In addition to Mcm2–7, Cdc45 and GINS that form the CMG complex, several other factors were
isolated as part of the RPC. These include Mrc1 (mediator of replication checkpoint 1), Tof1
(topoisomerase interacting factor 1), Csm3 (chromosome segregation in meiosis 3), the histone
chaperone FACT (facilitates chromatin transcription), Top1 (DNA topoisomerase type I), Ctf4
and Mcm10 (Brill et al. 1987; Kim and Wang 1989; Belotserkovskaya et al. 2003; Katou et
al. 2003; Nedelcheva et al. 2005; Gambus et al. 2006; Hodgson, Calzada and Labib 2007).
Although none of the polymerases were isolated with the RPC, in low ionic conditions Pol αprimase has been isolated as part of the RPC through its interaction with Ctf4 (Gambus et
al. 2009).
Mrc1, Tof1 and Csm3 have all been identified as factors associated with replication checkpoint
mediation (Foss 2001; Tong et al. 2004). It has been demonstrated that Mrc1 is required for
the activation of checkpoint kinases in budding yeast, in response to replication stress that
causes fork stalling, under conditions of nucleotide depletion (Alcasabas et al. 2001). Both Tof1
and Mrc1 are implicated in preventing further fork progression under adverse conditions, as
well as for restarting synthesis upon stress relief (Katou et al. 2003; Tourrière et al. 2005).
However, Tof1 and Csm3 (to the exclusion of Mrc1) have been found to be important for the
replication fork to pause at several sites, some of which are programmed pause sites that forks
encounter over the course of normal chromosomal replication. Typically these are sites where
non-nucleosomal proteins bind DNA very tightly (Calzada et al. 2005; Tourrière et al. 2005;
Mohanty, Bairwa and Bastia

2006; Hodgson, Calzada and Labib

2007; Labib and

Hodgson 2007).
Several studies have demonstrated that Mrc1 is also important during normal fork progression
in a role that appears to be distinct from its role as a checkpoint mediator. Genetic analyses of
cells lacking Mrc1 show that in its absence, the rate of fork progression in S. cerevisiae is nearly
halved (Szyjka, Viggiani and Aparicio 2005; Tourrière et al. 2005; Hodgson, Calzada and
Labib 2007). Stimulation of fork progression rates by Mrc1 has also been witnessed in minimal
in vitro reconstitutions of fork progression (Yeeles et al. 2017). The underlying mechanisms are
not clear but notably, it has been shown that Mrc1 interacts with Pol ε, Cdc45 and Mcm2–7, all
three being factors that are crucial in determining the rate of fork progression (Katou et
al. 2003; Lou et al. 2008). Pol ε has also been implicated in checkpoint signalling (Navas, Zhou
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and Elledge 1995). Tof1 and Csm3 are believed to be required for tethering Mrc1 to the
replication fork (Bando et al. 2009; Yeeles et al. 2017).
Mcm10 has been implicated in replication initiation through stimulating origin unwinding,
prompting the release of origin-bound factors and recruiting Pol α to origins (Homesley et
al. 2000; Ricke and Bielinsky 2004; Kanke et al. 2012; van Deursen et al. 2012; Lõoke, Maloney
and Bell 2017). Studies have demonstrated that Mcm10 is necessary for the recruitment of RPA
to origin DNA, a finding that ties in with Mcm10 being involved in origin unwinding and Pol α
recruitment (Watase, Takisawa and Kanemaki 2012; Yeeles et al. 2015). Beyond its engagement
in activities at origins, it has been demonstrated that Mcm10 potentially plays a much larger
role of activating CMG throughout fork progression as well (Watase, Takisawa and
Kanemaki 2012; Langston et al. 2017; Lõoke, Maloney and Bell 2017). The exact nature of the
roles of Mrc1, Tof1, Csm1 or Mcm10 and the mechanisms that they employ to carry out these
roles are far from clear.

1.13 Lagging-strand mechanisms
In addition to its role in lagging-strand synthesis, where successive priming and extension
events by Pol α-primase and Pol δ would generate the lagging strand in the form of discrete and
discontinuous Okazaki fragments, a significant body of evidence implicates that Pol δ also plays
a key role in the maturation of these fragments. It has been demonstrated through both in vivo
and in vitro studies that in S. cerevisiae, Okazaki-fragment size is determined by the nucleosome
repeat length (~165 nt) (Smith and Whitehouse 2012; Devbhandari et al. 2017).
A complex multi-protein process of Okazaki-fragment maturation functions to efficiently
process the ~100,000 Okazaki fragments that are generated across the S. cerevisiae genome
during its cell cycle. A number of protein factors cooperatively get rid of initiator RNA segments
to establish ligatable nicks and to then ligate these nicks to produce a continuous lagging strand,
eventually leading to a fully replicated dsDNA molecule (Ayyagari et al. 2003; Jin et al. 2003;
Garg et al. 2004; Stith et al. 2008; Burgers 2009). The initiator DNA segment synthesised by
the error-prone Pol α-primase also needs to be removed/proofread and studies suggest that it
is Pol δ, and not Pol ε, that proofreads these segments (Kunkel and Bebenek 2000; Pavlov et
al. 2006; Kunkel et al. 2015).
Proteins implicated in Okazaki-fragment maturation in S. cerevisiae are PCNA, Rad27, Dna2,
Pif1 (petit integration frequency 1), RNase H2 (ribonuclease H2), Exo1 (exonuclease 1) and DNA
ligase I (Ayyagari et al. 2003; Jin et al. 2003; Burgers 2009). In its role as the lagging-strand
polymerase and in light of its strand-displacement and exonucleolytic activities, Pol δ is
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uniquely equipped to participate in the maturation of Okazaki fragments, in cooperation with
the other proteins.
Several models have been proposed for Okazaki-fragment maturation. Collectively, several
genetic studies that have analysed the effects of mutating the genes involved, show that
Okazaki-fragment maturation is carried out by a complex network of interweaving pathways.
Without delving into all the details, two distinct models will be discussed – one for processing
short 5′ flaps created through Pol δ-mediated strand-displacement synthesis during the process
of maturation and another for processing long 5′ flaps (Burgers 2009). The long-flap pathway
has mostly been revealed through mutational studies of the yeast system, while the short-flap
pathway is probably the prevalent mechanism in wild-type cells.
Limited strand-displacement synthesis by Pol δ is suitable for driving Okazaki-fragment
maturation through the short-flap pathway. Both in vivo and in vitro assays show that the 3′–5′
exonuclease activity of Pol δ is important for creating ligatable nicks through limiting its stranddisplacement activity, in a manner that cooperatively supplements the activity of the flap
endonuclease, Rad27 (Jin et al. 2001, 2003). Biochemical analyses involving in vitro
reconstitutions of lagging-strand mechanisms show that Pol δ cooperatively functions with
Rad27 and DNA ligase I in processes akin to Okazaki-fragment maturation (Ayyagari et
al. 2003; Stith et al. 2008). During primer-extension, when Pol δ encounters a primer-template
junction downstream, it synthesises 1–3 nt more through strand-displacement synthesis. This
creates a short, sometimes just mononucleotide-sized 5′ flap, which is then removed by Rad27
(flap structure specific endonuclease 1 (FEN1) in humans). Pol δ and Rad27 have been reported
to act iteratively through strand-displacement synthesis followed by flap removal until a DNADNA ligatable nick is reached (Rigby et al. 1977; Ayyagari et al. 2003). DNA ligase I cannot
ligate an RNA-DNA nick.
PCNA has been shown to have specific interactions with all three factors – Pol δ, FEN1 (the
human homologue of Rad27) and human DNA ligase I (Li et al. 1995; Mossi, Ferrari and
Hübscher 1998; Levin et al. 2000; Tom et al. 2001). Through its interactions, PCNA likely
plays a role in stabilising the Okazaki-fragment maturation complex to ensure processive
maturation. In vitro work has also demonstrated that if FEN1 is not present or optimally
functional, Pol δ can continually keep switching between its polymerase and its 3′–5′
exonuclease activities, thus dynamically switching the nick position to maintain a substrate
suitable for proper FEN1 engagement or DNA ligase I action. This process has been described as
idling (Garg et al. 2004). In contrast to Pol δ, Pol ε does not demonstrate idling and does not
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cooperate with FEN1. Studies on budding yeast cells lacking Rad27 have shown that Exo1 can
also remove the short 5′ flap (Tran et al. 2002).
Other work suggests that strand-displacement synthesis by Pol δ during Okazaki-fragment
maturation is limited to ~30 nt through modulation by the actions of Rad27/FEN1 and RPA.
This is based on common DNA binding preferences of the relevant proteins. In the presence of
RPA, strand displacement by Pol δ has been shown to be limited to 30 nt (Maga et al. 2001)
and RPA preferentially binds to 30-nt long ssDNA stretches (Blackwell and Borowiec 1994).
RPA binding to displaced ssDNA is believed to lead to a locked complex immediately upon
binding, preventing further strand displacement. Studies also show that Rad27/FEN1 is
maximally endonucleolytically effective on ssDNA flaps 20–40 nt in length (Negritto et
al. 2001). These findings correspond with the length of the RNA-DNA primers generated by Pol
α-primase (~30 nt). Additionally RFC has been seen to preferentially bind to the 3′-OH end of
a newly synthesised 30 nt primer, facilitating the switch from Pol α-primase to Pol δ (Mossi et
al. 2000). There are models that propose the involvement of Dna2 in addition to Rad27 and
propose concerted action by both enzymes leading to the cleavage of displaced flaps that are
~30 nt in size (Bae et al. 2001).
Extended strand-displacement synthesis by Pol δ directs Okazaki-fragment maturation to the
long-flap pathway. Long 5′ flaps (>30 nt) coated with RPA cannot be processed by FEN1, but
Dna2 is found to be active on long 5′ flaps. Dna2 is an essential enzyme with 5′–3′ DNA helicase,
5′–3′ ssDNA translocase, 5′–3′ exonuclease and 5′-flap endonuclease activities (Budd and
Campbell 1995; Budd, Choe and Campbell 2000; Fortini et al. 2011; Levikova, Pinto and
Cejka 2017). Processing by Dna2 however leaves behind a short 5′ flap, 2–6 nt in length, which
is then processed by Rad27 or Exo1 (Bae and Seo 2000; Kao et al. 2004; Stewart, Campbell and
Bambara 2006). Pif1 has been linked to extended strand-displacement synthesis by Pol δ,
leading to long 5′ flaps being generated (Rossi et al. 2008).

1.14 Zooming out – topography of chromosomal duplication
OriDB, a database of yeast replication origins collated from a number of genome-wide studies,
lists >600 confirmed or likely origins in S. cerevisiae (Siow et al. 2012). During a given cell cycle,
a subset of these origins is licensed; a subset of the licensed origins are then fired (Raghuraman
et al. 2001; Wyrick et al. 2001). Genome-wide analyses of DNA replication in budding yeast
have shown that replication is initiated bidirectionally from hundreds of origins that are spread
across the genome (Raghuraman et al. 2001). Origin firing has been revealed to be temporally
staggered such that different origins fire at different times all throughout the S phase. Most
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origins that are located close to each other have been observed to initiate synthesis within a
brief period of time (Rivin and Fangman 1980; Newlon 1988; Raghuraman et al. 2001).
Rates of fork progression in S. cerevisiae determined through tracking the synthesis of nascent
DNA using DNA microarrays, have been found to be highly variable across the different regions
of the genome, ranging from 8–180 bp/s with a mean rate of ~50 bp/s (Raghuraman et al. 2001;
Yabuki, Terashima and Kitada 2002). However, a different study that tracked the GINS
complex during chromosomal replication using chromatin immunoprecipitation with
microarray analysis, demonstrates that fork progression occurs far more uniformly at ~30 bp/s
(Sekedat et al. 2010). This rate is in close agreement with the observed rate of forks emerging
from a single budding yeast origin, arrived at through a technique of dense-isotope substitution
(Hodgson, Calzada and Labib 2007). An early fibre autoradiographic analysis of replicating
DNA isolated from budding yeast cells arrived at a similar inference of fork rates being uniform
throughout the S phase, with a rate of fork progression of ~60 bp/s (Rivin and Fangman 1980).
Replisomes emerge from origins to replicate distinct portions of the genome until they are
disassembled when they converge with replisomes from adjacent origins.

1.15 Single-molecule approaches to the study of DNA replication
Our understanding of eukaryotic DNA replication has steadily evolved over the last several
decades through multiple studies using different techniques and approaches. However, only
quite recently has it been possible for core replication mechanisms to be recreated in vitro using
purified protein factors and model DNA substrates. Such systems allow for individual factors to
be independently addressed and their interactions with other factors specifically probed,
facilities that are hard to realise in in vivo analyses. Biochemical studies on these systems have
provided us with valuable insights that have clarified several questions. Conventional
biochemical assays however are limited in their resolution. Information on intervening events
and variability of actions across a population is lost due to low temporal resolution and because
outputs are population averages. Single-molecule approaches on the other hand, are designed
to track individual factors in real time with high temporal resolution. In doing so, they give us
access to information on the dynamics of enzymatic association and dissociation events, the
kinetics of sub-processes and variable behaviours within a population.
Over the past few decades, the development of in vitro single-molecule techniques to directly
control and observe the behaviour of DNA-based biological systems has provided us with
previously unprecedented levels of resolution and understanding. Two types of single-molecule
techniques have been widely employed to study biological systems – DNA nano-manipulation
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techniques and fluorescence techniques. The former category of techniques includes methods
such as optical and magnetic tweezers to apply forces on individual DNA molecules and read
out enzymatic activities on these molecules using feedback control of such forces (Perkins et
al. 2004; Manosas et al. 2009). In recent times, such techniques have been expanded to
accommodate multiple single-molecule experiments involving several substrates in parallel,
greatly aiding us in being able to garner significant statistics on the mechanisms under study.
In 2003, a multiplexed flow-stretching assay reliant on the length differences between ss- and
dsDNA was implemented by van Oijen et al. (2003) to simultaneously capture the kinetics of
bacteriophage lambda exonucleases acting on hundreds of DNA substrates. Since then, this
assay has been successfully adapted for studies on DNA replication mechanisms in E. coli and
bacteriophage T7 (Lee et al. 2006; Tanner et al. 2008; Hamdan et al. 2009). In the work
described in this thesis, such an assay has been employed to characterise leading-strand
replication in S. cerevisiae through a minimal reconstitution of the proteins involved.
The emergence of single-molecule fluorescence techniques has been immensely beneficial in
the exploration of biological mechanisms. Single-molecule fluorescence techniques have been
implemented in a wide range of ways to gather several different types of information, including
compositions of protein assemblies, protein exchange dynamics and conformational states
attained by proteins while in action. A large subset of single-molecule fluorescence assays is
conceptually built around imaging fluorophores that are tagged to one or more components of
the system under study and following them through time and space. Fluorophores emit photons
at characteristic wavelengths when irradiated with light at specific excitation wavelengths.
In traditional epifluorescence microscopy the signal-to-noise ratio is limited because of a large
amount of background fluorescence arising from the entire sample being exposed to the
excitation light. With the diffraction limit imposing a lower limit on the smallest volume that
can be imaged, there is a concomitant upper limit to the concentration of fluorophores that is
compatible with single-molecule imaging. Several strategies have been employed to overcome
this concentration barrier imposed by traditional fluorescence microscopy techniques such as
epifluorescence microscopy. Several experimental approaches have tackled this problem by
confinement of labelled molecules (Boukobza, Sonnenfeld and Haran 2001), reduction of the
fluorescence excitation volume (Levene et al. 2003) or temporal separation of fluorescence
signals (Loveland et al. 2012). Total internal reflection fluorescence (TIRF) microscopy has
come to be a particularly prevalent technique through which fluorescent molecules are
visualised with high signal-to-noise ratio. By restricting laser illumination to a small volume,
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within ~100 nm from the surface on which illumination is incident, single molecules that are at
a distance larger than the diffraction limit, are able to be individually resolved using TIRF
microscopy (Funatsu et al. 1995; Reck-Peterson, Derr and Stuurman 2010). Studies on the DNA
replication machineries of prokaryotes and several viral systems have hugely benefitted from
the use of single-molecule fluorescence techniques. Several aspects of DNA replication in these
systems, such as elongation kinetics of entire replisomes and exchange dynamics of individual
proteins of the replisome have been brought to light using these techniques (Tanner et al. 2009,
2011; Yao et al. 2009; Loparo et al. 2011; Geertsema et al. 2014).
Single-molecule methodology has been applied extensively to study DNA replication in
prokaryotes to obtain a plethora of information. However, owing to the highly complex nature
of eukaryotic replisomes, both in their compositions and in the structures of individual proteins,
they are only now beginning to be teased out using single-molecule techniques. Recently,
single-molecule studies on origin licensing and origin firing have given us some vital insights
into the mechanisms involved in the recruitment of participating proteins leading to initiation
of replication (Duzdevich et al. 2015; Ticau et al. 2015).

1.16 The scope of this thesis
In the recent past, in vitro reconstitutions of replication mechanisms in S. cerevisiae have
identified the minimal quorum of proteins essential for leading- and lagging-strand synthesis,
as well as for achieving replication fork rates consistent with rates observed in in vivo analyses
(Georgescu et al. 2014, 2015; Langston et al. 2014; Yeeles et al. 2015, 2017; Devbhandari et
al. 2017; Kurat et al. 2017; Lõoke, Maloney and Bell 2017). Informed by these studies, we have
employed single-molecule techniques to observe and characterise different mechanisms of DNA
replication in S. cerevisiae. The overarching goal of the work described in this thesis is to be able
to observe the activities and dynamics of individual proteins or distinct sub-assemblies of
proteins involved in different replication pathways, in real time. The strategy has been to
recreate replication mechanisms using purified protein factors and model DNA replication
substrates, in a set up that enables us to witness and probe their activities.
The first approach was to establish concerted leading- and lagging-strand DNA replication on
surface-tethered rolling-circle DNA substrates, in a minimal system containing CMG, Pol αprimase, Pol ε, Pol δ, RFC/PCNA and RPA/E. coli SSB. TIRF microscopy was primarily used to
observe the dsDNA products of replication. Throughout this endeavour, several challenges were
identified, that presented barriers to achieving real-time observation of DNA replication on
surface-tethered rolling-circle DNA substrates. In Chapter 3, these details are covered, the
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strategies that were employed to address these complications are discussed and changes that
were made to experimental approaches are described. Chapter 3 also discusses how our insights
prompted the switch from using rolling-circle DNA substrates to linear dsDNA substrates
tethered to surfaces at both their ends.
In Chapter 4, an experimental system based on redesigned linear dsDNA substrates was used in
the study of the exchange dynamics of the three DNA polymerases during concerted leadingand lagging-strand synthesis. In addition to all the factors previously used, reconstitutions in
Chapter 4 also involved Mcm10, Ctf4 and the Mrc1-Tof1-Csm3 complex to achieve fork rates
that are in closer agreement with in vivo fork rates (Devbhandari et al. 2017; Lõoke, Maloney
and Bell 2017; Yeeles et al. 2017). It is demonstrated that all the polymerases are stably held at
the replisome during processive fork progression in the absence of free competing polymerases
in solution. But, when challenged with free polymerases, all three polymerases exchange with
their counterparts in solution in a concentration-dependent manner, without affecting the rate
of fork progression. In addition to the visualisation of replication products, labelled polymerases
were used to characterise exchange dynamics. Processive synthesis in the absence of exchange
implies that Pol α-primase and Pol δ are recycled successively for Okazaki-fragment synthesis
on the lagging strand. The retention of Pol δ at the fork for the long haul is intriguing in its
contradiction of current notions. It is also shown that the stable association of Pol δ at the fork
is at least in part, mediated by its Pol32 subunit. Our investigations reveal that polymerase
exchange dynamics at the fork can be modulated through altering their environmental
concentrations. This plasticity is proposed to be crucial in enabling the replisome to deal with
obstructions to sustained fork progression.
The catalytic activities of Pol δ that are relevant to its involvement in lagging-strand synthesis,
are the subject of Chapter 5. Primer-extension and strand-displacement synthesis by Pol δPCNA was visualised on rolling-circle DNA substrates through the evolution of labelled dsDNA
products. The influence of accessory proteins – RFC, PCNA and SSB proteins, on the catalytic
activities of Pol δ are also discussed. These investigations illustrate that Pol δ-PCNA is very
processive in both its primer-extension and strand-displacement synthesis activities, spanning
over tens of kb.
In Chapter 6, a different non-fluorescent technique is used to characterise the activity of the
leading-strand replicase, CMG-Pol ε. Leading-strand synthesis was reconstituted on flowstretched linear dsDNA templates attached to beads in a minimal system containing CMG, Pol
ε, RFC, PCNA and E. coli SSB. Bead displacements were tracked to retrieve single-molecule rates
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and processivities of leading-strand synthesis. The effects of DNA substrate quality on the
observables are discussed through recreating enzymatic synthesis on two different substrates.
Over the course of this work, several mechanisms involved in eukaryotic DNA replication have
been addressed, using protein factors of the S. cerevisiae system. This work also highlights the
many experimental challenges that came with establishing a system for the real-time singlemolecule observation of eukaryotic DNA replication.
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Chapter 2
General methods and materials
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2.1 Introductory overview
Two distinct in vitro single-molecule techniques have been used over the course of this work,
for the real-time visualisation of Saccharomyces cerevisiae DNA replication. The two techniques
are designed around different principles, vary in the nature of their readouts, and involve the
use of two different microscopy setups.
In the first technique that is discussed, wide-field optical microscopy was used to track sizeable
(µm-sized) beads attached to flow-stretched replicating DNA substrates, to visualise leadingstrand replication (Lee et al. 2006; Tanner et al. 2008). In the other technique which was
employed over a large part of this work, single-molecule fluorescence microscopy was used to
visualise fluorescently labelled components in reconstituted DNA replication systems (Tanner
et al. 2009, 2011; Yao et al. 2009; Geertsema et al. 2014) . In both techniques, reactions were
reconstituted on DNA substrates tethered to flow-channel surfaces. Over the next few sections,
the assembly of both setups and the methodology of conduction of single-molecule assays on
them has been detailed. The conduction of bulk-phase assays and the construction of the
different DNA substrates used over the course of this work have also been detailed.

2.2 Single-molecule flow-stretching assays on DNA-bead assemblies
2.2.1 Basic principles
In the absence of lagging-strand synthesis, at low forces (~3 pN), leading-strand replication on
a surface-tethered, flow-stretched, linear dsDNA substrate with a replication fork, manifests in
a concomitant shortening of the tether length of the substrate (Lee et al. 2006; Tanner et
al. 2008). Flow-stretching assays on DNA-bead assemblies are built around this basic premise.
To be able to track the shortening, a µm-sized bead is attached to the far-end (not the fork end)
of a DNA substrate; the substrate itself is attached to the surface at its fork end. Briefly, DNA
substrate-bead assemblies are attached to the glass surface of a flow channel and the beads are
tracked to report on the progress of leading-strand replication on the substrates. A combination
of wide-field optical microscopy at low magnification and fitting bead positions using 2D
Gaussian functions to achieve subpixel resolution makes it possible for a few thousand beads to
be simultaneously tracked without compromising on resolution (Thompson, Larson and
Webb 2002; Duderstadt et al. 2016). The principles that govern this technique are described
in more detail, in Chapter 6 (section 6.1.2).

2.2.2 Flow cell construction
Flow cells used for single-molecule assays were composed of three parts – a PDMS
(polydimethylsiloxane) block with flow channels on it, a chemically functionalised microscope
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glass slide and tubing for flowing solutions in and out (Geertsema, Duderstadt and van
Oijen 2015).

2.2.2.1 Construction of PDMS blocks
The base monomer and the curing agent were mixed thoroughly in a 10 (base):1 (curing agent)
ratio by weight (SYLGARD 184 silicone elastomer kit, Sigma-Aldrich). The mixture was
degassed under vacuum in a vacuum desiccator (Nalgene, Thermo Fisher Scientific) until clear
and poured into a master mould up to a depth of ~7 mm. The master mould had been fabricated
through soft lithography (Qi, Hoelzle and Rowat 2012) to have flow channel projections. The
mould was placed in vacuum for degassing again. After 2 h of degassing, it was placed in a
preheated hot air oven at 80oC for 3 h, for the PDMS to be cured. Once hardened, a surgical
scalpel was used to cut out the PDMS block from the mould. The resulting block consists of a 3
mm wide, 21 mm long, 100 µm deep channel (Fig. 2.1a). Each end of the channel bifurcates into
two channel extensions, each 10 mm in length. A biopsy punch with a plunger (1.0 mm, Miltex)
was used to punch holes near the far ends of all four channel extensions.

Figure 2.1 Flow cell for single-molecule flow-stretching assays on DNA-bead assemblies. a) PDMS
block with flow channel (width 3 mm, length 21 mm, height 0.1 mm). b) Assembled flow cell. The
PDMS block is placed on a PEG-passivated, streptavidin-coated glass slide. Tubing allows for inflow
and outflow of reaction solutions.

After every use, PDMS blocks were cleaned for reuse. For cleaning, PDMS blocks were sonicated
in 0.5% Triton X-100 (Sigma-Aldrich), 1 M sodium bicarbonate (NaHCO3, Sigma-Aldrich) and
70% ethanol (C2H5OH, 100%, Chem-Supply), successively for 10 min in each, with rinses in
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MilliQ water (water purified to reach a resistivity of 18.2 MΩ.cm using Milli-Q water purification
system (Merck)) after each sonication step.

2.2.2.2 Functionalisation of glass slides
Microscope glass slides (76 x 26 mm, 1 mm thickness, Marienfeld) were cleaned and
functionalised for passivation and to allow for the attachment of DNA substrates to their
surface. Glass slides were placed in a staining jar made of soda-lime glass (Glaswarenfabrik Karl
Hecht). The jar was filled with ethanol and sonicated in an ultrasonic bath (Fisherbrand
ultrasonic cleaning bath, Thermo Fisher Scientific) for 20 min. The slides were then rinsed in
MilliQ water. This step was followed by three 20-min sonication steps in 1 M potassium
hydroxide (KOH, >=85%, Chem-Supply), ethanol and 1 M KOH, successively, with rinses in
MilliQ water after each step. KOH etching also serves to maximise the density of silanol groups
on the glass surface (Belton, Deschaume and Perry 2012). The glass slides were then dried with
gaseous nitrogen (N2) and plasma cleaned for 20 min at 100% power (Zepto Plasma System,
Diener Electronic) (Cras et al. 1999).
In the meantime, in a separate staining jar, a 2% (v/v) solution of APTES ((3-aminopropyl)triethoxysilane, 98%, Alfa Aesar, Thermo Fisher Scientific) was prepared in acetone
(CH3COCH3, Chem-Supply). The glass slides were immersed in the silane solution right after
plasma cleaning and gently agitated for 2 min. Over this process of aminosilanisation, the alkoxy
group in the aminosilane gets coupled to the glass surface, leaving an exposed reactive amine
for the oncoming coupling step (Kim et al. 2009). The reaction was quenched with an excess
of MilliQ water (Zhu, Lerum and Chen 2012). The glass slides were rinsed well and dried by
baking them in a hot air oven at 110oC for 30 min.
An ~12% (w/v) PEG (polyethylene glycol) solution was prepared by mixing 120 mg of mPEGSVA (methoxy poly(ethylene glycol) succinimidyl valerate, MW 5000, Laysan Bio) and 6 mg of
biotin-PEG-SVA (biotin poly(ethylene glycol) succinimidyl valerate, MW 5000, Laysan Bio), in
1 ml of 0.1 M NaHCO3 (pH 8.3); mPEG-SVA and biotin-PEG-SVA are thus present in a 1:20 ratio.
The solution was centrifuged (Eppendorf microfuge) at 13,200 rpm for 1 min to remove bubbles.
This process results in a near-clear PEG solution with a small pellet at the bottom.
All the APTES-treated glass slides were laid out on a bed of clean pipette tips placed in a tip box,
half-filled with water. A 100 µl portion of the above prepared PEG solution was pipetted at the
centre of half the number of glass slides. Each of these slides was then covered with one other
APTES-functionalised slide, so that the functionalised surfaces of both slides face the PEG
solution, avoiding the formation of any air bubbles. The slide-PEG sandwiches were left
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undisturbed in the covered tip box overnight, to facilitate PEGylation of the glass slides. The
water in the box serves to maintain an atmosphere high in humidity. N-hydroxysuccinimide
(NHS)-functionalised poly(ethylene glycol) (PEG-NHS), in this case mPEG-SVA, is an amino (NH2) reactive PEG derivative that will react with the primary amines made available via the
process of aminosilanisation, at pH 7–8.5 to form stable amide (-CONH) bonds (Lim et
al. 2014). This step creates a passivation layer on the glass slide and helps to reduce the nonspecific interactions of DNA and replication proteins with the surface (Sofia, Premnath and
Merrill 1998). The deposition of biotin-PEG-SVA creates handles for the subsequent
immobilisation of DNA substrates for single-molecule assays (Roy, Hohng and Ha 2008).
After overnight incubation, the glass slides were separated, rinsed with MilliQ water, dried with
gaseous nitrogen, and placed in polypropylene staining jars (Coplin staining jars, United
Scientific Supplies). The jars were stored in a desiccator under vacuum, in a cool spot, for use
over the next 2–3 weeks.

2.2.2.3 Flow cell assembly
Before the start of an experiment, a functionalised glass-slide surface was coated with a 0.2
mg/ml solution of streptavidin (New England Biolabs) dissolved in blocking buffer (20 mM TrisHCl (tris(hydroxymethyl)aminomethane, Sigma-Aldrich) pH 7.5, 2 mM EDTA (ethylenediaminetetraacetic acid, Sigma-Aldrich), 50 mM sodium chloride (NaCl, Sigma-Aldrich), 0.4
mg/ml BSA (bovine serum albumin, Sigma-Aldrich), 0.005% (v/v) Tween-20 (Sigma-Aldrich)).
After 15 min of incubation, the surface was rinsed with MilliQ water and dried with gaseous
nitrogen.
A flow cell was assembled by placing a PDMS block on a streptavidin-coated slide (Fig. 2.1b).
This assembly was then placed on a custom-designed sample holder constructed to fit into the
microscope stage for sample observation. The assembly is firmly clamped down on the sample
holder using a top plate and screws. Polyethylene tubes (PE-60: 0.76 mm inner diameter, 1.22
mm outer diameter, Walker Scientific) were then inserted into all four holes punched into the
channel extensions. Both tubes on one end function as inlet tubes and the two tubes on the
other end function as outlet tubes.

2.2.3 Functionalisation of beads
Polystyrene paramagnetic beads were functionalised with a Fab fragment (antigen-binding
fragment) with digoxigenin specificity. This modification allows the beads to be attached to
surface-tethered DNA molecules via a digoxigenin-anti-digoxigenin interaction (Tanner and
van Oijen 2009).
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The protocol was adapted from the manufacturer’s recommendation for the functionalisation
of tosyl (-CH₃C₆H₄SO₂) activated beads (Dynabeads M-280 Tosylactivated, 2.8 µm dia,
Invitrogen). An aliquot (0.4 ml) from the bead stock solution was transferred to an Eppendorf
tube. A magnetic separator (Dynabeads MPC-S, Magnetic Particle Concentrator, Applied
Biosystems) was used to separate the beads from the supernatant. The supernatant was
removed, and the beads were resuspended with gentle mixing in 1 ml of Buffer A (0.1 M boric
acid (H3BO3, Chem-Supply), pH 9.5). This step activates the tosyl groups for antibody coupling.
The buffer was removed again using the magnetic separator.
The antibody solution was prepared by adding 0.24 mg of anti-digoxigenin Fab fragment
(Roche) to 0.4 ml of Buffer A. This solution was added to the beads, the mixture resuspended
and left to incubate for 20 h at 37oC in a rotating mixer (Eppendorf), for antibody coupling.
After incubation, the beads were pulled down using the magnetic separator and the supernatant
was discarded. The beads were resuspended in 1 ml of Buffer B (0.1 M phosphate-buffered saline
(PBS; 137 mM NaCl, 2.7 mM potassium chloride (KCl, Sigma-Aldrich), 10 mM sodium hydrogen
phosphate (Na2HPO4, Sigma-Aldrich), 2 mM potassium dihydrogen phosphate (KH2PO4,
Sigma-Aldrich), pH 7.4), 0.1% (w/v) BSA; storage buffer) and incubated at 4oC for 5 min to wash
off uncoupled Fab fragments. The wash step was repeated twice.
The beads were again pulled down using the magnetic separator, the supernatant was discarded,
and the beads were resuspended in 1 ml of Buffer C (0.2 M Tris-HCl, pH 8.5, 0.1% (w/v) BSA).
The beads were allowed to incubate in this buffer for 4 h at 37oC to block the remaining free
tosyl groups. This buffer was then exchanged with 1 ml of Buffer B (storage buffer) through a
pull down followed by incubation at 4oC for 5 min. Buffer B was exchanged once more for
washing. The beads were resuspended in 1 ml of buffer B finally, aliquoted and stored at 4oC for
use. This protocol gives us 1 ml containing 1–2 x 109 beads. The beads remained stable and were
able to be used over a period of 1.5 years.

2.2.4 Observation of leading-strand replication through microscopy of tetheredbead motion
The setup for the observation of DNA replication using flow-stretching assays on DNA-bead
assemblies consists of several ancillary units built around an inverted microscope with a
moveable stage (Lee et al. 2006; Tanner et al. 2008) (Fig. 2.2).
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Figure 2.2 Setup for single-molecule flow-stretching assays on DNA-bead assemblies.

An assembled flow cell was flushed with an inert gas (CO2) and blocked in blocking buffer by
drawing the buffer in at 15 µl/min for 20 min. The flow cell was then secured on the microscope
stage and both its outlets were connected to a syringe pump (NE-1000, New Era Pump Systems)
via an air spring. The presence of the air spring dampens out any flow irregularities caused by
the syringe-pump motor. The inlet tubes were switched between different buffers and reaction
mixtures during the course of the experiment. When one inlet was in use the other was blocked
by firmly pinching it with a bulldog clip.
DNA substrates were attached to the surface by drawing in an appropriate dilution of the DNA
substrate stock (<50 pM) in replication buffer (25 mM Tris-HCl pH 7.6, 10 mM magnesium
acetate (Mg(CH3COO)2, Sigma-Aldrich), 50 mM potassium glutamate (C5H8KNO4, SigmaAldrich), 0.1 mM EDTA, 40 µg/ml BSA, 0.0025% (v/v) Tween-20), at a rate of 15 µl/min for ~15
min. DNA substrates used in these assays are dsDNA molecules with a biotinylated replication
fork at one end for surface tethering and replisome assembly, and a digoxigenin modification at
the other end for the attachment of an anti-digoxigenin-coated paramagnetic bead.
Construction of DNA substrates is covered in section 2.5. The flow channel was then washed
extensively for 8 min at 60 µl/min with replication buffer to remove substrates unattached to
the surface. Beads were attached to the substrates by drawing in a 1:500 dilution of the
functionalised bead stock (section 2.2.3) in blocking buffer at a rate of 80 µl/min for ~5 min.
The flow cell was then washed extensively with replication buffer at 60 µl/min to remove
untethered beads and beads non-specifically stuck to the surface. Gently lifting the air spring at
this stage allows us to observe that the DNA-tethered beads shift in accordance with the flow
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direction. Typically, one of the inlet tubes was used for flowing in reaction solutions/DNA
substrates and during wash steps, while the other was used for flowing beads in. Switching inlet
tubes after flowing beads through, reduced the duration for which the wash step was required
to be carried out to get rid of free beads, on account of beads remaining non-specifically lodged
in the tubing used for their inflow.
In most assays, replication proteins were introduced in two steps. In the first step the helicase
and other components required for helicase loading were flowed in. This step was followed by
flowing in all the other proteins and components required for elongation. All replication
reaction mixtures were made in replication buffer and contained 5 mM DTT (1,4-dithiothreitol,
Sigma-Aldrich). The concentrations of reaction components used in the different assays are
mentioned in the relevant sections. The flow of replication reaction mixtures was maintained
at 15 µl/min. The flow rate used, corresponds to a drag force of 2.4 pN on beads tethered with
forked λ-DNA substrates (section 2.5.1) (calibration discussed in Chapter 6, section 6.1.2).
Helicase loading was allowed to occur over 10 min under continuous flow before switching to
the elongation reaction mixture and starting to image. The elongation phase was recorded for a
period of time, specified alongside assay specific details in relevant sections. A rare-earth ring
magnet remained positioned over the flow cell during the experiment, to exert ~1 pN of upward
force on the beads, thus preventing them from non-specifically sticking to the flow-channel
surface.
A high intensity fibre illuminator (OSL1, Thor labs) was positioned above the microscope stage.
Dark-field illumination was employed to image the illumination light scattered by the beads. A
7x objective lens (Lensagon TL12K-70-15, NA 0.23, Sedeco Imaging) mounted on a CCD (chargecoupled device) camera (Prosilica GX 6600, Allied Vision) (Michalet et al. 2007) interfaced
with StreamPix high speed digital video recording software (StreamPix 6, Norpix) was used to
image the beads at 4 fps (frames per second). Thousands of beads were simultaneously imaged,
and their displacements recorded across a series of frames.
All buffers were degassed for 60 min before use. All replication reaction mixtures containing
proteins were mixed and carried in low-binding tubes (Protein LoBind Tubes, Eppendorf).

2.2.5 Data Processing
Custom codes written in Python were used to find the beads, track them, link them into
individual trajectories and to filter out unreasonable trajectories. Trackpy (Allan et al. 2017), a
Python package for particle tracking was employed to find and track beads through all the
recorded frames. Bead positions were fit for every bead across all the recorded frames using 2D
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Gaussian functions, amounting to subpixel resolution (Thompson, Larson and Webb 2002).
Beads in close proximity to one or more of the other beads and beads that exhibited a high
fitting error, were filtered out. For every bead, the coordinates found in each frame were then
linked to form bead trajectories.
To correct for drift that might occur due to flow fluctuations, all the trajectories that persisted
until the end of imaging were zero-centred. The median x and y positions were obtained at every
time-point, to create a drift trajectory through boxcar averaging. The drift trajectory was
subtracted from all trajectories. All the trajectories were then individually examined, to filter
out trajectories that exhibited unusual transverse behaviour – extremely high transverse noise
(variance > 0.1 µm2) or very low transverse noise that indicates that the bead is stuck to the
surface. Trajectories that did not have clear start and end points or did not display bead
movement in the direction opposite to the direction of buffer flow, were also filtered out.
Trajectories that persisted over <1200 frames were filtered out. In all the trajectories, bead
movement in x (direction of flow) was converted from pixels to µm (1.6 µm per pixel, under our
assay conditions), then to the number of nucleotides synthesised (varies with assay conditions,
discussed in relevant sections).
The kinetic change-point algorithm (Duderstadt et al.

2016; Hill, van Oijen and

Duderstadt 2018), packaged as a custom ImageJ plugin (Fiji 1.51w, ImageJ distribution)
(Schindelin et al. 2012) was used to isolate regions of enzymatic activity from the trajectories.
The algorithm recursively fits line pairs to smaller subregions within a trajectory. The most
likely positions for a change in motion (start, stop or direction change) are used to define each
segment. Every such segment is then used to define the boundaries for the next fitting cycle.
Replication rates were obtained from the slopes of single-line fits obtained through the changepoint algorithm. Product lengths were obtained from calculating the total length of DNA
synthesised in each trajectory. All distributions were generated and fit using Matlab (MATLAB
2014b, MathWorks). All other statistical graphical content was also generated using Matlab.
The kinetic change-point algorithm (Duderstadt et al. 2016) and the fundamental core of the
tracking algorithm were developed and coded by Prof. Karl E. Duderstadt (MPI Biochemistry,
Martinsried,

Germany).

Source

code

used

is

available

in

GitHub

under

https://github.com/flynn949/beadpy.
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2.3 Single-molecule fluorescence microscopy assays
2.3.1 Basic principles
For the direct, diffraction limited visualisation of DNA and/or proteins during DNA replication
reactions reconstituted on surface-tethered DNA substrates, we used total internal reflection
fluorescence microscopy (TIRFM) (Axelrod, Burghardt and Thompson 1984; Reck-Peterson,
Derr and Stuurman 2010). Reaction components labelled with fluorophores are exposed to
laser beams with wavelengths corresponding to the excitation wavelengths of the fluorophores
in use. The fluorescence emitted by the fluorophores is collected to report on localisations,
spatial organisation, and temporal dynamics of the components under observation.
In TIRFM (objective-type), the microscope objective is made to focus the excitation laser light
on the bottom glass surface of the flow channel, at an angle larger than a characteristic critical
angle (Stout and Axelrod 1989). In doing so, the laser light is totally reflected back at the
interface between glass (rather oil, because an oil-immersion objective lens is used) and water
(the aqueous reaction solution), in a phenomenon called total internal reflection (TIR). The
critical angle is determined by the difference in the refractive indices of the two media forming
the interface; glass and oil have very similar refractive indices, whereas water has a much lower
refractive index (Wolf and Krotzsch 1995). As a side-effect of TIR, an evanescent wave
propagates upwards through the channel, exponentially decaying over a few 100 nm
(Axelrod 2013). Hence laser illumination is restricted to only a tiny volume. Fluorophores close
to the surface over an area of 50–80 µm2 (determined by the size of the laser beam) are thus
excited. By limiting laser excitation to a very small volume, fluorescence from all other
fluorophores present across the channel is blocked out, to enable single-molecule imaging with
a high signal-to-noise ratio.

2.3.2 Flow cell construction
Like flow cells used for single-molecule flow-stretching assays on DNA-bead assemblies, flow
cells used for single-molecule fluorescence microscopy were composed of three component
parts – a PDMS block with flow channels on it, a functionalised glass coverslip and tubing for
flowing solutions in and out (Geertsema, Duderstadt and van Oijen 2015).

2.3.2.1 Construction of PDMS blocks
PDMS blocks were made as described in section 2.2.2.1. An aluminium master mould was used
for making these PDMS blocks. The design of the master mould was such that the resulting
PDMS block consisted of three channels without any bifurcations, running parallel to each other
(Fig. 2.3a). Each channel is 1 mm wide, 18 mm long and 100 µm deep. Every channel had one
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hole punched at each of its two ends, for the insertion of inlet and outlet tubing. Each channel
could potentially to be used for a different experiment.

2.3.2.2 Functionalisation of coverslips
Microscope glass coverslips (Marienfeld, cover glasses, 24 x 24 mm, thickness No. 1 (0.13 to 0.16
mm)) were cleaned and functionalised for passivation and to allow for the attachment of DNA
substrates to their surfaces. The process was the same as that used for functionalising glass slides
(section 2.2.2.2).

2.3.2.3 Flow cell assembly
Before the start of an experiment, a functionalised coverslip was streptavidin-coated, a flow cell
was assembled (Fig. 2.3b) and secured on a custom-built sample holder as described previously
in section 2.2.2.3. Two polyethylene tubing segments were inserted into each hole at the two
ends of a channel, to serve as inlet and outlet tubes.

Figure 2.3 Flow cell for single-molecule fluorescence microscopy assays. a) PDMS block with three
flow channels (width 1 mm, length 18 mm, height 0.1 mm). b) Assembled flow cell. The PDMS block is
placed on a PEG-passivated, streptavidin-coated glass coverslip. Tubing allows for inflow and outflow
of reaction solutions.

2.3.3 Fluorescence microscopy of DNA replication
In single-molecule fluorescence microscopy assays, imaging was carried out on an objectivetype TIRFM setup, built around an inverted microscope (Eclipse Ti-E, Nikon Instruments),
equipped with a 100x oil-immersion TIRF objective (CFI Apochromat TIRF 100XC Oil, NA 1.49,
Nikon Instruments) and a moveable stage (Fig. 2.4).
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Figure 2.4 Setup for single-molecule fluorescence microscopy assays. EX excitation filter, EM
emission filter, DM dichroic mirror.

The sample holder containing the flow cell was placed in a stage-top chamber (Okolab) installed
on the microscope stage, to maintain the temperature at 30oC during assays. An objective heater
(Okolab) was also used for the same purpose. The outlet tube of the flow channel in use was
connected to a syringe pump (NE-1000, New Era Pump Systems) via an air spring. The inlet
tube was used for flowing in reaction solutions.
For the visualisation of dsDNA stained with SYTOX orange (SYTOX orange nucleic acid stain,
5 mM stock solution, Invitrogen, Thermo Fisher Scientific), a 568 nm laser (Sapphire 568 LP,
200 mW, Coherent) was used as the excitation source. The resulting fluorescence was collected
back through the objective and recorded on an emCCD (electron-multiplying charge-coupled
device) camera (0.1576 µm/px, under the imaging conditions used) (Evolve 512 Delta, Teledyne
Photometrics) (Michalet et al. 2007). The filter wheel of the microscope was equipped with a
fluorescence filter cube (Thor Labs) fitted with a filter set with an excitation filter, an emission
filter, and a dichroic mirror (Thor Labs), appropriate for SYTOX orange excitation and emission
(excitation/absorption maximum, 547 nm; emission maximum, 570 nm). For the visualisation
of labelled proteins, the corresponding laser excitation sources and filter cube assemblies were
used, as detailed in the relevant sections.
NIS-elements microscope imaging software (Nikon Metrology NV) was used as the graphical
user interface to control the various hardware components of the setup and for manual/
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automated image acquisition. When needed, for intermittent periodic illumination, the
operation of lasers and optical shutters (Thor Labs) for lasers, was automated using the software.
Syringe pump operation was automated via its own programmable pump software where
required. In some of the assays, a sCMOS (scientific complementary metal-oxidesemiconductor) camera (0.066 µm/px under the imaging conditions used) (Zyla 4.2 sCMOS,
Andor, Oxford Instruments) was used in conjunction with the same set up.
Selected assays were conducted on a second, similar TIRFM set up built around a second
inverted microscope, an Olympus IX71S1F-3 (Olympus), equipped with an Olympus UApo N
100X TIRF oil-immersion objective. A heating insert (Pecon heating insert, Meyer Instruments)
connected to a temperature regulator (Pecon Tempcontrol 37-2 Digital, Meyer Instruments)
was used for regulating the temperature of the flow cell. Excitation of SYTOX orange was
achieved through a 532 nm laser (Sapphire 532 LP, 200 mW, Coherent) and emission was
recorded on an emCCD camera (0.1567 µm/px under the imaging conditions used) (ImageEM,
Hamamatsu). Laser illumination was subjected to shutter control using a Lambda 10-B optical
filter changer (Sutter Instrument). Micro manager (Edelstein et al. 2010), an open-source
microscopy software was used for manual/automated image acquisition and for controlling
hardware components.
Unless specified otherwise, single-molecule fluorescence assays were carried out in the
following manner. Upon mounting a flow cell on the microscope stage, the flow channel was
blocked in blocking buffer (20 mM Tris-HCl pH 7.5, 2 mM EDTA, 50 mM NaCl, 0.4 mg/ml BSA,
0.005% (v/v) Tween-20) to prevent non-specific interactions between the reaction components
and the surface, by drawing the buffer in at 10 µl/min for 30 min. The desired biotinylated DNA
substrate was then attached to the surface by flowing in an appropriate dilution of the substrate
in replication buffer (25 mM Tris-HCl pH 7.6, 10 mM Mg(CH3COO)2, 50 mM C5H8KNO4, 0.1
mM EDTA, 40 µg/ml BSA, 0.0025 (v/v) Tween-20), containing usually 75 nM SYTOX orange
(50 nM in selected assays), at specified flow rates. For the attachment of doubly-tethered linear
substrates (sections 2.5.2, 2.5.4), the substrate was diluted in replication buffer containing 200
µM chloroquine (chloroquine diphosphate salt, C8H26CIN3.2H3PO4, Sigma-Aldrich) for
increased stretching of the DNA substrate molecules prior to proper two-way tethering
(Yardimci et al. 2010). This mixture was then flowed in at 100 µl/min for 3 min followed by
switching the flow rate to 20 µl/min for 5 min, or as specified. Once the desired density of DNA
substrates was obtained on the surface, unattached DNA molecules were washed off with buffer
flow. Proteins and other reaction components were then drawn in and a single field or multiple
fields of substrates were imaged either continuously or intermittently.
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The concentrations of reaction components used in the different assays and other assay
conditions are mentioned in the relevant sections. All replication reaction mixtures were made
in replication buffer and contained 5 mM DTT. All replication reaction mixtures containing
proteins were mixed and stored in low-binding Eppendorf tubes. All replication reaction
mixtures were drawn in at 10 µl/min, unless specified otherwise. All replication reactions were
carried out at 30oC. All buffers were degassed for 60 min before use.

2.3.4 Data analysis
DNA substrate molecules that exhibited replication were identified by eye and analysed
primarily through generating kymographs. The length of surface-tethered linear doublestranded bacteriophage lambda DNA (48,502 bp) was measured to be 3978 bp/µm under our
assay conditions, and this calibration was used for the measurement of all dsDNA lengths. Tools
packaged into Fiji 1.51w (distribution of ImageJ) as well as plugins built in-house were used for
image analysis. When specified, the Linear-motion LAP tracker in TrackMate v3.6.0 (Tinevez et
al. 2017) was used to track fluorescence. Matlab (2014b) was used to generate graphical data
visualisation content. Custom plugins used are present in the single molecule biophysics
repository in GitHub, at https://github.com/SingleMolecule.

2.4 Bulk-phase replication assays
For bulk-phase replication assays, proteins and other reaction components were mixed with 1.5
nM (or as specified) of the DNA replication substrate. Reactions were carried out in replication
buffer supplemented with 5 mM DTT (or as specified). Concentrations of reaction components,
incubation durations and all other assay conditions are mentioned in the relevant sections. All
bulk-phase replication assays were conducted in low-binding Eppendorf tubes placed in a heat
block (digital dry bath, Thermo Fisher Scientific), at 30oC.

2.4.1 Agarose gel electrophoresis of DNA replication products
At the desired time point, replication reactions were stopped by adding EDTA and SDS (sodium
dodecyl sulphate, Sigma Aldrich) to concentrations of 100 mM and 1% respectively. Products
were observed using agarose gel electrophoresis through SYBR gold staining. A Mini-Sub Cell
GT agarose gel electrophoresis system (Bio-Rad) was used; 1% (w/v) of agarose gel in 2X TAE
buffer (40 mM Tris, 1 mM EDTA, 20 mM acetic acid (CH3COOH, Chem-Supply)) was cast.
Replication end products were loaded with 6X DNA gel loading dye (10 mM Tris-HCl pH 7.6,
0.03% bromophenol blue, 0.03% xylene cyanol FF, 60% glycerol, 60 mM EDTA; Thermo Fisher
Scientific). A 100–10,000-base pair (bp) DNA ladder (GeneRuler DNA ladder mix, SM0333,
Thermo Scientific) was used for comparison to the products. 2X TAE buffer was used as running
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buffer. The electrophoretic assembly was used with a PowerPac basic power supply (Bio-Rad,
Australia) and electrophoresis was carried out at 60 V for 150 min, or until bands were clearly
resolved. DNA bands were stained by treating the gel in 1X SYBR gold (SYBR gold nucleic acid
gel stain, 10,000X concentrate, Thermo Fisher Scientific) for at least 1.5 h through gentle
shaking on a benchtop orbital shaker. The resulting DNA bands were visualised under 302 nm
UV light using the UV transilluminator of a GelDoc XR+ Gel Documentation System (Bio-Rad)
interfaced with Quantity One 1-D analysis software (v 4.6.9, Bio-Rad).
Products obtained from selected bulk replication assays conducted with biotinylated DNA
substrates were microscopically visualised by flowing the products into a flow channel to
observe dsDNA products in the presence of SYTOX orange. For visualisation in flow cells, bulk
replication reactions were stopped by quenching with 50 mM EDTA and 1.5 M NaCl.

2.5 Construction of DNA replication templates
All the annealing temperatures used in the construction of DNA replication templates were
obtained through DNA melting temperature calculations done using OligoCalc oligonucleotide
properties calculator (Kibbe 2007).

2.5.1 Forked λ-DNA substrate
To construct a DNA replication template for flow-stretching assays on DNA-bead assemblies
(section 2.2), bacteriophage lambda DNA (48,502 bp) was modified through attaching two
DNA constructs – a replication fork with a biotinylated arm at one end for surface tethering and
replisome assembly, and a digoxigenin-modified oligonucleotide at the other end for the
attachment of an anti-digoxigenin-coated paramagnetic bead (Fig. 2.5).
To avoid confusion between the usages of ‘λ’ and ‘lambda’, I point out that I have used ‘lambda
DNA’ to refer to bacteriophage lambda DNA in general, but ‘λ’ is used when used as part of a
name given to a DNA substrate or oligonucleotide (e.g. forked λ-DNA substrate, λ
complementary fork arm). ‘Template’ and ‘substrate’ are used interchangeably.
The following oligonucleotides were used in substrate construction:
oligo 1 – biotinylated fork arm (91-mer, HPLC purified)
5′-biotin-(T)60CACACTCTCCAATTCTCACTTCCTACCACAT-3′
oligo 2 – λ complementary fork arm (168-mer, 5′-phosphorylated, PAGE purified)
5′-GGGCGGCGACCTATGTGGTAGGAAGTGAGAATTGGAGAGTGTGTTTTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTTTTTTTTTGAGGAAAGAATGTTGGTGAGGGTTGGGAAGTGGAAGGATG
GGCTCGAGAGG(T)34-3′
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oligo 3 – fork primer (37-mer, HPLC purified)
5′-CCTCTCGAGCCCATCCTTCCACTTCCCAACCCTCACC-3′
oligo 4 – digoxigenin bead arm (24-mer, 5′-phosphorylated, HPLC purified)
5′-AGGTCGCCGCCCAAAAAAAAAAAA-digoxigenin-3′

Figure 2.5 Schematic diagram of the forked λ-DNA substrate.

2.5.1.1 Construction of the replication fork
To construct the replication fork with an annealed primer, oligos 1, 2, and 3 were mixed in a
1:1.1:10 ratio in annealing buffer (10 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic
acid) buffer (C8H18N2O4S, Sigma-Aldrich) pH 7.5, 5 mM Mg(CH3COO)2, 50 mM NaCl, 0.5 mM
EDTA) in a final reaction volume of 50 µl. The reaction mixture was heated to 95 oC on a heat
block for 5 min and then allowed to cool to room temperature (RT) gradually. This gives us a
fork solution with a concentration of 10 µM.

2.5.1.2 Attachment of the fork to the template core
The fork was then annealed and ligated to lambda DNA. Lambda DNA was obtained in its
phosphorylated form (500 µg/ml, 14 nM, New England Biolabs). Lambda DNA (14 nM, 56 µl)
and 0.32 µl of the fork (10 µM) were mixed with 1X ligase/kinase buffer (50 mM Tris-HCl pH
7.5, 10 mM DTT, 10 mM magnesium chloride (MgCl2, Sigma-Aldrich), 1 mM ATP (adenosine5′-triphosphate, Jena Bioscience)) in a final reaction volume of 510 µl. This provides a 10X excess
of forks to lambda DNA to ensure that all lambda DNA molecules anneal to a fork through the
hybridisation of the 12 bp 5′-overhang at a lambda cos end and 12 bp at the 5′ end of oligo 2 (λ
complementary fork arm). The reaction mixture was heated to 60oC on a heat block for 5 min
and then allowed to cool to RT gradually. For ligation of the resulting nicks, 800 U of T4 DNA
ligase (400,000 U/ml, New England Biolabs) was added to the reaction mixture, which was
then allowed to incubate at 16oC overnight. Lambda DNA with the ligated fork is at a
concentration of ~1.4 nM at this stage.

2.5.1.3 Attachment of the digoxigenin arm to the template core
Digoxigenin bead arm (oligo 4) was added to the above mix at 4X excess with respect to lambda
DNA. Annealing was achieved through incubation at 45oC for 30 min and then gradual cooling
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to RT. T4 DNA ligase (800 U) was added and incubation was carried out overnight at 16 oC, for
ligation.
This procedure yields ~515 µl of the forked λ-DNA substrate at a concentration of ~1.4 nM. This
solution was aliquoted and stored at 4oC for immediate use and at –80oC for long-term storage.

2.5.2 Forked doubly-tethered λ-DNA substrate
To construct this DNA replication template for use in fluorescence assays, lambda DNA was
modified through attaching two DNA constructs – a replication fork with a biotinylated arm at
one end for replisome assembly and surface tethering, and a biotin modified oligonucleotide at
the other end for another surface tether at this end (Fig. 2.6).
This substrate was constructed in the same manner as the forked λ-DNA substrate (section
2.5.1), except that the biotin arm oligonucleotide (oligo 5) was used instead of the digoxigenin
bead arm oligonucleotide (oligo 4) in section 2.5.1.3.
oligo 5 – biotin arm (24-mer, 5′-phosphorylated, HPLC purified)
5′-AGGTCGCCGCCCAAAAAAAAAAAA-biotin-3′

Figure 2.6 Schematic diagram of the forked doubly-tethered λ-DNA substrate.

2.5.3 Forked 20-kb substrate
This template is similar in design to the forked λ-DNA substrate (section 2.5.1), except that
instead of lambda DNA, a ~20 kilobase pair (kbp) fragment derived from lambda DNA was used
in its construction.
To make this substrate, lambda DNA was subjected to a repair process through which all the
nicks in it would be sealed. After that, a ~20 kbp (19,998 bp) stretch of lambda DNA was
amplified using the polymerase chain reaction (PCR). This fragment served as the core of the
template to which the fork oligos and the digoxigenin oligo are attached (Fig. 2.7). Creating a
template in this manner ensures that it is free of nicks. Further, a shorter template would
experimentally exhibit a lower amount of Brownian noise, thus improving the base-pair
resolution in flow-stretching assays on DNA-bead assemblies.
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The PreCR Repair Mix (New England Biolabs) was used to repair lambda DNA. Based on the
manufacturer’s recommendation, 1X ThermoPol Buffer (20 mM Tris-HCl pH 8.8, 10 mM
ammonium sulphate ((NH4)2SO4), 10 mM KCl, 2 mM magnesium sulphate (MgSO4), 0.1%
Triton X-100), 100 µM of each dNTP (dATP, dCTP, dGTP, dTTP) (deoxyribonucleoside
triphosphates, Jena Bioscience), 0.5 mM NAD+ (nicotinamide adenine dinucleotide, New
England Biolabs), 100 ng of lambda DNA and MilliQ water were combined to a volume of 49 µl.
Then, 1 µl of the PreCR repair mix was added. The mixture was gently mixed, and incubated at
37oC for 20 min.

2.5.3.1 Polymerase chain reaction
For the PCR reaction, the forward primer that that was used had an NheI site. This leads to an
overhang for fork attachment, upon subsequent digestion with NheI. The reverse primer had a
5′-digoxigenin modification for bead attachment.
oligo 6 – forward primer (31-mer, HPLC purified)
5′-TTTTTTGCTAGCCGCATTTTATGCGTTTTCA-3′ (NheI site in bold)
oligo 7 – reverse primer (24-mer, HPLC purified)
5′-digoxigenin-TTTTGGTTTCCCCTTGATTGTCCA-3′
Ten ng of the repaired lambda DNA (5 µl of the PreCR-healed lambda DNA mixture from
above), 400 nM forward primer (oligo 6), 400 nM reverse primer (oligo 7), 750 µM dNTPs and
4 µl (10 units) of LongAmp Taq DNA polymerase (2500 units/ml, New England Biolabs) were
mixed in 1X LongAmp Taq Reaction buffer (60 mM Tris-SO4, 20 mM (NH4)2SO4, 2 mM MgSO4,
3% glycerol, 0.06% IGEPAL CA-630, 0.05% Tween-20, pH 9.1), in a final reaction volume of 100
µl. This volume was split into two 50 µl reaction vials for PCR. PCR was carried out in a S1000
Thermal Cycler with dual 48/48 fast reaction modules (Bio-Rad). The reaction cycle that was
used was as follows – denaturing at 95oC for 30 s; 30 PCR cycles with denaturing at 95oC for 30
s, annealing at 60oC for 30 s, extension at 65oC for 17 min; final extension at 65oC for 10 min.
The reaction mixture was cooled to 4oC after the completion of the PCR cycle.

2.5.3.2 Agarose gel electrophoresis of PCR products
The PCR product was visualised using agarose gel electrophoresis through EtBr (ethidium
bromide) staining to ensure that the product had the correct, expected size. The procedure was
the same as detailed for agarose gel electrophoresis of DNA replication products (section 2.4.1),
barring some differences. A 0.5% (w/v) agarose gel in 1X TAE buffer containing 0.5 µg/ml EtBr
(10 mg/ml, Bio-Rad) was used. The DNA sample was loaded with 6X DNA gel loading dye and
compared against Lambda DNA/HindIII Marker (125–23130 bp, 0.5 µg/ml, SM0101, Thermo
Fisher Scientific). TAE buffer (1X) with 0.5 µg/ml EtBr was used as running buffer and
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electrophoresis was carried out at 80 V for 150 min, or until bands were clearly resolved. The
gel image that was obtained showed bands that are ~20 kbp in size, signifying that the required
PCR fragment had been obtained.

2.5.3.3 Restriction digestion
All restriction endonucleases and their reaction buffers were purchased from New England
Biolabs. For the digestion of the ~20-kbp fragment described above, 80 units of NheI-HF
(20,000 units/ml) was added to all the PCR product obtained above (~96 µl) in 1X CutSmart
buffer (50 mM potassium acetate (CH3COOK), 20 mM Tris-CH3COOH, 10 mM Mg(CH3COO)2,
100 µg/ml BSA, pH 7.9), in a final reaction volume of 300 µl. Digestion was allowed to occur for
2 h at 37oC. The reaction was then terminated by heat inactivating NheI at 80oC for 20 min.

2.5.3.4 Ethanol precipitation
DNA was then separated from the other reaction components in the reaction mixture above,
through ethanol precipitation (Zugin and Hartley 1985). To the reaction mixture, 1/10th of its
volume of 3 M sodium acetate (CH3COONa, Sigma-Aldrich) and 3X its volume of ice-cold
absolute ethanol were added. This mixture was gently mixed and incubated at –20oC for 1.5 h.
The screening of the negatively charged phosphate (PO3–) groups on the DNA backbone by the
Na+ ions of CH3COONa, facilitated by ethanol, allows the DNA to precipitate and turns the
solution turbid. Centrifugation at 4oC at 21,000g was then carried out to recover the DNA as a
pellet that deposits at the bottom. The supernatant was removed, and the pellet was washed
thoroughly with ice-cold 70% ethanol. Centrifugation was carried out again at 4oC, 21,000 g for
5 min. The supernatant was discarded, following which the pellet was air dried for any
remaining traces of ethanol to evaporate and was resuspended in Tris-EDTA (TE) buffer (10 mM
Tris-HCl pH 8.0, 1 mM EDTA). The concentration of the ~20 kbp DNA fragment resuspended
in 200 µl TE buffer was determined to be ~0.08 µM using a UV-Vis spectrophotometer
(NanoDrop 2000/2000c, Thermo Fisher Scientific). However, it is to be noted that the starting
template DNA (lambda DNA) and other mis-primed products also contribute to this
concentration.

2.5.3.5 Attachment of the replication fork to the template core
At this point in the protocol, the ~20kbp DNA template core is ready for the attachment of the
replication fork. At this stage, the template core is a 20,003 bp long dsDNA molecule with a 5′overhang of 4 nt. The fork was constructed as described in section 2.5.1.1, except that oligo 1 and
oligo 2 were replaced by oligo 8 and oligo 9 respectively, to facilitate the hybridisation of the
fork with the 5′-overhang obtained through NheI digestion (5′CTAG…3′) of the ~20 kbp
fragment.
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oligo 8 – 20-kb biotinylated fork arm (79-mer, HPLC purified)
5′-biotin-(T)60ATTGTCCAACTTGCTGTCC-3′
oligo 9 – 20-kb complementary fork arm (161-mer, 5′-phosphorylated, three terminal 3′
thiophosphate modifications, PAGE purified)
5′-CTAGGGACAGCAAGTTGGACAATGAGTGTGTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTGAGGAAAGAATGTTGGTGAGGGTTGGGAAGTGGAAGGATGGGCTCGAGAGG
(T)37 *T*T*T-3′
The fork was then annealed to the ~20 kbp DNA template core by adding 1 µl of the 10 µM fork
solution to the 200 µl solution containing the core fragment, obtained at the end of ethanol
precipitation and resuspension. The mixture was heated to 45oC on a heat block for 5 min and
then allowed to cool to RT gradually. The resulting nicks were then ligated. T4 DNA ligase (400
units) was added to the mixture and ligation was carried out in 1X ligase/kinase buffer, in a total
reaction volume of 210 µl at 16oC, overnight.

Figure 2.7 Schematic diagram of the forked 20-kb substrate.

2.5.3.6 Substrate purification through size exclusion chromatography
The forked 20-kb substrate (Fig. 2.7) was purified using size exclusion column chromatography
to remove excess oligonucleotides. NaCl was added to the substrate mixture for it to contain
300 mM NaCl. It was loaded onto a Sepharose size exclusion column (Sepharose 4B, 45–165 µm
bead diameter, 1 x 25 cm, Sigma-Aldrich) that had been equilibrated in column equilibration
buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA, 300 mM NaCl). A single elution peak
corresponding to the forked 20-kb substrate was observed in the void volume. The concerned
fractions were pooled together for analysis through agarose gel electrophoresis via EtBr staining,
as described in section 2.5.3.2. The pooled sample was dialysed overnight in TE buffer and
concentrated using a centrifugal vacuum concentrator (CentriVap, Labconco). The
concentration was measured using a UV-Vis spectrophotometer (NanoDrop) and aliquots were
stored in 4oC for short-term use and at –80oC for long-term storage.
This process creates the forked 20-kb substrate which is a (more or less) nick free ~20 kbp
(20,026 bp) DNA fragment with the two features required for flow-stretching assays on DNAbead assemblies – a biotinylated replication fork at one end for replisome assembly and surface
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tethering, and a digoxigenin moiety at the other end introduced with the reverse primer during
PCR, for bead attachment.

2.5.4 Forked doubly-tethered 18-kb substrate
This template is similar in design to the forked doubly-tethered λ-DNA substrate (section 2.5.2),
except that instead of lambda DNA, a linearised plasmid DNA molecule was used as the core of
the template. As before, for tethering at both ends, a biotinylated replication fork unit was
attached at one end and a biotinylated arm was attached at the other end (Fig. 2.8). The plasmid
DNA, pSupercos1 (van Loenhout, de Grunt and Dekker 2012) was linearised through restriction
digestion with BstXI (10,000 units/ml stock, New England Biolabs) to produce 3′-overhangs,
overnight at 37oC in 1X NEBuffer 3.1 (100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, 100 µg/ml
BSA, pH 7.9).
The fork was constructed through annealing as described in section 2.5.1.1, but instead of oligo
1, oligo 2 and oligo 3; oligo 10, oligo 11 and oligo 12 were used, respectively. A 5′-biotinylated
duplex with a 3′-overhang was constructed through annealing equimolar amounts of oligo 13
and oligo 14 in the same manner that the fork oligos were annealed (section 2.5.1.1). The fork
and the biotinylated duplex were annealed and ligated to the linear DNA molecule
simultaneously under the same conditions detailed in section 2.5.1.2. The forked doublytethered 18-kb substrate was then purified and stored as detailed in section 2.5.3.6. The doublestranded plasmid DNA core of the substrate is 18,284 bp long. This substrate was used in
selected single-molecule fluorescence microscopy assays.

Figure 2.8 Schematic diagram of the forked doubly-tethered 18-kb substrate.

oligo 10 – 18-kb biotinylated fork arm (99-mer, overhang complementary to linear dsDNA
in bold, HPLC purified)
5′-biotin-(T)60CACACTCTCCAATTCTCACTTCCTACCACATCGGTCGAT-3′
oligo 11 – 18-kb complementary fork arm (160-mer, 5′-phoshorylated, three terminal 3′
thiophosphate modifications, PAGE purified)
5′-ACCGATGTGGTAGGAAGTGAGAATTGGAGAGTGTGTTTTTTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTGAGGAAAGAATGTTGGTGAGGGTTGGGAAGTGGAAGGATGGGCTCGAG
AGG(T)31*T*T*T-3′
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oligo 12 – 18-kb fork primer (37-mer, HPLC purified)
5′-CCTCTCGAGCCCATCCTTCCACTTCCCAACCCTCACC-3′
oligo 13 – biotin duplex oligo (30-mer, overhang complementary to linear dsDNA in bold,
HPLC purified)
5′-biotin-CTGAAATGCCACCTATAGCTGCGACTCATG-3′
oligo 14 – biotin duplex complementary oligo (26-mer, 5′-phosphorylated, HPLC purified)
5′-AGTCGCAGCTATAGGTGGCATTTCAG-3′

2.5.5 Rolling-circle DNA substrate
To make the rolling-circle DNA replication (Demidov 2014) template, circular ssDNA was
annealed with a primer oligonucleotide having an extended 5′-biotinylated tail for surface
attachment (Fig. 2.9a). The strand complementary to the ssDNA was synthesised through
primer extension, so that a replication fork is formed at the junction of the 3′-end of the
complementary strand and the single-stranded tail of the primer (Tabor, Huber and
Richardson 1987) (Fig. 2.9b).
A 10-fold excess of 5′-biotinylated, tailed primer (M13 primer, oligo 15) was mixed with M13mp18
circular ssDNA (7,249 nt, 250 µg/ml, 110 nM, New England Biolabs) in 1X Tris-buffered saline
(TBS) (150 mM NaCl, 50 mM Tris-HCl, pH 7.6). A reaction volume of 110 µl had single-stranded
M13mp18 (ssM13mp18) and M13 primer at concentrations of 40 nM and 400 nM, respectively.
The reaction mixture was maintained at 65oC for 15 min on a heat block and then was allowed
to gradually cool to RT so that the primer could anneal to the single-stranded template, to form
primed-ssM13 (Fig. 2.9a).
oligo 15 – M13 primer (66-mer, HPLC purified)
5′-biotin-(T)36AATTCGTAATCATGGTCATAGCTGTTTCCT-3′

Figure 2.9 Rolling-circle DNA replication substrates. a) primed-ssM13 substrate. b) forked-dsM13
substrate.

For primer extension, a 300 µl reaction mixture containing 8.2 units (~64 nM) of T7 DNA
polymerase (10,000 units/ml, New England Biolabs), 625 µM of each dNTP and 15 nM primedssM13 in 1X T7 DNA polymerase reaction buffer(20 mM Tris-HCl, 10 mM MgCl2, 1 mM DTT, pH
7.5; New England Biolabs) supplemented with 50 µg/ml BSA, was incubated at 37oC for 1 h
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(Tabor, Huber and Richardson 1987; Tanner et al. 2009). The reaction was then quenched with
100 mM EDTA. The substrate was purified using the QIAquick PCR purification kit (Qiagen),
eluted in water and stored at 4oC. The concentration of the purified M13 rolling-circle substrate
(forked-dsM13, Fig. 2.9b) was determined to be ~17 nM using a UV-Vis spectrophotometer
(NanoDrop).
The primed template as shown in Fig. 2.9a, was used in selected bulk-phase assays and will be
referred to as the primed-ssM13 substrate in this work. The double-stranded template as shown
in Fig. 2.9b was used in selected fluorescence assays and will be referred to as the forked-dsM13
substrate.

2.6 List of custom oligonucleotides
All oligonucleotides were obtained from Integrated DNA Technologies (IDT). Oligonucleotides
were dissolved in TE buffer to a concentration of 100 µM and stored at –20oC. All
oligonucleotide sequences (Table 2.1) are written 5′–3′.

Table 2.1 List of custom oligonucleotides.
oligo 1

biotinylated fork arm
91-mer, HPLC purified

λ complementary fork arm
oligo 2

oligo 3

168-mer, 5′-phosphorylated,
PAGE purified

fork primer
37-mer, HPLC purified

digoxigenin bead arm
oligo 4

24-mer, 5′-phosphorylated,
HPLC purified

biotin-(T)60CACACTCTCCAATTCTCACTTC
CTACCACAT
GGGCGGCGACCTATGTGGTAGGAAGTGA
GAATTGGAGAGTGTGTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTTTTTTTTTTTTGAGGAA
AGAATGTTGGTGAGGGTTGGGAAGTGGA
AGGATGGGCTCGAGAGG(T)34
CCTCTCGAGCCCATCCTTCCACTTCCCAAC
CCTCACC
AGGTCGCCGCCCAAAAAAAAAAAA-digoxi
genin

biotin arm
oligo 5

oligo 6
oligo 7

24-mer, 5′-phosphorylated,
HPLC purified

AGGTCGCCGCCCAAAAAAAAAAAA-biotin

forward primer

TTTTTTGCTAGCCGCATTTTATGCGTTTTC
A

31-mer, HPLC purified

reverse primer
24-mer, HPLC purified

digoxigenin-TTTTGGTTTCCCCTTGATTGT
CCA
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Table 2.1, continued
oligo 8

20-kb biotinylated fork arm
79-mer, HPLC purified

20-kb complementary fork arm
oligo 9

oligo 10

161-mer, 5′-phosphorylated, 3 terminal 3′
thiophosphate modifications, PAGE
purified

18-kb biotinylated fork arm
99-mer, HPLC purified

18-kb complementary fork arm
oligo 11

oligo 12
oligo 13
oligo 14
oligo 15

160-mer, 5′-phoshorylated, 3 terminal 3′
thiophosphate modifications, PAGE
purified

18-kb fork primer
37-mer, HPLC purified

biotin duplex oligo
30-mer, HPLC purified

biotin duplex complementary oligo
26-mer, 5′-phosphorylated, HPLC purified

M13 primer
66-mer, HPLC purified

biotin-(T)60ATTGTCCAACTTGCTGTCC
CTAGGGACAGCAAGTTGGACAATGAGTGT
GTTTTTTTTTTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTTTGAGGAAAGAATGTTGGTGA
GGGTTGGGAAGTGGAAGGATGGGCTCGA
GAGG(T)37TTT
biotin-(T)60CACACTCTCCAATTCTCACTTC
CTACCACATCGGTCGAT
ACCGATGTGGTAGGAAGTGAGAATTGGAG
AGTGTGTTTTTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTTGAGGAAAGAATGTTG
GTGAGGGTTGGGAAGTGGAAGGATGGGC
TCGAGAGG(T)34
CCTCTCGAGCCCATCCTTCCACTTCCCAAC
CCTCACC
biotin-CTGAAATGCCACCTATAGCTGCGAC
TCATG
AGTCGCAGCTATAGGTGGCATTTCAG
biotin-(T)36AATTCGTAATCATGGTCATAGC
TGTTTCCT

2.7 Chemicals, reagents and buffers
All the chemicals and reagents used (Table 2.2) were of at least reagent or molecular biology
grade. All buffers made in house were filtered through 0.22 µm filters – either a MF-Millipore
membrane filter (Merck) or a Millex syringe filter (Merck). All water was purified to reach a
resistivity of 18.2 MΩ.cm using a Milli-Q water purification system before use. Chemicals and
reagents were stored as per manufacturers’ instructions. Buffers made in house were stored at
4oC.
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Table 2.2. List of chemicals and other consumables.
Chemical/Reagent/Consumable

Supplier

Ethanol
CH3OH, undenatured

Potassium hydroxide
KOH pellets

Acetone
CH3COCH3

Chem-Supply, Australia

Acetic acid, glacial
CH3COOH

Boric acid
H3BO3

Sodium carbonate
NaHCO3

Sodium chloride
NaCl

Sodium acetate
CH3COONa

Disodium hydrogen phosphate
Na2HPO4

Potassium chloride
KCl

Potassium dihydrogen phosphate
KH2PO4

Potassium L-glutamate monohydrate
C5H8KNO4 · H2O

Magnesium acetate tetrahydrate

Sigma-Aldrich, USA (Merck)

(CH3COO)2Mg · 4H2O

Magnesium chloride
MgCl2

Ammonium sulphate
(NH4)2SO4

tris(hydroxymethyl)aminomethane (Tris)
NH2C(CH2OH)3

Ethylenediaminetetraacetic acid (EDTA)
(HO2CCH2)2NCH2CH2N(CH2CO2H)2

1,4-Dithiothreitol (DTT)
HSCH2CH(OH)CH(OH)CH2SH

Chloroquine diphosphate salt
C18H26ClN3 · 2H3PO4

Adenosine-5′-(β,γ-imido)triphosphate lithium salt
hydrate (AMP-PNP)
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Table 2.2, continued
Chemical/Reagent/Consumable

Supplier

D-Glucose
C6H12O6

4-(2-Hydroxyethyl)piperazine-1-ethanesulfonic acid
(HEPES)
C8H18N2O4S

Glycerol
HOCH2CH(OH)CH2OH

Triton™ X-100
C14H22O(C2H4O)n (n=9–10)

Tween®-20

Sigma-Aldrich, USA (Merck)

C58H114O26

Sodium dodecyl sulphate (SDS)
CH3(CH2)11OSO3Na

Bovine serum albumin (BSA)
Pyranose oxidase from Coriolus sp.
Catalase from bovine liver
SYLGARD® 184 silicone elastomer kit
Sepharose® 4B
Agarose
Ethidium bromide (EtBr)
10 mg/ml

(3-Aminopropyl)triethoxysilane (APTES)
C9H23NO3Si, 98%

Bioline, Meridian Bioscience, UK
Bio-Rad, Australia
Alfa Aesar by Thermo Fisher
Scientific, USA

Methoxy poly(ethylene glycol) succinimidyl valerate
(mPEG-SVA)
CH3O(CH2CH20)nC10H15NO4, MW 5000

Biotin poly(ethylene glycol) succinimidyl valerate
(biotin-PEG-SVA)

Laysan Bio, USA

C10H16N2O2SNH(CH2CH20)nC10H15NO4, MW 5000

4arm-PEG-SC
MW 10 kDa

SYTOX™ orange nucleic acid stain
5 mM

SYTOX™ red dead cell stain
5 µM

SYBR™ gold nucleic acid gel stain
10,000X concentrate

Invitrogen, Thermo Fisher Scientific,
USA

YO-PRO™-1 Iodide
1 mM

Tosyl activated paramagnetic beads
Dynabeads™, 2.8 µm
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Table 2.2, continued
Chemical/Reagent/Consumable

Supplier

DNA gel loading dye
6X

Gene ruler DNA ladder mix
100–10000 bp, 0.5 µg/µl

Lambda DNA/HindIII Marker
125–23, 130 bp, 0.5 µg/µl

Thermo Fisher Scientific, USA

Sulpho-N-hydroxysulfosuccinimide acetate (SulphoNHS-acetate)
C6H6O7NSNa

MS(PEG)4, Methyl-PEG-NHS-ester
CH3O(CH2CH20)4C10H15NO4

2′-Deoxyadenosine-5′-triphosphate (dATP)
Sodium salt solution, 100 mM

2′-Deoxycytidine-5′-triphosphate (dCTP)
Sodium salt solution, 100 mM

2′-Deoxyguanosine-5′-triphosphate (dGTP)
Sodium salt solution, 100 mM

2′-Deoxythymidine-5′-triphosphate (dTTP)
Sodium salt solution, 100 mM

Adenosine-5′-triphosphate (ATP)

Jena Bioscience, Germany

Sodium salt solution, 100 mM

Cytidine-5′-triphosphate (CTP)
Sodium salt solution, 100 mM

Guanosine-5′-triphosphate (GTP)
Sodium salt solution, 100 mM

Uridine-5′-triphosphate (UTP)
Sodium salt solution, 100 mM

Anti-digoxigenin Fab fragments
Blocking reagent

Roche, Switzerland

β-Nicotinamide adenine dinucleotide (NAD+)
50 mM

Streptavidin
1 mg/ml

T7 DNA polymerase
10,000 units/ml

phi29 DNA polymerase

New England Biolabs, USA

10,000 units/ml

LongAmp® Taq DNA polymerase
2500 units/ml

T4 DNA ligase
400,000 units/ml
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Table 2.2, continued
Chemical/Reagent/Consumable

Supplier

NheI-HF®
20,000 units/ml

BstXI
10,000 units/ml

PreCR® Repair Mix

New England Biolabs, USA

Lambda DNA
500 µg/ml

M13mp18 single-stranded DNA
250 µg/ml

QIAquick PCR purification kit

Qiagen, Germany

Buffers
Buffer

Composition

Blocking buffer

20 mM Tris-HCl pH 7.5, 2 mM EDTA, 50 mM
NaCl, 0.4 mg/ml BSA, 0.005% (v/v) Tween®-20

Replication buffer

25 mM Tris-HCl pH 7.6, 10 mM MgOAc2, 50 mM
C5H8KNO4, 0.1 mM EDTA, 40 µg/ml BSA, 0.0025%
(v/v) Tween®-20

Tris-buffered saline (TBS)

150 mM NaCl, 50 mM Tris-HCl, pH 7.6

Phosphate-buffered saline
(PBS)

137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, 2 mM
KH2PO4

Tris-EDTA (TE) buffer

10 mM Tris-HCl pH 8.0, 1 mM EDTA

Tris-acetate-EDTA (TAE) buffer

40 mM Tris, 1 mM EDTA, 20 mM CH3COOH

Annealing buffer

50 mM Tris-HCl pH 7.5, 10 mM DTT, 10 mM
MgCl2, 1 mM ATP

Equilibration buffer

10 mM Tris-HCl pH 8.0, 1 mM EDTA, 300 mM
NaCl

Buffer A

0.1 M H3BO3, pH 9.5

Buffer B

0.1 M PBS pH 7.4, 0.1% (w/v) BSA

Buffer C

0.2 M Tris-HCl pH 8.5, 0.1% (w/v) BSA

ThermoPol buffer

20 mM Tris-HCl, 10 mM (NH4)2SO4, 10 mM KCl, 2
mM MgSO4, 0.1% Triton X®-100, pH 8.8

LongAmp® Taq reaction buffer

60 mM Tris-SO4, 20 mM (NH4)2SO4, 2 mM MgSO4,
3% glycerol, 0.06% IGEPAL® CA-630, 0.05%
Tween®-20, pH 9.1

CutSmart® buffer

50 mM CH3COOK, 20 mM Tris-CH3COOH, 10 mM
Mg(CH3COO)2, 100 µg/ml BSA, pH 7.9

NEBuffer™ 3.1

100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, 100
µg/ml BSA, pH 7.9

T7 DNA polymerase reaction
buffer

20 mM Tris-HCl, 10 mM MgCl2, 1 mM DTT, pH 7.5

Supplier

Made inhouse

New
England
Biolabs, USA
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2.8 Proteins
S. cerevisiae proteins were purified in Prof. Michael O’Donnell’s laboratory (Rockefeller
University, New York, USA) by Dr. Roxana E. Georgescu, Dr. Grant D. Schauer, Dr. Olga Yurieva,
Dr. Lance Langston, and Dr. Dan Zhang. This work was executed in collaboration with them.
CMG, Pol ε, RFC, PCNA and RPA were purified as described in Langston et al. (2014). Pol αprimase, Pol δ and Ctf4 were purified as described in Georgescu et al. (2014). Mcm10 and MTC
were purified as described in Langston et al. (2017).
Escherichia coli proteins were purified by Dr. Slobodan Jergic (University of Wollongong,
Australia) and Dr. Zhi-Qiang Xu (University of Wollongong, Australia) – αεθ (DNA polymerase)
and τ3δδ′ψχ (clamp-loading complex) as described in Tanner et al. (2008), DnaBC (helicasehelicase loader complex) as described in Jergic et al. (2013), β2 (clamp) as described in Oakley et
al. (2003), E. coli SSB as described in Mason et al. (2013). SSB-mKikGR (E. coli SSB labelled with
monomeric Kikume green-red) was made by Dr. Yao Wang (University of Wollongong,
Australia), as described in Habuchi et al. (2008). SSB-AF555 (E. coli SSB labelled with Alexa
Fluor 555) was made by Dr. Zhi-Qiang Xu (University of Wollongong, Australia) as described in
Spenkelink et al. (2019).
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Chapter 3
Single-molecule visualisation of Saccharomyces cerevisiae
DNA replication
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3.1 Introduction
3.1.1 Reconstitution of S. cerevisiae DNA replication for single-molecule
visualisation
For the duplication of the DNA double-helix, in its most minimal configuration, a replisome
requires a helicase, DNA polymerases, primase, sliding clamps and a clamp loader. The active
eukaryotic DNA helicase, CMG, tracks primarily on the leading-strand template and travels 3′–
5′ as it unwinds the template strands (Georgescu et al. 2017). Three different DNA replicative
polymerases are part of the eukaryotic replisome. While Pol ε and Pol δ support the synthesis
of the bulk of the genomic DNA, Pol α-primase functions to form 18–25 nt-long RNA-DNA
hybrid primers to prime their synthesis (Stillman 2008; Perera et al. 2013). Multiple in vivo
studies have assigned the synthesis of the leading strand to Pol ε and that of the lagging strand
to Pol δ (Nick McElhinny et al. 2008; Clausen et al. 2015; Daigaku et al. 2015). More recently,
in vitro work has suggested the existence of control mechanisms in the budding yeast replisome,
that maintain these strand specificities (Chilkova et al. 2007; Langston et al. 2014; Georgescu
et al. 2015; Schauer and O’Donnell 2017).
The circular sliding clamp, PCNA, functions with both Pol ε and Pol δ. While the association of
Pol δ with PCNA is very stable and seen to be essential for Pol δ to function as a processive and
efficient polymerase, it is believed that the strong association of Pol ε with CMG is the
interaction that retains Pol ε at the replication fork for processive synthesis (Burgers and
Gerik 1998; Chilkova, Jonsson and Johansson 2003; Acharya et al. 2011; Langston et al. 2014;
Georgescu et al. 2017). The pentameric clamp loader RFC opens PCNA clamps and loads them
on DNA (Hedglin, Kumar and Benkovic 2013).
In addition to Pol ε, CMG also binds the homotrimeric Ctf4, which physically links CMG to Pol
α-primase (Gambus et al. 2009; Tanaka et al. 2009; Simon et al. 2014; Bai et al. 2017).
However, there is both in vivo and in vitro evidence that Ctf4 is dispensable for efficient leadingand lagging-strand priming by Pol α-primase (Georgescu et al. 2015; Yeeles et al. 2015; Evrin et
al. 2018). Primer generation by Pol α-primase is dependent on the presence of CMG in vitro,
suggesting that it is able to directly interact with CMG (Georgescu et al. 2015). So far, it is not
clear whether Pol δ has any stable interactions with the core of the replisome. There have been
reports that the Pol32 (non-essential) subunit of Pol δ interacts with the Pol1 (DNA polymerase)
subunit of Pol α (Huang et al. 1999; Johansson, Garg and Burgers 2004); in the next chapter
we validate that this interaction is involved in holding Pol δ at the replisome. Whether or how
RFC is held at the replication fork is also not understood. RPA is the eukaryotic single-stranded
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DNA-binding protein and serves to protect transiently exposed single-stranded DNA from
degradative processes (Wold 1997).
Our current understanding of eukaryotic DNA replication is based on a large body of in vivo
genetic analyses designed to obtain functional information through the use of mutant proteins.
More recently, using purified proteins, in vitro reconstitutions of DNA replication in
Saccharomyces cerevisiae have been assayed, leading to crucial insights and charting a powerful
way forward for an in depth study of the interactions among and the activities of the proteins
involved (Georgescu et al. 2014, 2015; Langston et al. 2014; Yeeles et al. 2015, 2017;
Devbhandari et al. 2017; Kurat et al. 2017; Lõoke, Maloney and Bell 2017).
Primarily, two approaches have previously been employed to reconstitute mechanisms of S.
cerevisiae DNA replication using purified protein factors. One of these approaches has been to
reconstitute DNA replication initiation through regulated origin firing, leading up to
reconstituting replication fork progression (Yeeles et al. 2015, 2017; Devbhandari et al. 2017;
Kurat et al. 2017). This approach was pioneered in the research laboratory headed by John F.X.
Diffley (The Francis Crick Institute, London, UK). The other approach has focused on assaying
aspects of replication fork progression through assembling replisomes on model DNA
replication forks (Georgescu et al. 2014, 2015; Langston et al. 2014, 2017; Schauer and
O’Donnell 2017). This approach was pioneered in the research laboratory headed by Michael
E. O’Donnell (Rockefeller University, New York, USA).
In this work, we set out to establish a system for the real-time single-molecule observation of
simultaneous leading- and lagging-strand DNA replication, with a view to explore mechanisms
of replication fork progression. To do so, the latter of the two approaches to reconstitution,
described above, was found to be more suitable. This approach would allow us to begin with a
minimal reconstitution using a small set of core replicative proteins and build up in complexity
through the introduction of other factors as we progressed along. Alternatively, we could also
reduce complexity by removing certain factors, if needed, to address specific mechanisms. As a
starting point, to reconstitute simultaneous leading- and lagging-strand DNA replication, we
used seven multi-subunit purified S. cerevisiae proteins. The work described in this thesis was
conducted using S. cerevisiae proteins purified in Prof. Michael E. O’Donnell’s laboratory at
Rockefeller University (New York, USA).
Inferences drawn from ensemble assays (bulk-phase assays) that have been used to study
reconstituted eukaryotic replication systems so far, are limited in their details. Observables from
bulk-phase assays contain contributions from a large number of independent processes that
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could be considerably different from each other. On the other hand, single-molecule techniques
allow us to observe the workings of individual replisomes through tracking distinct replication
factors (Tinoco and Gonzalez 2011). This information can then be used to build single-molecule
distributions of these observables, enabling us to distinctly isolate populations displaying
variable behaviours. Additionally, single-molecule techniques can be used to identify
localisations, interaction partners, and the kinetics and dynamics of these interactions.
Our approach for single-molecule visualisation of DNA replication in the budding yeast system,
was designed around the use of a rolling-circle DNA template constructed out of primed,
circular M13mp18 DNA. This system has been successfully utilised for single-molecule
observations of leading- and lagging-strand replication in viral and bacterial reconstitutions
(Tanner et al. 2011; Geertsema et al. 2014). Coordinated, CMG-mediated leading- and laggingstrand replication using eukaryotic factors has not been demonstrated on such templates thus
far. However recent studies have shown that Drosophila melanogaster CMG, S. cerevisiae CMG
and human CMG (hCMG) load and function as active helicases on circular M13mp18 DNA
substrates containing short duplex stretches, in an ATP dependent manner (Moyer, Lewis and
Botchan 2006; Ilves et al. 2010; Kang et al. 2012; Langston et al. 2014). Concerted action by
hCMG and hPol ε (human Pol ε) on primed minicircles (200 nt) was demonstrated to result in
the production of long ssDNA products, >10 kbp in length, through processive leading-strand
synthesis (Kang et al. 2012). A later study showed that the loading of S. cerevisiae CMG was
significantly more efficient and productive on circular M13mp18 substrates when compared to
small circular substrates (100–300 nt) (Langston et al. 2014).

3.1.2 Iron-sulphur clusters in eukaryotic DNA polymerases and oxidative damage
During the course of our work on reconstituting eukaryotic DNA replication reactions, we were
confronted with the possibility of laser excitation related damage to the DNA polymerases in
the system. Specifically, we were concerned that [4Fe-4S] (iron-sulphur) clusters present in the
polymerases were suffering oxidative damage. Fluorophores involved in fluorescence
microscopy, when subjected to laser excitation, rapidly cycle between electronic ground states
and excited states. When in their excited states, their interactions with molecular oxygen often
result in the production of highly reactive free radicals and other reactive oxygen species (ROS)
(Aitken, Marshall and Puglisi 2008). Oxidative damage to biomolecules in single-molecule
fluorescence imaging systems is a commonly encountered complication. To ameliorate
oxidative damage, oxygen scavenging systems are typically included in reaction solutions. The
two most commonly employed oxygen scavenging systems are – glucose oxidase, β-D-glucose
and catalase; and protocatechuate-dioxygenase (PCD) with 3,4-protocatechuic acid (PCA)
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(Benesch and Benesch 1953; Aitken, Marshall and Puglisi 2008). However, both these systems
result in the production of carboxylic acids as by-products of oxygen scavenging. Over time, the
production of acid leads to a drop in pH, altering experimental conditions.
Despite some conflicting views, research spanning over the past decade has led to the
identification of [4Fe-4S] clusters in all three eukaryotic polymerases of the DNA replication
machinery. These clusters are believed to play important roles in the functioning of polymerases
at the replication fork. They are also believed to be important for interactions between the
catalytic subunits and their accessory subunits. Their mode of action and the extent of their
influence are however not yet completely understood. Multiple reports confirm that Pri2, the
large primase subunit of Pol α-primase contains a [4Fe-4S] cluster (Klinge et al. 2007; Weiner
et al. 2007). Netz et al. (2012) have suggested that a [4Fe-4S] cluster is bound to one of the two
metal-binding sites in the C-terminal domains of the catalytic (polymerase) subunits of all three
polymerases (Pol α-primase, Pol ε and Pol δ). Several studies have firmly established the
presence of a [4Fe-4S] cluster in the C-terminal domain of the catalytic (polymerase) subunit of
Pol δ (Pol3) (Baranovskiy et al. 2012; Netz et al. 2012). However, there exist opposing views on
whether or not the same is true for Pol α and Pol ε (Suwa et al. 2015; Baranovskiy et al. 2017).
In both Pol3 and Pri2, the cluster is found to be in a stable [4Fe-4S]2+ state (Klinge et al. 2007;
Baranovskiy et al. 2012). Recent studies propose that DNA charge transport mediated redox
switching by [4Fe-4S] clusters might play a role in polymerase handoff by regulating DNA
binding by Pol α-primase, and might play a role in a replication stress response through
modulating the activity of Pol δ (Bartels et al. 2017; O’Brien et al. 2017, 2018).
Studies involving prokaryotic proteins containing [4Fe-4S]2+ clusters have seen the clusters to
be highly sensitive to oxidative damage by molecular oxygen and other ROS (Flint et al. 1993;
Imlay 2006). Oxygen species convert Fe-S clusters into unstable forms that decompose very
quickly. In the presence of O2, O2.– (superoxide), H2O2 (hydrogen peroxide) or other ROS, [4Fe4S]2+ clusters are rapidly oxidised to [4Fe-4S]3+, which in turn rapidly decomposes to [3Fe-4S]+
releasing one Fe2+ in the process (Equation 3.1). [3Fe-4S]+ may directly destabilise to form [2Fe2S]2+ with the release of another Fe3+ ion (Crack et al. 2006, 2007). An accompanied reduction
of oxygen during this process results in the release of both O2.– and H2O2. This process can create
an environment conducive for Fenton reactions and Haber-Weiss reactions that generate more
ROS, which in turn can exacerbate damage to the clusters (Equation 3.2, 3.3) (Collin 2019).
Highly reactive hydroxyl radicals generated through these reactions are also known to cause
severe damage to DNA (Cadet et al. 1999).
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Some systems, however, appear to have adapted to channel the adverse effects of oxidation
damage into beneficial regulatory mechanisms. The oxygen sensitivity of [4Fe-4S] clusters in
glutamine 5-phosphoribosyl-1-pyrophosphate (PRPP) amidotransferase from Bacillus subtilis
has been proposed to regulate protein turnover (Smith et al. 1994). Oxidative conversion of
[4Fe-4S] clusters to less stable forms in FNR (regulator of fumarate and nitrate reduction) in
Escherichia coli, is proposed to regulate the DNA binding properties of FNR (Crack et al. 2007).
FNR is a transcriptional regulator and regulates the switch between aerobic and anaerobic
metabolism in E. coli. It is unclear how labile [4Fe-4S] clusters in eukaryotic DNA polymerases
are.

3.1.3 Single-molecule rolling-circle DNA replication assays
Rolling-circle DNA replication assays are designed around the fundamental idea that a closed
circular DNA molecule can be used as an endless template for DNA polymerases to replicate.
Through the continuous extension of a primer hybridised to a circular ssDNA template, a DNA
polymerase can recursively replicate the circle whilst continuously displacing the outer strand
when synthesising through double-stranded regions. The DNA polymerase when used by itself
would need to be able to perform helicase-independent strand-displacement synthesis. In
principle, the only factor that limits replication on rolling-circle templates is the processivity of
the polymerase/replisome or some other inherent limiting property of the system under study.
The junction at which the 3′-end of the primer reaches its 5′-end is akin to a replication fork on
which an entire replisome would be able to assemble for coordinated replication of the leadingstrand template (the DNA circle) and the lagging-strand template (the strand being displaced
off the circle) (Fig. 3.1a-left).
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Figure 3.1 Rolling-circle replication assay for single-molecule visualisation of simultaneous leadingand lagging-strand DNA synthesis. a) Schematic depiction of assay. (left) Rolling-circle DNA substrate.
Biotinylated substrates are attached to the glass coverslip surface of a flow channel passivated with
PEG molecules; a proportion of the PEG molecules contain biotin handles. Surfaces are treated with
streptavidin prior to substrate attachment. (right) In the presence of proteins, the strand being
displaced from the inner DNA circle through continuous leading-strand replication, serves as the
template for lagging-strand replication. Template DNA is shown in black, newly synthesised DNA in
red, primers in blue. The subunit-level detail used to depict proteins in Fig. 1.1 has not been used here;
the representation of proteins has been simplified. b) DNA replication is visualised using TIRF imaging.
(left) A microscopic field of view (FOV) with surface-tethered rolling-circle DNA substrates (forkeddsM13). Scale bar – 2.5 µm. (right) DNA replication leads to the synthesis of flow-stretched dsDNA
products. The dsDNA is visualised through laser excitation of SYTOX orange (75 nM). Scale bar – 10
kbp. Arrows indicate the direction of flow. Figure is for illustrative purposes only; does not present
data. dsDNA products in the snapshot were generated in a bulk solution-phase reaction (1.5 nM
forked-dsM13, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP, 1 mM
ATP; 90 min incubation at 30oC). Upon quenching (50 mM EDTA, 1.5 M NaCl), products were
introduced into a flow channel for observation.

For single-molecule observation of DNA replication on surface-tethered rolling-circle
substrates, the primer is designed to have an extended ‘tail’, which is non-complementary to
the circular template. Surface tethering is achieved through an appropriate modification of the
5′-end of the tail, like a biotin modification for attachment to surfaces coated with streptavidin.
Under conditions where both template strands are replicated, recursive replication around the
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circle results in the generation of a progressively lengthening dsDNA tail generated through
lagging-strand replication on the single strand being successively displaced off the circle (Fig.
3.1a-right).
A constant laminar flow through the experimentation chamber would keep the growing DNA
molecule hydrodynamically stretched, enabling us to obtain real-time readouts of replication
rates and processivities. Visualisation of dsDNA is usually achieved through the use of a DNA
intercalating stain such as SYTOX orange. The use of other labelled reaction components,
usually proteins, enables us towards following and understanding mechanisms such as protein
localisations, dynamics of protein exchange and binding partners of different proteins. Using
wide-field TIRF imaging, a few hundred molecules populating a single field of view (FOV) can
be simultaneously imaged (Fig. 3.1b).
The use of rolling-circle assays to observe coordinated leading- and lagging-strand DNA
replication on surface-tethered molecules has been demonstrated to be an effective means of
studying different aspects of DNA replication in bacterial and phage systems, particularly those
of E. coli and the T7 phage (Tanner and van Oijen 2009; Yao et al. 2009; Tanner et al. 2011;
Geertsema et al. 2014).
At the core of this work was the attempt to build assays around these basic tenets for the singlemolecule visualisation of eukaryotic DNA replication in real time, using TIRF microscopy. Our
assays were designed to observe coordinated leading- and lagging-strand replication on surfacetethered rolling-circle DNA substrates in a reconstitution containing CMG, Pol ε, Pol δ, Pol αprimase, RFC, PCNA and RPA. Over the next few sections, assay design and conduction have
been discussed alongside the technical challenges that were encountered along the way, the
approaches employed to tackle them and how these learnings influenced modifications to our
approach.

3.2 Construction of rolling-circle DNA replication substrates
The rolling-circle DNA substrate used in assays discussed in this chapter (forked-dsM13
substrate) was constructed as described in section 2.5.5. Briefly, construction involves the
annealing of a primer that is partly complementary to circular ssM13mp18 DNA (7.2 kbp). The
primer is then extended using T7 DNA polymerase to create a fully complementary strand. The
primer also contains an extended 5′-biotinylated non-complementary tail, useful in surface
tethering. Since T7 DNA polymerase lacks strand-displacement activity, it cannot synthesise
past the point where the polymerase extending the 3′-end of the complementary strand meets
the 5′ primer tail – a replication fork is created at this juncture. Under the reaction conditions
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used for primer extension (section 2.5.5), the reaction is expected to reach completion in ~8
min (Tanner et al. 2009). However, it was observed that a significant amount of the starting
template did not get extended within that time and remained single-stranded. Hence, much
longer reaction incubation times were used, and the resulting products were analysed using
agarose gel electrophoresis as described in section 2.4.1 (Fig. 3.2).

Figure 3.2 Construction of the forked-dsM13 substrate. Lane 1 – ssM13mp18 DNA; lane 2 – primed
ssM13mp18 DNA; lanes 3–6 – T7 DNA polymerase primer-extension reactions on primed ssM13mp18
templates, quenched at various time points. This reaction leads to the generation of forked-dsM13
substrates.

Fig. 3.2 shows SYBR gold-stained products that were obtained from quenching the primerextension reaction at various time points and separating them on an agarose gel. SYBR gold
stains both ssDNA and dsDNA. It was observed that even over prolonged reaction times, not all
of the starting template is converted to the fully formed forked-dsM13 substrate (Fig. 3.2, lanes
3–6). At all time-points, product smears are observed. These smears occur likely due to the
ssM13mp18 DNA template not being of the best quality, due to it being randomly broken,
leading to linear DNA molecules that do not get replicated past their ends. Consistent with this
idea, is the observation that the smears do not disappear with time. Additionally,
primed/unprimed single-stranded circular DNA templates that do not appear to have initiated
primer extension, are observed at all time-points. Furthermore, prominent DNA bands
corresponding to partially double-stranded templates are observed at the same positions at all
time-points. They are likely caused by the polymerase stalling/halting at DNA stretches that are
harder to replicate due to the presence of secondary structures or primary characteristics that
are hard to navigate.
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These experiments show that in all rolling-circle replication assays that involve the forkeddsM13 substrate, the substrate stock would contain a mixture of partially double-stranded and
fully double-stranded, circular (or linear) DNA substrates. Such heterogeneity is not believed to
be a practical concern, since partially double-stranded templates are filled relatively quickly at
the start of a replication reaction, and filled-in linear templates less than unit length (<7.2 kbp,
1.8 µm) can be identified and excluded from analysis.

3.3 Single-molecule visualisation of S. cerevisiae DNA replication
3.3.1 Design of single-molecule assays
Assays for the observation of dsDNA products emerging from coordinated leading- and laggingstrand replication, hereafter referred to as coupled replication, were typically conducted in
stages to allow for successive assembly of different replisomal complexes.
All reactions were carried out in replication buffer (25 mM Tris-HCl pH 7.6, 10 mM
Mg(CH3COO)2, 50 mM C5H8KNO4, 0.1 mM EDTA, 40 µg/ml BSA, 0.0025% (v/v) Tween-20)
and contained 5 mM DTT. If present, SYTOX orange was at a concentration of 75 nM, unless
specified otherwise. All reactions were conducted at 30oC. If not specifically mentioned, the
forked-dsM13 substrate (section 3.2, Fig. 3.2) was used in all the assays discussed in this chapter.
In bulk-phase experiments, in the first stage of helicase loading, a reaction mixture containing
1.5 nM of the forked-dsM13 substrate, 30 nM CMG and 0.1 mM AMP-PNP was incubated for 10
min. In the second stage of polymerase loading, 10 nM RFC, 20 nM PCNA, 10 nM of each of the
three polymerases – Pol α-primase, Pol ε, Pol δ and 30 µM ATP were added to the reaction. The
reaction was incubated for 2 min. In the third stage, DNA replication was initiated by the
addition of 400 nM RPA, 1 mM ATP, 60 µM of each dNTP (dATP, dCTP, dGTP, dTTP) and 200
µM of each of the remaining NTPs (CTP, GTP, UTP). Reactions were typically quenched by the
addition of EDTA and NaCl to final concentrations of 50 mM and 1.5 M respectively, when
desired. For visualisation of replication products resulting from bulk-phase replication
reactions, quenched mixtures were supplemented with 75 nM SYTOX orange and flowed into a
flow channel for the observation of dsDNA products flow-stretched at a flow rate of 10 µl/min.
Fig. 3.3-left shows a snapshot of a representative FOV of products resulting from a staged bulkphase reaction (with 400 nM RPA) at the end of a 60-min incubation period after initiation.
Further, the figure shows a histogram with the product-length distribution (n = 489) obtained
from collating measurements from three replicates of the assay (Fig. 3.3-right).
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Figure 3.3 The dsDNA products from bulk-phase DNA replication reactions. Reaction solution
containing 1.5 nM forked-dsM13 substrate, 30 nM CMG and 0.1 mM AMP-PNP was incubated for 10
min for CMG loading; 10 nM of each of Pol α-primase, Pol ε and Pol δ, 10 nM RFC, 20 nM PCNA, and
30 µM ATP were added and incubated for 2 min for clamp/polymerase loading; replication was
initiated by adding 400 nM RPA, 1 mM ATP, 60 µM of each dNTP and 200 µM of each NTP and
quenched after 60 min. Products were observed through attachment to a flow-channel surface in the
presence of SYTOX orange. (left) Representative FOV. Scale bar – 10 kbp. Arrow indicates the direction
of flow. (right) Distribution of lengths of observed products in randomly chosen FOVs from three
replicates of the assay (n = 489). Population average – 21.0 ± 0.4 kbp (SEM).

In any one instance of an assay, FOVs across a flow-channel surface were observed to be more
or less uniformly populated; 15–20% of the substrates that had been transferred to the surface
had initiated replication to form dsDNA products. Molecules shorter than 7.2 kbp (1.8 µm) were
excluded from consideration to account for the proportion of broken, linearised starting
templates being present. The average product length was seen to be 21.0 kbp ± 0.4 kbp (SEM).
Distributions of observed lengths of products and efficiency of replication initiation were not
significantly different when reactions were incubated for 45 and 90 min.
For the real-time single-molecule visualisation of coupled DNA replication, reactions were
carried out on DNA substrates tethered to the surface of a flow channel in a flow cell mounted
on an inverted microscope equipped for TIRFM (setup illustrated in Fig. 2.4). The general
details of assay conduction and imaging are described in section 2.3. Reaction-specific details
are mentioned here. Upon blocking the flow channel using blocking buffer (20 mM Tris-HCl
pH 7.5, 2 mM EDTA, 50 mM NaCl, 0.4 mg/ml BSA, 0.005% (v/v) Tween-20), ~200 pM of the
substrate in replication buffer with 75 nM SYTOX orange was flowed into the channel at 20
µl/min for 3 min, followed by a reduction of the flow rate to 10 µl/min for ~15 min or until the
population of surface-tethered molecules in the flow channel was sufficiently dense for imaging
(100–300 molecules). Reaction conditions were the same and reaction mixtures were flowed
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through in stages as described for bulk-phase reactions above. At every successive stage, the
reaction mixture was inclusive of all the components from previous stages. AMP-PNP however
was only included in the first stage (helicase loading). SYTOX orange was included in all
reaction mixtures at 75 nM. Reaction mixtures were flowed in at 20 µl/min for 3 min (the time
it took for reaction components to reach the flow channel) and then at 10 µl/min for their
respective incubation periods. A randomly chosen FOV was imaged through the visualisation
of SYTOX orange-coated dsDNA. Imaging was carried out with a 568 nm laser at a power
density of 80 mW/cm2, with a 200 ms exposure every 15 min.
In sharp contrast to the observation of dsDNA products of replication from bulk-phase assays
(Fig. 3.3), in this single-molecule assay less than 0.0005% of the surface-tethered molecules
were observed to have converted into dsDNA molecules of any length after a reaction period of
60 min. This lack of replication did not change with prolonged reaction incubation periods, as
long as 180 min.
The key difference between the design of bulk-phase assays and single-molecule assays is that
rolling-circle substrates are tethered to the surface with their 5′-tails in the single-molecule
experiments (Fig. 3.1a). We hypothesised that there must be one or more mechanisms of protein
assembly or DNA synthesis that require a free 5′-end, to productively occur. Based on this idea,
the helicase assembly stage was initiated and incubated in solution, followed by attachment of
substrates to the surface. The next two stages of polymerase assembly and replication initiation
and progression were carried out on these surface-tethered molecules. In subsequent attempts,
assays were conducted to allow for helicase assembly and polymerase loading in solution (bulk
phase), followed by initiation of replication on surface-tethered assemblies for single-molecule
observation. These attempts did not result in a significantly higher number of observed
replication events.
The execution of single-molecule assays was subsequently structured such that reaction
components were flowed into a flow channel for following the progress of replication through
fluorescent visualisation, only after initiation of replication in solution followed by a 5 min
incubation period. Upon reaching a reasonable population of molecules on the surface, buffer
flow was switched to a reaction mixture containing all replication factors in the exact same
reaction conditions (without any DNA substrate). Despite this modification to assay
conduction, several unanticipated challenges and findings were encountered, that thwarted our
attempts at observing eukaryotic DNA replication on rolling-circle substrates in real time. Over
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the next several sections, these challenges and the approaches that were employed to tackle
them are discussed to highlight lessons that enabled us to fruitfully modify assay designs.

3.3.2 Troubleshooting obstructions to real-time single-molecule visualisation
The real-time visualisation of eukaryotic DNA replication on surface-tethered molecules came
with two major challenges. One of these was the observation that dsDNA molecules tethered to
a flow-channel surface tended to coil back towards their anchor points into larger compacted
DNA structures even with a consistent flow of buffer across the flow channel. This phenomenon
was found to be mediated by RFC and it directly counteracted our ability to observe DNA
replication through length changes in flow-stretched dsDNA molecules. The compacted
structures, which likely were DNA-protein aggregates, were seen to be highly resistant to
stretching and did not unfurl into flow-stretched dsDNA molecules even at flow rates as high
as 100 µl/min. Quenching solutions composed of 50 mM EDTA and 1.5 M NaCl were used to
strip proteins off such structures and disintegrate them to reveal flow-stretched dsDNA
molecules. These results are discussed in more detail in Chapter 5 (section 5.3).
Secondly, it was repeatedly observed that molecules in the FOV under microscopic observation
did not appear to have undergone any replication as opposed to molecules anywhere else across
the flow channel. At the end of a single-molecule DNA replication reaction conducted in a flow
channel, large DNA structures could be seen all across the flow channel and were shown to be
dsDNA products upon flowing the quenching solution through. However, in the FOV that was
fluorescently observed during the replication reaction, no products were formed (Fig. 3.4).
Imaging conditions were changed to image with significantly lower laser power densities, as low
as 30 mW/cm2 (as opposed 80 mW/cm2, which was our initial condition). Laser exposure was
minimal, with a single snapshot being captured at 200 ms exposure every 15 min over an
observation period of 60 min. This significant reduction of light flux, however, did not improve
the observation of a complete absence of replication in the monitored FOV (Fig. 3.4).
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Figure 3.4 Absence of replication products in observed FOVs of single-molecule assays. The FOV
under single-molecule TIRFM observation was found to be devoid of any products of replication, while,
other, unilluminated FOVs had dsDNA products of replication. a) A FOV of DNA substrates chosen for
observation at the start of a single-molecule replication assay. 1.5 nM forked-dsM13, 30 nM CMG and
0.1 mM AMP-PNP were incubated for 10 min. 10 nM RFC, 20 nM PCNA, 10 nM Pol α-primase, 10 nM
Pol ε, 10 nM Pol δ and 30 µM ATP were added followed by incubation for 2 min. 400 nM E. coli SSB, 1
mM ATP, 60 µM of each dNTP, and 200 µM of each of CTP, GTP and UTP were added. Reaction was
incubated for 5 min. Reaction components were flowed into a flow channel and buffer flow switched
to a reaction mixture with all replication factors (no DNA). b) The same FOV does not show any dsDNA
products 60 min later. c) Flowing through a quenching solution containing 50 mM EDTA and 1.5 M
NaCl does not reveal any products in the observed FOV. d) Any FOV other than the observed FOV
contains dsDNA products. Flow rate and temperature were maintained at 10 µl/min and 30oC,
respectively, throughout. Imaging was performed through 568-nm laser excitation of SYTOX orange
at 47 mW/cm2, with one 200 ms capture every 15 min during the period of observation. Imaging of
FOVs at the end of the reaction (b, c, d) was done at 150 mW/cm2, for increased signal. Arrow indicates
the direction of flow. Scale bar – 2.5 µm (10 kbp).

Several steps were taken to address the apparent laser illumination-related damage being
caused. Our primary suspects were molecular oxygen and secondary oxygen species produced
through laser excitation of SYTOX orange, in the form of ROS and oxygen radicals. We
hypothesised that the DNA polymerases in our system were rendered inactive through oxidative
damage to their Fe-S clusters. Additionally, oxygen radicals can also cause severe DNA base
damage. Degassing reaction buffers to remove oxygen whilst bubbling an inert gas (argon)
through them to displace the oxygen was one of the ways in which molecular oxygen was
removed. We also included an oxygen scavenging system in our reaction mixtures to deplete
molecular oxygen. We employed an enzymatic system involving pyranose oxidase, catalase and
glucose that functions to convert oxygen into H2O2 and eventually H2O (Swoboda et al. 2012)
(Equation 3.4, 3.5). The use of the pyranose oxidase-catalase (POC) system did not alter the pH
of reaction buffers over prolonged periods of observation, as other oxygen scavenging systems
did. Reaction mixtures were supplemented with 7.5 U/ml of pyranose oxidase, 1000 U/ml of
catalase and 0.8 % (w/v) of glucose, for oxygen depletion.
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To account for direct radiation damage to the Fe-S clusters, we tried using a different DNA
intercalating dye, SYTOX red (excitation/emission maxima – 640/658 nm) in our assays, so that
our operating wavelengths were even further red-shifted away from the absorption spectrum of
[4Fe-4S] clusters (absorbance maximum – 420 nm) (Stephens et al. 1978; Jakimowicz et
al. 2005). For comparison, SYTOX orange has its excitation and emission maxima at 547 and
570 nm, respectively.
As a next step, bulk-phase assays were conducted to determine whether laser exposure was
affecting the activities of the DNA polymerases in the system, as we suspected. Activity assays
were designed to study the effects of laser irradiation on the primer-extension activities of the
three polymerases on a primed circular ssDNA substrate (Fig. 3.5-left panel). These reactions
contained 2 nM of the primed-ssM13 substrate (7.2 kb) (section 2.5.5, Fig. 2.9a), 20 nM of either
Pol α-primase, Pol ε or Pol δ as indicated, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200
µM of each dNTP and 1 mM ATP. All reactions were carried out in 10 µl reaction volumes, in
replication buffer supplemented with 10 mM DTT, at 30oC. A set of three reaction vials was
prepared for each polymerase. One vial from each set was exposed to a 568 nm laser beam,
corresponding to the excitation wavelength used for SYTOX orange excitation. The second vial
from each set was exposed to a 647 nm laser beam, corresponding to the excitation wavelength
used for SYTOX red excitation. The third vial from each set was not subjected to any laser
exposure.
For laser exposure, a reaction solution was drawn into a thin glass capillary tube (inner diameter
– 1.15 mm, outer diameter – 1.5 mm, length – 75 mm) using a dropper bulb and the capillary
tube was held across the path of a laser beam. The size of the laser beam was adjusted so that
the entire 10 µl reaction solution contained in 1 cm of the capillary tube lay in the path. Laser
exposures were carried out at time 0 with a power density of 22 mW/cm2 for 10 s. All reactions
were incubated for 90 min.
At the end of incubation, reactions were quenched through the addition of EDTA and SDS to
resultant concentrations of 100 mM and 1%, respectively. Quenched solutions were loaded on
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an agarose gel and DNA products were separated using agarose gel electrophoresis (section
2.4.1). SYBR gold was used for staining the DNA products for visualisation on the gel.

Figure 3.5 Effects of laser irradiation on the primer-extension activities of DNA polymerases. Left
panel) Effects of laser irradiation alone. Right panel) Effects of laser excitation of fluorophores.
Reactions contained 2 nM of the primed-ssM13 substrate, 20 nM of Pol α-primase, Pol ε or Pol δ as
indicated, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP and 1 mM ATP. 150 nM
of SYTOX orange (S.O) or SYTOX red (S.R) was included, where indicated. Lime-green and red arrows
indicate that the reaction components were irradiated with either a 568 nm or a 647 nm laser,
respectively. Laser irradiation of reaction solutions drawn into capillary tubes was carried out at time
0 for 10 s with a laser power density of 22 mW/cm2. Reactions were quenched at 90 min and products
visualised through SYBR gold staining of DNA separated by agarose gel electrophoresis.

Fig. 3.5-left panel shows that all three polymerases exhibited efficient primer-extension activity
to form fully double-stranded circular DNA products, 7.2 kbp in size, irrespective of laser
exposure or the lack of it. The proportion of fully extended products in Pol ε and Pol δ assays is
not seen to be significantly different between laser exposed and unexposed reactions,
irrespective of the wavelength of exposure. The proportion of fully extended products in Pol αprimase reactions exposed to laser beams is seen to be lower than in the unexposed reaction.
Pol δ is the only polymerase that engages in strand-displacement synthesis resulting in products
that are of higher molecular weights. No significant differences are observed between reactions
exposed to the 568 nm laser beam and the 647 nm laser beam. These observations indicated
that exposures to laser wavelengths that we were operating with did no render the polymerases
inactive. Despite the difference in fully extended products between the exposed and unexposed
reactions containing Pol α-primase, its polymerase activity is not completely lost either.
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Another set of assays was designed to assess if the laser excitation of dye molecules led to any
adverse effects on the activity of the polymerases, through the generation of oxygen radicals and
other ROS (Fig. 3.5-right panel). The assay was conducted in the same manner as the activity
assay to study the effects of laser exposure, discussed above (Fig. 3.5-left panel). However,
reaction mixtures exposed to the 568 nm or 647 nm laser beams contained 150 nM SYTOX
orange or 150 nM SYTOX red, respectively. Reaction mixtures that were not subjected to any
laser exposure contained 150 nM SYTOX orange. It was observed that both Pol α-primase and
Pol ε demonstrated efficient primer-extension activities irrespective of which DNA intercalating
dye was used and irrespective of whether the reactions were subjected to laser excitation or not.
The polymerase activity of Pol δ appeared to have suffered due to the effects of SYTOX orange
excitation, and a larger deleterious effect was observed in the case of SYTOX red excitation.
Consequently the amount of strand-displacement synthesis products is lower in reactions
subjected to laser excitation. However, these observations do not point to a scenario in which
ROS are generated leading to the complete inactivation of the polymerase activity of any of the
polymerases.
It is worthwhile to note that over 10 s of laser exposure, the total amount of laser dose that these
bulk reactions were subjected to is ~10 times higher than the lowest laser dose used in the singlemolecule assays – conditions in which the observed FOV still lacked any signs of replicative
activity. For further perspective, in our imaging of E. coli DNA replication, where we also image
dsDNA through laser excitation of SYTOX orange, we use a total laser dose that is 3 orders of
magnitude higher than the lowest dose that we used with the budding yeast system.
Through all our troubleshooting methods, we could not arrive at a solid explanation or
resolution of this issue. Surprisingly, when we tried carrying out our assays on a different TIRF
microscopy setup, which was similar in its configuration to the first setup, this issue of a
complete lack of replication in the observed FOV did not occur. We suspect that the issue we
were facing was likely brought about by some deleterious optical phenomenon occurring during
use of the first imaging system. Apart from the lasers, the only other source of direct radiation
in the imaging system was the 870 nm LED (light-emitting diode) built into the microscope as
part

of

its

perfect

focus

system

(PFS)

for

correcting

axial

focus

fluctuations

(https://www.microscopyu.com/applications/live-cell-imaging/nikon-perfect-focus-system).
Our unconfirmed hypothesis is that radiation damage to the reaction components was linked
to the PFS. The other setup that we moved our assays to was not equipped with a PFS.

83

3.3.3 Strand-displacement synthesis by Pol δ
Previous studies describing the strand-displacement activities of eukaryotic polymerases have
shown that Pol ε and Pol α-primase are extremely inefficient at strand displacement (Podust
and Hübscher 1993; Garg et al. 2004; Georgescu et al. 2014; Ganai et al. 2016). Although Pol
δ demonstrates strand-displacement activity, we did not expect significant strand displacement
by Pol δ under our assay conditions based on previous reports of bulk-phase assays conducted
under similar conditions (Georgescu et al. 2014, 2015; Schauer and O’Donnell 2017). Hence,
our assumption was that all our observations of DNA replication resulted from CMG-mediated,
coupled leading- and lagging-strand synthesis reactions. However, our understanding of the
processes that were being observed took a turn when we discovered that replacing RPA with E.
coli SSB (400 nM) in a bulk-phase assay for coupled DNA replication, as described in section
3.3.1, also resulted in the generation of dsDNA products.
Pol δ is known to be just as efficient in its primer-extension activity with E. coli SSB as it is with
RPA (Langston and O’Donnell 2008). Similarly, the synthetic activity of Pol α-primase has been
shown not to depend on the type of SSB used (Bauer and Burgers 1988b). Primer extension by
Pol ε on primed circular substrates has in fact been observed to be more efficient with E. coli
SSB than with RPA (Yoder and Burgers 1991; Georgescu et al. 2014). Despite these facts, it
would be unlikely that E. coli SSB would be able to support coordinated leading- and laggingstrand replication in eukaryotic systems, wherein the cognate SSB is RPA. Our current
understanding of all the protein-protein and protein-DNA interactions essential for DNA
replication in eukaryotes is incomplete. However, studies on DNA replication in prokaryotic
systems indicate that SSBs mediate several specific and vital interactions between different
replisomal participants. It would be reasonable to assume that the same is the case with the
eukaryotic RPA.
Important to our understanding of how the use of bacterial SSB could support DNA replication
in the yeast system was our observation that bulk-phase replication assays yielded significant
populations of dsDNA products even in the absence of CMG (Fig. 3.6a). This observation
indicated that Pol δ must be engaging in extensive strand-displacement synthesis in these
assays. In assays lacking CMG, this phenomenon could mean that Pol δ engages in stranddisplacement synthesis around the inner DNA circle (leading-strand template) in conjunction
with lagging-strand replication possibly through Pol α-primase-mediated primer formation
followed by primer extension by Pol δ on the lagging strand template. Based on previous reports,
synthesis by Pol ε would be suppressed on the lagging-strand template (Georgescu et al. 2014,
2015; Schauer and O’Donnell 2017).
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Figure 3.6 The dsDNA products from different bulk-phase DNA replication reactions. a) Reactions
without CMG. Population average – 23.4 ± 0.8 kbp (SEM), n = 436. b) Reactions without CMG, Pol αprimase and all NTPs. Population average – 20.8 ± 0.6 (SEM), n = 451. Reaction solution containing 1.5
nM forked-dsM13, 10 nM of each of Pol α-primase (only in a), Pol ε and Pol δ, 10 nM RFC, 20 nM
PCNA, and 30 µM ATP was incubated for 2 min. 400 nM E. coli SSB, 1 mM ATP, 60 µM of each dNTP
and 200 µM of each NTP (only in a) were then added. Reactions were quenched after 60 min (50 mM
EDTA and 1.5 M NaCl) and products were visualised upon attachment to a flow-channel surface, in the
presence of SYTOX orange (75 nM). Distributions are of lengths of observed products in randomly
chosen FOVs.

Furthermore, we observed that dsDNA products could be generated even in the absence of Pol
α-primase or NTPs (Fig. 3.6b). Based on this information, we envision a mechanism in which
Pol δ engages in strand-displacement synthesis but at some point, switches templates to the
ssDNA that has been produced along the way and continues synthesis (primer extension). This
has been observed in strand-displacement synthesis reactions by other polymerases, wherein
the leading-strand polymerase is presumed to transiently dissociate from its template, and very
occasionally a few nucleotides at the primer terminus melt and anneal to the lagging-strand
template to create a new primer-template that enables replication of the lagging-strand
template. Even if present, it is unlikely that Pol ε would be able to take over primer extension
from Pol δ since Pol δ is known to be extremely stable with PCNA on a primed template coated
with RPA or E. coli SSB, in stark contrast to the unstable nature of Pol ε on primed sites
containing PCNA (Burgers 1991; Chilkova et al. 2007).
In light of all these possibilities, to understand the extent of productive helicase activity by CMG
on our substrates, a Pol α-primase-CMG assay was conducted. Bulk-phase experiments by
Georgescu et al. (2015) conducted using ~3 kbp linear forked substrates have demonstrated that
in the presence of CMG, Pol α-primase is active on both the leading and lagging strands. Their
observations showed that Pol α-primase continuously extends the leading strand and
85

discontinuously extends the lagging strand through the generation of primers followed by
extension of primers to sizeable Okazaki fragments. Reaction conditions for this assay were the
same as for bulk-phase reactions described in section 3.3.1. For CMG loading, a reaction mixture
containing 1.5 nM forked-dsM13 substrate, 30 nM CMG and 0.1 mM AMP-PNP was incubated
for 10 min. Forty nM Pol α-primase, 400 nM RPA, 5 mM ATP, 60 µM of each dNTP and 200
µM of each of the remaining NTPs were then added to initiate the reaction. RFC and PCNA were
left out of the reaction on the basis of studies that have shown that at moderate concentrations,
RFC/PCNA has no effect on the synthetic activity of Pol α-primase, and when present at a
sufficiently high concentration, RFC competitively suppresses the primer-extension activity of
Pol α-primase, with or without CMG (Yoder and Burgers 1991; Mossi et al. 2000; Georgescu et
al. 2015). The reaction was quenched after 90 min of incubation and the reaction mixture was
flowed into a flow channel for the observation of dsDNA products, in the presence of 75 nM
SYTOX orange. No replication products were observed from these assays from scanning over
tens of thousands of molecules on flow-channel surfaces.
The lack of replicative activity in a system completely reliant on helicase activity by CMG,
indicated that CMG was unable to (productively) load on the leading-strand template of the
forked-dsM13 substrate, under our assay conditions. This inference meant that the synthesis of
dsDNA products in our assays was predominantly, if not entirely, facilitated by the stranddisplacement synthesis activity of Pol δ. Additionally, bulk-phase assays containing E. coli SSB
led to similar product-length distributions whether they contained CMG along with all the
polymerases or whether they contained only Pol δ (Fig. 3.7a). This was true of assays containing
RPA as well (Fig. 3.3). Consistent with these observations, we saw that Pol δ demonstrated
significant strand-displacement synthesis in the presence of either RPA or E. coli SSB, under our
assay conditions (discussed in Chapter 5, section 5.5.1).
Fig. 3.7a contains a representative snapshot of dsDNA products obtained from a bulk-phase
assay, solely reliant on the strand-displacement synthesis activity of Pol δ, followed by strand
switching and primer extension by Pol δ. This mechanism has been discussed in more detail in
Chapter 5 (section 5.4, Fig. 5.4a). With all other reaction conditions being the same (section
3.3.1), a reaction mixture containing 1.5 nM of the forked-dsM13 substrate, 30 nM Pol δ, 10 nM
RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP and 1 mM ATP was incubated at
30oC for 60 min. The reaction was then quenched, and products were observed in a flow channel
in the presence of 75 nM SYTOX orange. Also shown is a distribution of observed product
lengths obtained from collating data from three replicates of the assay (n = 557). The average
product length in the population is 30.3 ± 0.9 kbp (SEM).
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Figure 3.7 The dsDNA products from DNA replication reactions mediated by Pol δ. a) (left)
Representative FOV of products of a bulk-phase reaction mediated by the strand-displacement and
primer-extension activities of Pol δ (illustrated in Fig. 5.4a). Products are observed through attachment
to a flow-channel surface in the presence of SYTOX orange. (right) Distribution of lengths of products
in randomly chosen FOVs from three assay replicates (n = 557). Data fit a single-exponential decay
function (black line); decay constant – 16.6 ± 1.7 kbp (error of fit). Population average – 30.3 ± 0.9 kbp
(SEM). b) (left) Representative FOV of products seen at the end of a single-molecule assay. Replication
was initiated in the bulk phase, followed by attachment of substrates to a flow-channel surface and
switching to a flow of reaction components through the flow channel. Flow was maintained at 10
µl/min. A randomly chosen FOV was imaged with a laser power density of 47 mW/cm2; one 200 ms
capture every 15 min. No dsDNA products were revealed without quenching. (right) Distribution of
lengths of products in randomly chosen FOVs from three assay replicates (n = 424). Population average
– 15.2 ± 0.2 kbp (SEM). Both reactions contained 1.5 nM forked-dsM13 substrate, 30 nM Pol δ, 10 nM
RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP and 1mM ATP. Reactions were quenched
at 60 min. DNA is visualised through 568-nm excitation of SYTOX orange. End products were visualised
with a power density of 150 mW/cm2. Arrows indicate the direction of flow. Scale bar – 10 kbp.

The data fit a single exponential distribution with a decay constant of 16.6 ± 1.7 kbp (error of the
fit) reflecting the processivity of the mechanism. Typically, processivity distributions of
replicative polymerases follow a single exponential decay, in line with a single rate constant
determining the dissociation of the polymerase from the primer-template junction (Maier,
Bensimon and Croquette 2000). However, the nature of this assay does not reveal to us if the
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product length being observed is a result of a single polymerase-association event or multiple
association-dissociation events. Hence, the measured distribution might not be a true measure
of the processivity of Pol δ in the strand-displacement or primer-extension modes over a single
biomolecular association event.
For a single-molecule observation of this exact mechanism in action, assays were conducted as
described in section 3.3.1. Briefly, all reaction components (1.5 nM of the forked-dsM13 substrate,
30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP and 1mM
ATP) were premixed in a tube and incubated for 5 min (mix 1). The entire reaction solution was
then flowed into a flow channel for attachment of replicative complexes to the surface. A flow
of buffer containing all reaction components (except the DNA substrate) (mix 2) was
consistently maintained through the flow channel at 10 µl/min for 60 min. At the end, a
quenching solution was flowed through the channel and observed lengths of dsDNA products
were measured (Fig. 3.7b). The distribution corresponds to collated product lengths from three
replicates of the assay (n = 424). The average product length is observed to be 15.2 ± 0.2 kbp
(SEM).
The data show that the progress of replication on surface-tethered molecules was only
minimally processive, if at all. It is possible that most, if not all the replicative activity occurs
prior to the substrates being attached to the flow-channel surface. After 5 min of incubation,
reaction components in mix 1 take 3 min to reach the flow channel. Flow is switched to mix 2
within the next 2–3 min once the surface is reasonably well populated with DNA substrates.
While the longest products from the bulk-phase reaction (Fig. 3.7a) were >130 kbp in length,
products observed through these assays (Fig. 3.7b) were no longer than ~35 kbp. Real-time
observation of replication during the course of the assay was not achieved due to the RFCmediated compaction of dsDNA molecules, as previously mentioned, and as discussed in more
detail in Chapter 5 (section 5.3). Distributions of molecules obtained from quenching reactions
at 15, 30 or 45 min were not significantly different.
It is unclear what prevents surface-tethered rolling-circle DNA molecules from replicating even
in a simple assay such as this. Perhaps, drag forces experienced by the molecules have
destabilising effects on certain protein-protein or DNA-protein interactions. We tried limiting
the duration for which mix 2 was flowed through to 20 min, at which point most unbound DNA
molecules are washed off the flow cell, then continuing the reaction under static conditions for
the rest of the reaction period, and finally observing products through quenching; this did not
result in an observable enhancement in the length of dsDNA products. This indicates that flow-
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related drag forces might not be solely responsible for our observations. Possibly, the
phenomenon of RFC-mediated compaction that we were observing was interfering with at least
the synthetic activity of Pol δ, in a manner that we do not understand. We know that RFCmediated compaction is surface related, such that molecules coiled back into compacted DNA
structures only when transferred to the surface (discussed in Chapter 5, section 5.3, Fig. 5.3).

3.3.4 Design of linear forked substrates for single-molecule visualisation of DNA
replication
To overcome the hurdles that we faced when attempting to follow eukaryotic DNA replication
in real time, we designed linear forked dsDNA substrates based on the 48.5 kbp bacteriophage
lambda chromosome (Fig. 3.8a). This linear substrate was designed such that the 3′-end (fork
end) of the leading-strand template is free, to facilitate CMG loading. The substrate has biotin
modifications on both ends for it to be held stretched out end-to-end on the surface. This design
was conceptualised in light of our observation of singly-tethered dsDNA molecules receding
back from their free ends in the presence of RFC. Additionally, the substrate design facilitates
the observation of replication progress without a consistent flow of buffer being maintained
through the flow channel, as will be described below. Hence, the deleterious effects of flowrelated drag forces, if any, could be overcome. The construction of this forked doubly-tethered
λ-DNA substrate is discussed in detail in Chapter 2, section 2.5.2. In short, a replication fork
with a biotinylated arm was hybridised (and ligated) to one of the cos ends of lambda DNA and
a biotin-modified oligonucleotide was hybridised (and ligated) to the other cos end (Fig. 3.8a).
On the fork side, the biotin modification lies on the 5′-end and on the other side the biotin
modification lies on the 3′-end. This facilitates end-to-end attachment of the molecule to a flowchannel surface and allows the 3′-end on the fork side to remain free and accessible. The
leading-strand template of the fork contains a 37-mer primer.
Single-molecule visualisation of coupled DNA replication on this substrate in the presence of
SYTOX orange would present as a successively growing dsDNA product generated with the
replication of the leading-strand template (Fig. 3.8b-top). Because of the compacting effect that
RFC has on dsDNA, this double-stranded leading-strand product was expected to be visualised
as a compacted DNA structure that progressively becomes larger, and hence increases in
intensity as it moves from the fork end to the other end. Simultaneously, the lagging strand
would be discontinuously synthesised on the lagging-strand template.
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Figure 3.8 Assay designs for DNA replication reactions on linear forked dsDNA substrates. a)
Schematic diagram of the forked doubly-tethered λ-DNA substrate. b) (top) Expected visualisation of
coupled DNA replication on the substrate, using SYTOX orange excitation. The compacted leadingstrand duplex is visualised as a fluorescent spot that progressively becomes larger (increases in
intensity) as it moves from one tether-end to the other. (bottom) Expected visualisation of leadingstrand DNA replication on the substrate using SYTOX orange excitation. While the compacted leadingstrand duplex presents as a fluorescent spot increasing in intensity, as it moves from one tether-end
to the other, the lagging-strand template remains single-stranded. Solid lines are used to show dsDNA.
Dotted lines are used to show ssDNA. c) (left) FOV containing doubly-tethered λ-DNA substrates.
Substrates in question are attached to the surface at both their ends with an end-to-end length of ~14
µm. (right) The presence of replication proteins generates diffusive spots along these substrates.
Imaging through 568-nm excitation of SYTOX orange, 150 mW/cm2, 200 ms exposures. Scale bar – 14
µm.

Visualisation of leading-strand replication alone, in the absence of proteins that would enable
lagging-strand replication, would also present as a compacted DNA structure increasing in
intensity as it moves from the fork end to the other end (Fig. 3.8b-bottom). However, the
lagging-strand template would remain single-stranded. Simultaneous visualisation of the
lagging strand using a labelled SSB would ensure that our observation of leading-strand
replication is sufficiently distinct from possible RFC-mediated compaction of broken substrates.
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A constant buffer flow through the flow channel during imaging is not required with the use of
this substrate because of its doubly-tethered design and the nature of the observables.
For the observation of coupled replication on forked doubly-tethered λ-DNA substrates, singlemolecule assays were conducted in a manner similar to that described in section 3.3.1. For
attachment of substrates to the flow-channel surface, a solution containing 150 pM of the
substrate and 200 µM chloroquine in replication buffer was flowed into the flow channel at a
rapid rate of 100 µl/min for 3 min following which the flow rate was reduced to 20 µl/min for 5
min. Chloroquine intercalates into dsDNA and stretches it out to a length closer to its contour
length (Cohen and Yielding 1965); lambda DNA has a crystallographic length of 16.2 µm. This
allows the dsDNA substrate to remain taut between its tether points. Following this,
chloroquine was washed off extensively by flowing in 500 µl of replication buffer at 100 µl/min.
Chloroquine is light sensitive and may cause dsDNA to non-specifically stick to the surface
when exposed to light. For visualisation, a 75 nM SYTOX orange solution carried in replication
buffer was flowed in (Fig. 3.8c-left). Replication components were then flowed into the flow
channel in stages and a randomly chosen FOV was imaged (section 3.3.1).
Through several trials of this assay, we did not observe replication on any of the molecules.
Instead, we observed that as soon as the polymerase loading reaction mixture in stage 2 reached
the flow-channel surface, random DNA spots appeared along the length of these dsDNA
substrates (Fig. 3.8c-right). Many of these DNA spots were seen to diffuse along the length of
the substrates. We do not have a clear understanding of what these spots are or why they
appeared. Similar spots were also observed on doubly-tethered lambda DNA molecules that did
not contain a replication fork on them, in the presence of replication proteins.
These spots were observed irrespective of whether chloroquine was used when attaching
substrates to the surface or not. Importantly, these spots were just as prevalent when
chloroquine was used as when it was not. Spots also did not occur without proteins being
present. Hence it is unlikely that these spots were merely compacted DNA “knots” occurring at
slack regions of substrates. The spots are certainly protein-mediated and occur due to some
kind of DNA-protein interaction. Through further probing, we could not attribute this
observation to a specific protein or a subset of proteins.
We could only speculate that perhaps the quality of our substrate was not high enough and it
had too many nicks, an idea that was already taking shape in the lab based on observations of
inefficiency in DNA replication reactions in viral and bacterial systems, using lambda-based
substrates constructed from commercially available lambda DNA. Using a linearised plasmid
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DNA molecule instead of lambda DNA, in the construction of this substrate, indeed led to
successful reconstitutions of leading- and lagging-strand DNA replication on surface-tethered
substrates. This is discussed in section 3.4 and such reconstitutions are the subject of the next
chapter (Chapter 4).

3.3.5 Design of rolling-circle replication assays for the visualisation of leadingstrand DNA synthesis
For the visualisation of leading-strand DNA replication, we designed an assay based on the use
of labelled E. coli SSB for the observation of the successively growing ssDNA tail as leadingstrand replication progresses around the DNA circle of a forked-dsM13 substrate (Fig. 3.9a). In
the absence of lagging-strand replication proteins and reaction components (Pol α-primase, Pol
δ and NTPs in our system), Pol ε, in conjunction with CMG would continuously synthesise the
leading strand around the DNA circle over multiple cycles. The lagging-strand template
generated through this process would remain single stranded. Using a labelled SSB to visualise
this successively lengthening single-stranded tail, allows us to monitor the progress of leadingstrand replication. As proof of principle, we first used this assay to follow leading-strand
replication in the E. coli DNA replication system.
E. coli SSB genetically fused to the fluorescent protein, mKikGR (monomeric Kikume green-red)
was used in these assays. mKikGR is a photoswitchable GFP (green fluorescent protein)
derivative. In its initial state, mKikGR emits bright green fluorescence, with absorption and
emission maxima at 505 and 517 nm, respectively. Upon illumination with a pulse of 405 nm
UV light, it is converted to a red-light emitting species via a beta elimination reaction that
fragments its peptide backbone. The red form has both its absorption and emission spectra red
shifted, with absorption and emission peaks at 580 and 591 nm respectively (Habuchi et
al. 2008; Loveland et al. 2012).
Single-molecule visualisation of leading-strand DNA replication in the E. coli system was
conducted in a manner similar to that described in section 3.3.1. Reactions were carried in
replication buffer and contained 10 mM DTT. For helicase loading, a reaction mixture
containing 2 nM of the forked-dsM13 substrate, 60 nM DnaBC (helicase-helicase loader
complex) and 1 mM ATP was incubated at 37oC for ~1 min. This solution was then diluted by a
factor of 10 in replication buffer and flowed into the flow channel. Seventy µl were flowed into
the channel at 100 µl/min following which the flow rate was reduced to 10 µl/min and flow was
maintained for 10 min, to allow the substrates to attach to the flow-channel surface. In the next
stage, leading-strand replication was initiated by flowing in a reaction mixture of 20 nM Pol III
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(αεθ, DNA polymerase), 7 nM τ3δδ’ψχ (clamp-loading complex), 40 nM β2 (clamp), 20 nM
DnaBC, 10 nM SSB-mKikGR, 1 mM ATP, 1 µM Trolox (triplet state quencher), 0.45 mg/ml
glucose oxidase, 0.045 mg/ml catalase and 0.8 % (w/v) glucose. Continuous flow through the
flow channel was maintained at 10 µl/min. A randomly chosen FOV was imaged with the 568
nm laser (1.5 W/cm2) to visualise SSB-mKikGR in its red form (photoconverted form). For
photoconversion of SSB-mKikGR from its green form to its red form, the excitation laser beam
was switched to a 405 nm pulse (22 W/cm2) every 10 s. Imaging throughout was carried out
with 200 ms exposures.
Fig. 3.9b has a snapshot of a FOV under observation, containing SSB-mKikGR-coated ssDNA
molecules generated as the result of E. coli leading-strand replication on forked-dsM13 rollingcircle substrates. The kymograph shown (Fig. 3.9c) is a representation of the increase in length
of the SSB-mKikGR-coated ssDNA product with time, for one of the molecules. Tracking the
end point of such products allowed us to track the rate at which leading-strand replication
occurred. The observed mean rate of leading-strand replication was 437 ± 61 nt/s (SEM) (n =
14).
The ssDNA products being visualised are the brightest immediately after every exposure to the
405 nm pulse. Over time, after 405 nm exposure, red SSB-mKikGR molecules bound to the
ssDNA products are exchanged for green SSB-mKikGR molecules from the solution. The
recurring 405 nm pulse periodically photoconverts the green form to the red form in the volume
under observation, for continual observation of the products. The constant unidirectional flow
across the flow channel ensures that the unbound red form in the illuminated volume is
constantly replaced by the green form.
The photo-convertibility of SSB-mKikGR is particularly useful when imaging conditions require
that SSB be present in high concentrations. The continuous replacement of unbound
photoconverted, red SSB-mKikGR molecules ensures that while imaging, the signal is not
flooded with emissions from all the unbound molecules, allowing us to visualise only the bound
SSB-mKikGR molecules.
This assay however could not be translated into a working assay for the visualisation of leadingstrand replication in the budding yeast system. As discussed earlier (section 3.3.3), we did not
observe any CMG-dependent replicative activity in our assays, presumably due to the inability
of CMG to productively load on to rolling-circle substrates under our assay conditions. This was
also true of bulk-phase assays carried out to test for the prevalence of leading-strand replication.
In such an assay, after helicase loading under the same conditions described in section 3.3.1, the
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reaction was initiated with the addition of 40 nM Pol ε, 10 nM RFC, 20 nM PCNA, 400 nM RPA,
5 mM ATP and 60 µM of each dNTP. Observation of substrates on the flow-channel surface
after 90 min of incubation, in the presence of 20 nM E. coli SSB labelled with Alexa Fluor 555
(SSB-AF555) did not reveal any ssDNA molecules.

Figure 3.9 Single-molecule visualisation of leading-strand DNA synthesis. a) Illustration of assay
design. Continuous leading-strand replication on a rolling-circle substrate (forked-dsM13 substrate)
results in a ssDNA tail being progressively displaced from the inner template circle. The increase in
length of ssDNA is tracked through the use of labelled SSB. Template DNA is shown in black, newly
synthesised DNA in red. b) Visualisation of E. coli leading-strand replication using SSB-mKikGR.
Snapshot shows SSB-mKikGR-coated ssDNA, generated during the process. Scale bar – 50 knt. c)
Sample kymograph showing the increase in the length of ssDNA over the observation time (left to
right). Scale bars as shown. Reaction conditions – solution containing 2 nM forked-dsM13 substrate,
60 nM DnaBC and 1 mM ATP was incubated for 1 min for helicase loading. Substrates were then
attached to the surface and flow was switched to a reaction mixture containing 20 nM Pol III, 7 nM
τ3δδ’ψχ, 40 nM β2, 20 nM DnaBC, 10 nM SSB-mKikGR, 1 mM ATP, 1 µM Trolox, 0.45 mg/ml glucose
oxidase, 0.045 mg/ml catalase and 0.8 % (w/v) glucose. Flow was maintained at 10 µl/min over the
course of observation. Red SSB-mKikGR was imaged with a 568 nm laser (1.5 W/cm2). For
photoconversion, a 405 nm pulse (22 W/cm2) was used every 10 s. Imaged with 200 ms exposures.
Arrows indicate the direction of flow.
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3.4 Discussion
The implementation of our experimental design for the single-molecule observation of coupled
DNA replication in the budding yeast system, using in vitro reconstitutions of replication
reactions on surface-tethered rolling-circle DNA substrates, brought forth several unanticipated
issues. It was observed that replication reactions on surface-tethered substrates (singlemolecule assays) were far less processive than reactions involving free substrates in solution
(bulk-phase assays). This was the case even though reactions were initiated in solution before
transferring substrates to the surface for single-molecule observation of elongation. The second
difficulty was that dsDNA molecules tethered to the surface receded back towards their tether
points to form compacted DNA structures that were highly resistant to stretching. We found
that this compaction was mediated by RFC, a phenomenon that is discussed in more detail in
Chapter 5, section 5.3. Thirdly, through a series of explorative experiments, it was established
that CMG was unable to productively load onto the substrates to unwind the template. These
experiments also revealed that Pol δ was very efficient in its strand-displacement synthesis
activity under our assay conditions and was responsible for generating the dsDNA products
observed in our DNA replication reactions.
It has been shown that on model DNA substrates, CMG translocates across ‘non-tailed’ dsDNA
regions without unwinding them and is able to initiate unwinding only upon encountering a 5′tailed duplex (Langston and O’Donnell 2017). This indicates that, in studies where CMG has
been shown to displace 5′-tailed oligonucleotides hybridised to circular ssM13mp18 DNA
(Moyer, Lewis and Botchan 2006; Ilves et al. 2010; Kang et al. 2012; Langston et al. 2014),
CMG loads on the M13mp18 circle to be able to unwind duplex DNA while it traverses 3′–5′.
How CMG loads on to the circle is however not clear.
Under our assay conditions, CMG was not found to productively load on M13mp18 substrates,
by any discernible measure. We also observed this to be true of primed M13mp18 DNA
(essentially, M13mp18 with a 5′-tailed oligonucleotide hybridised to it) (primed-ssM13
substrate), indicating that the absence of a single-stranded stretch on the M13mp18 circle,
before the fork junction, was not the only reason why CMG was unable to load to be active as a
helicase. Additionally, we constructed another substrate (forked-dsM1354), which was similar to
the forked-dsM13 substrate except that this substrate had a 54-nt long ssDNA stretch before the
fork junction, to facilitate CMG loading. CMG has a DNA footprint of 20–40 nt, but our design
was influenced by a linear forked dsDNA substrate design that has previously been used in
assays to demonstrate processive CMG-mediated replication reactions (Georgescu et al. 2014,
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2015). Our observations of unproductive CMG loading were not any different with the forkeddsM1354 substrate, in a Pol α-primase-CMG assay (assay described in section 3.3.3).
These considerations, in addition to others discussed below, influenced our design of linear
forked dsDNA substrates for the reconstitution of S. cerevisiae DNA replication for singlemolecule observation. In our design (Fig. 3.8a), the 3′-end (fork end) of the leading strand is
free and exposed, there exists a 34-nt dT stretch before the 5′-end of the primer and a 54-nt
ssDNA stretch between the 3′-end of the primer and the fork junction – these design
considerations were included to aid in productive CMG loading. We designed this in accordance
with substrates designed by Georgescu et al. (2014, 2015), with their kind inputs.
Further to our understanding that replication reactions in our assays were predominantly being
mediated by Pol δ, we were faced with the observation that the activity of Pol δ on surfacetethered rolling-circle substrates was far less processive than on substrates free in solution. The
reasons behind this are not clear. However, to address our speculations that RFC-mediated
compaction or flow-related drag forces might have a role to play in undermining processive
substrate engagement by Pol δ, we designed the linear forked DNA substrate to be able to
remain tethered to the flow-channel surface at both ends (Fig. 3.8a). This design consideration
allows for single-molecule assays to be conducted in the absence of flow and the lagging-strand
template on which Pol δ is expected to be active is free from compaction-related issues, if any.
The leading-strand duplex composed of the leading-strand template and the newly synthesised
leading strand, would remain compacted (Fig. 3.8b). However, this compacted leading-strand
‘spot’ would successively become larger while it moves from the fork end to the other end,
enabling us to follow fork progression through tracking the increase in the intensity of the spot.
The forked doubly-tethered λ-DNA substrate, constructed with the design parameters detailed
above, did not lead us to expected observables, as explained (section 3.3.4, Fig. 3.8c). We
cautiously attribute this to the presence of too many nicks on the lambda DNA used in substrate
construction. The next chapter (Chapter 4) discusses reconstitutions of coupled replication
reactions on linear forked dsDNA substrates that were constructed by using a linearised plasmid
DNA molecule (pSupercos1) instead of lambda DNA (forked doubly-tethered 18-kb substrate,
section 2.5.4), leading to expected outcomes. Interestingly, we did not observe stranddisplacement synthesis by Pol δ on these substrates, even in the absence of CMG.
In Chapter 5, the single-molecule visualisation of the strand-displacement and primerextension activities of Pol δ on the forked-dsM13 substrate are discussed. However, on account
of the impediments encountered, only a very small number of replication events were recorded.
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Chapter 4
Single-molecule visualisation of the exchange dynamics of
DNA polymerases in Saccharomyces cerevisiae DNA
replication
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4.1 Prologue
The work presented in this chapter details the reconstitution of the Saccharomyces cerevisiae
replisome on linear forked doubly-tethered dsDNA substrates constructed from linearised
plasmid DNA molecules (forked doubly-tethered 18-kb substrate, section 2.5.4), to enable the
single-molecule observation of concerted leading- and lagging-strand replication. In addition
to the minimal complement of protein factors used for replisome reconstitution in Chapter 3
(CMG, Pol ε, Pol δ, Pol α-primase, RFC, PCNA, RPA), Mcm10, Ctf4 and the Mrc-Tof1-Csm3
complex were also used. Furthermore, using fluorescently labelled proteins, the exchange
dynamics of all three polymerases and CMG were probed to gain insights into the composition
and compositional plasticity of the eukaryotic replisome.
The contents of this chapter are published as:
Tunability of DNA polymerase stability during eukaryotic DNA replication
Molecular Cell, Volume 77, Issue 1, pp. 17–25.E5, January 02 2020
Jacob S. Lewis1,2, Lisanne M. Spenkelink1,2, Grant D. Schauer3, Olga Yurieva4,5, Stefan H. Mueller1,2, Varsha
Natarajan1,2, Gurleen Kaur1,2, Claire Maher1,2, Callum Kay1,2, Michael E. O’Donnell4,5, and Antoine M. van Oijen1,2
(1Molecular Horizons and School of Chemistry and Molecular Bioscience, University of Wollongong, Wollongong,
NSW 2522, Australia
2Illawarra

Health & Medical Research Institute, Wollongong, NSW 2522, Australia

3Department
4Laboratory
5Howard

of Biochemistry and Molecular Biology, Colorado State University, Fort Collins, CO 80523, USA

of DNA Replication, Rockefeller University, New York, NY 10065, USA

Hughes Medical Institute, Cambridge, MA 02138, USA)

Published content is presented here essentially as it is to maintain the clarity of the overall
context of the work and its impact on our understanding of eukaryotic replication. This
publication is the result of a large number of authors affiliated with three universities. This
prologue aims to clarify the specifics of my contribution to this work and describes how my
contributions led to the insights described in this publication and in this chapter.
The work presented in this publication had a strong foundation in previous work on
reconstituting DNA replication reactions on rolling-circle DNA substrates and on lambda DNAbased linear forked DNA substrates (discussed in Chapter 3). The insights that were obtained
based on my work, helped us develop the experimental protocols that have been used in this
publication. Importantly, as summarised in section 3.4, my work helped us with progressively
redesigning and refining the DNA substrate used in single-molecule DNA replication assays.
The forked doubly-tethered 18-kb substrate (section 2.5.4) was developed on the basis of the
several design considerations detailed in section 3.4.
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The forked doubly-tethered 18-kb substrate was used in all the single-molecule investigations
discussed in this chapter. The substrate was designed by Jacob S. Lewis and constructed by me
for use in the investigations that I carried out. The construction of this substrate is discussed in
section 4.5.2.2. The substrate was characterised as illustrated in Fig. 4.8S(a,b,d) by the two first
authors - Jacob S. Lewis and Lisanne M. Spenkelink.
I conducted single-molecule assays for tracking replication fork progression in non-preassembly DNA replication reactions (reactions where excess polymerases were present in
solution), through the fluorescent visualisation of SYTOX orange-stained dsDNA. The
experimental design, the observations made, and the conclusions drawn from these
investigations are discussed in section 4.3.1. I analysed the data pertaining to these
investigations. The data obtained from these investigations are illustrated through Fig.
4.1(a,b,c), Fig. 4.8S(c,e), Fig. 4.9Sa (barring ‘wt pre-assembly’ data), Fig. 4.9Sb, Fig. 4.9Sc (excess
proteins in solution – wt) and Fig. 4.9Sd. I also conducted control experiments to validate the
observations made. The data pertaining to the control experiments are presented through Fig.
4.9Sa. The experimental methods used in these investigations are detailed in section 4.5.4
(4.5.4.1, 4.5.4.2, 4.5.4.3, 4.5.4.6).
In the experiments that I conducted, concerted leading- and lagging-strand DNA replication
was observed in real time at the single-molecule level through the visualisation of individual
replisomes during fork progression. Fork progression through DNA replication was observed to
be consistently efficient with several templates being completely replicated (Fig. 4.9Sd).
Through tracking fork progression, instantaneous rates of replication were calculated, yielding
a population average of 19 ± 6 bp/s (mean ± SEM; n = 96 molecules). The single-molecule rate
distribution was found to be bimodal with two distinct peaks at 8 ± 2 bp/s and 33 ± 2 bp/s (mean
± SEM; n = 96 molecules) (Fig. 4.1c).
Subsequent to my investigations of non-pre-assembly reactions, experiments were conducted
to ascertain whether the replisome is able to consistently function as a stable entity, without
the possibility of polymerases exchanging with their counterparts in solution. In these assays,
the budding yeast replisome was pre-assembled on DNA substrates. Replication was initiated
and fork progression monitored under conditions wherein no polymerases (or CMG) were
present in solution (pre-assembly reactions). As before, fork progression was monitored
through the fluorescent visualisation of SYTOX orange-stained dsDNA. It was found that preassembled replisomes were able function efficiently with synthesis rates and product lengths
similar to those measured in non-pre-assembly reactions. Importantly, these observations
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indicated that, Pol δ and Pol α can remain stably associated with the progressing replisome to
be recycled for the synthesis of several Okazaki fragments. These investigations and the data
analysis pertaining to them were carried out by Jacob S. Lewis and Lisanne M. Spenkelink
(section 4.3.2, Fig. 4.1(d-g), Fig. 4.9Sa (wt pre-assembly), Fig. 4.9Sc (pre-assembled replisomes
– wt), Fig. 4.9Se, section 4.5.4.2).
Single-molecule pre-assembly reactions were conducted with labelled polymerases to
determine the stoichiometry of the three replicative polymerases at the fork. It was determined
that one Pol ε, one Pol δ, and two Pol α-primases were present in actively synthesising
replication forks, at all times. These investigations were carried out and analysed by Jacob S.
Lewis and Lisanne M. Spenkelink (section 4.3.3, Fig. 4.2(a,b), Fig. 4.10S, section 4.5.4.5).
FRAP investigations on the exchange dynamics of all the three polymerases (labelled LD650Pol ε, Cy5-Pol δ and AF647-Pol α) and of labelled AF647-Pol δ32– (Pol δ lacking the Pol32
subunit) were carried out and analysed by Jacob S. Lewis and Lisanne M. Spenkelink (section
4.3.4, Fig. 4.3, section 4.3.5, Fig. 4.5(a,b), section 4.3.6., Fig. 4.6, Fig. 4.9Sc (excess proteins in
solution), Fig. 4.12S, Fig. 4.14S, section 4.5.4.6). It was found that, when challenged with free
polymerases, all three polymerases exchanged with their counterparts in solution in a
concentration-dependent manner, without affecting the rate of fork progression. A decrease in
polymerase concentration decreased the mean exchange rate of the polymerase in question. It
was inferred that the stable association of Pol δ at the fork is at least in part mediated by its
Pol32 subunit. In these studies, it was also observed that, at lower concentrations only one Pol
α-primase molecule is present at the fork, as opposed to two at higher concentrations, alluding
to the two Pol α-primases at the fork being subject to different binding affinities (Fig. 4.5c).
Investigations on the relationship between Pol α-primase concentration/exchange rate and
Okazaki-fragment length, using labelled RPA (AF647-RPA), were conducted by Jacob S. Lewis
and Lisanne M. Spenkelink (section 4.3.5, Fig. 4.5(d,e), section 4.5.4.4). Claire Maher and
Callum Kay assisted them in these investigations.
Investigations on the exchange dynamics of CMG were conducted and analysed by Stefan H.
Mueller (section 4.3.4, Fig. 4.4). As opposed to the polymerases, a single labelled LD650-CMG
was found to remain stably bound at the replisome even when challenged with CMG in solution,
over prolonged periods of observation.
Investigations involving the DNA-polymerase mutant of Pol α-primase (Pol αCat), were carried
out by Jacob S. Lewis and Lisanne M. Spenkelink (section 4.3.3, Fig. 4.2c, Fig. 4.5e, Fig. 4.9Sc
(pre-assembled replisomes – dead)). It was found that the DNA polymerase activity of Pol α-
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primase was dispensable for efficient fork progression through concerted leading- and laggingstrand replication.
All the wild-type and mutant proteins used in this work were purified by Grant D. Schauer and
Olga Yurieva. All the labelled proteins (except AF647-RPA) were also prepared by Grant D.
Schauer and Olga Yurieva (section 4.5.1.1 to section 4.5.1.9, Fig. 4.13S). Labelled AF647-RPA was
prepared by Gurleen Kaur (section 4.5.1.10). Bulk-phase assays for the characterisation of Pol
αCat were carried out by Grant D. Schauer (section 4.5.3, Fig. 4.11S). The primed linear DNA
substrate used in these assays was also constructed by Grant D. Schauer (section 4.5.2.3).
Antoine M. van Oijen and Michael E. O’Donnell conceptualised and supervised this work. Jacob
S. Lewis, Lisanne M. Spenkelink, Grant D. Schauer, Michael E. O’Donnell and Antoine M. van
Oijen primarily drafted this manuscript.
The sections of the manuscript containing the methodology, data, observations and inferences
pertaining to my work were written based on the information that I had provided. I also
subsequently reviewed the manuscript, particularly the sections related to my work.
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4.2 Introduction
To robustly synthesize genomic DNA, the eukaryotic replisome requires a large number of
interacting protein factors with different enzymatic activities. Key components include the 11subunit CMG helicase and three different multi-subunit B-family DNA polymerases – the
leading-strand Pol ε, lagging-strand Pol δ, and Pol α-primase (Bell and Labib 2016; Burgers and
Kunkel 2017). CMG unwinds DNA by translocating along one of the strands in a 3′ to 5′
direction while forming a complex with Pol ε (Langston et al. 2014; Sun et al. 2015) to support
highly processive synthesis of DNA on the leading strand. On the lagging strand, Pol α-primase
generates ~25-nt RNA–DNA primers that Pol δ extends to generate ~150-bp Okazaki fragment
(Bell and Labib 2016). The commonly accepted model of replication depicts Pol ε stably
anchored to CMG but shows Pol δ not physically tethered to the replisome and subsequently
replaced for the synthesis of each Okazaki fragment (Bell and Labib 2016). Biochemical and
structural studies have provided valuable insights into basic enzymatic activities and overall
architecture of the eukaryotic replisome. However, the dynamic behavior of the various
replisomal components is largely unexplored due to the challenges associated with the
averaging over ensembles of molecules that is needed to gain structural and functional insight.
We demonstrate here the reconstitution of the S. cerevisiae replisome by purified protein factors
and the visualization of processive DNA replication at the single-molecule level. We show that
all three replicative polymerases can remain stably associated with the replisome for the
synthesis of tens of kilobases (kb), and that the DNA synthesis activity of Pol α-primase is
dispensable under these conditions. Pol α-primase and Pol δ are retained at the fork while
synthesizing large numbers of successive Okazaki fragments. This unexpected observation of
recycling of the lagging-strand polymerases without dissociation from the replisome directly
challenges textbook models and implies physical connectivity between Pol δ and the replisome,
and the formation of loops in the lagging-strand DNA. We demonstrate that this retention of
Pol δ is facilitated through the Pol32 subunit of Pol δ (Huang et al. 1999; Johansson, Garg and
Burgers 2004). Interestingly, when challenged with competing polymerases, all three
polymerases are able to exchange from solution into a moving replisome in a concentrationdependent manner. This exchange is in contrast to the CMG helicase, which remains stably
associated even when challenged with excess helicases in solution. We propose the balance
between replisome stability and plasticity enables the complex to provide access to other
binding partners during S phase while not compromising the stability and robustness of the
replisome.

102

4.3 Results
4.3.1 Single-molecule DNA replication
We visualized individual budding yeast replisomes using a real-time single-molecule
fluorescence assay that allows us to monitor simultaneously DNA synthesis and protein
dynamics. We assembled linear, dsDNA molecules (18.3 kbp length) in a microfluidic flow cell
placed onto a fluorescence microscope. The DNA is stretched and attached to the surface at
both ends (Fig. 4.8Sa,b – supplementary figure, all supplementary figures are in section 4.6). A
pre-made synthetic replication fork at one end of the DNA enables direct loading of the
replisomal proteins onto the DNA (Fig. 4.1a-left). DNA synthesis is initiated by loading CMG
and the Mcm10 initiation factor (CMGM) onto the template followed by the introduction of
Ctf4, Mcm10, Mrc1–Tof1–Csm3 (MTC), PCNA, RFC, RPA, DNA polymerases α, δ, ε, Mg2+, the
four dNTPs (dATP, dCTP, dGTP, dTTP) and the four rNTPs (ATP, CTP, GTP, UTP) (Fig. 4.1aright) (Georgescu et al. 2015). Real-time synthesis trajectories were obtained from near-TIRF
fluorescence imaging of SYTOX orange-stained dsDNA in the absence of buffer flow. As DNA
synthesis proceeds the leading strand appears as a diffraction-limited spot that moves
unidirectionally along the template DNA. Initially weak in intensity, the spot increases in
intensity as more dsDNA is generated at the leading strand and accumulates into a collapsed
globular coil with dimensions smaller than the diffraction-limited resolution of the imaging
system (Fig. 4.1b-left). The intensity per base pair of this coiled leading-strand product is similar
to the intensity per base pair as measured over the stretched template (Fig. 4.8Sc,d). To
establish that the observed events correspond to simultaneous leading- and lagging-strand
synthesis, we divided the DNA template into three regions – the leading-strand spot (‘Lead’),
the length of DNA behind it (‘Lag’) and the length ahead of it (‘Parental’) (Fig. 4.1b-right). For
every time point, the DNA content is calculated from the integrated fluorescence intensity in
each region (Ganji et al. 2018). During replication, the DNA content of the parental region
decreased while the DNA content of the leading- and lagging-strand regions increased
simultaneously (Fig. 4.1b-right, Fig. 4.8Se). Importantly, in the absence of either Mg2+,
nucleotides, CMG, or DNA polymerases, replication events were not observed (Fig. 4.9Sa).
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Figure 4.1 Single-molecule visualization of DNA synthesis. a) Schematic representation of DNA
replication assay. b) (left) Kymograph showing DNA replication on a single DNA substrate. The leadingstrand tail appears as a bright spot that moves in a unidirectional manner, while simultaneously
increasing in intensity. (right) Length of the lagging strand (‘Lag’), leading strand (‘Lead’) and parental
DNA (‘Parental’) as a function of time, measured by the integrated intensity of the dsDNA. c) Singlemolecule rate distribution. The bimodal distribution was fit with the sum of two Gaussians (black line)
with rates of 8 ± 2 bp/s and 33 ± 2 bp/s (n = 96 molecules). Errors represent SEM. d) Schematic
representation of the pre-assembly DNA replication assay. e) (left) Kymograph showing activity of a
pre-assembled replisome on a single DNA substrate in the absence of polymerases in solution. (right)
Length of the lagging strand (yellow), leading strand (blue) and parental DNA (gray) as a function of
time. f) Example kymograph showing the DNA (gray) and labeled RPA (pink). RPA colocalizes with the
leading-strand DNA spot. g) Example kymograph showing DNA (gray) and labeled RPA (pink) during
leading-strand DNA synthesis. RPA accumulates on the single-stranded lagging strand product.

To quantify the instantaneous rates of replication, we tracked the position of the leading-strand
spot (Tinevez et al. 2017). The measured population-averaged rate of 19 ± 6 bp/s (mean ± SEM.;
n = 96 molecules) (Fig. 4.9Sb,c) is consistent with previously reported ensemble in vitro and in
vivo measurements (Szyjka, Viggiani and Aparicio 2005; Tourrière et al. 2005; Hodgson,
Calzada and Labib 2007; Sekedat et al. 2010; Yeeles et al. 2017; Aria and Yeeles 2018). Rates
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of DNA synthesis varied within individual replisomes (Fig. 4.1c, Fig. 4.9Sb,c), with the singlemolecule rate distribution having two distinct peaks at 8 ± 2 bp/s and 33 ± 2 bp/s (mean ± SEM;
n = 96 molecules, 315 segments). This bimodal rate distribution was reported in our previous
single-molecule studies of leading-strand synthesis and is attributed to dynamic interaction of
the MTC complex with the replisome (Lewis, Spenkelink, Schauer, et al. 2017). Observation of
the same rate distribution here implies that MTC acts in a similar fashion during combined
leading- and lagging-strand DNA synthesis.

4.3.2 Pre-assembled replisomes replicate DNA as a highly stable entity
To measure the stability of synthesizing replisomes on DNA, we carried out single-molecule
pre-assembly replication assays. In these assays, the replisome is first pre-assembled on surface
tethered DNA in the flow cell (Fig. 4.1d-left). Next, the flow cell is washed, and replication is
initiated by introduction of a replication solution that omits all three polymerases. This protocol
ensures only the initially assembled polymerases remain, eliminating the possibility of other
polymerases associating with the replisome (Fig 4.1d-right). We hypothesized that the
requirement for a new Pol δ for each Okazaki fragment would prevent processive synthesis.
Surprisingly, these conditions support processive DNA replication, with synthesis rates and
product lengths similar to those measured with excess polymerases in solution (Fig. 4.1e, Fig.
4.9Sc,d,e). To confirm that the lagging strand does not contain ssDNA gaps, we repeated the
reaction in the presence of fluorescently labeled RPA. The labeled RPA signal colocalizes with
the leading-strand spot and we do not see RPA binding on the lagging strand in the wake of the
replication fork (Fig. 4.1f). In contrast, when we omit proteins needed for lagging-strand
synthesis, we see accumulation of RPA on the single-stranded lagging strand (Fig. 4.1g).
Together these observations suggest Pol δ can remain stably associated to the replisome,
challenging the current view that a new Pol δ holoenzyme is recruited to extend each Okazaki
fragment (as reviewed in Bell and Labib (2016)). These results also reveal that the Pol α-primase
is stably associated to the replication machinery and primes multiple Okazaki fragments.

4.3.3 Direct visualization confirms presence of single polymerases in a processive
replisome
To further explore the observation that Pol δ remains tethered to the replisome, we repeated
our single-molecule pre-assembly assay in the presence of fluorescently labeled polymerases
(Fig. 4.2a). Labeling did not affect the average rates of DNA synthesis (Fig. 4.9Sc). The
kymographs in Fig. 4.2a show bright fluorescent spots for each of the labeled polymerases
during DNA synthesis. The DNA polymerases colocalize with the leading-strand spot,
consistent with the polymerases being stably incorporated into reconstituted replisomes.
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Figure 4.2 Direct visualization of polymerase stability and stoichiometry during processive DNA
synthesis. a) Example kymographs showing activity of pre-assembled replisomes on single DNA
substrates in the absence of excess polymerases in solution. The DNA (left), labeled Pol ε, Pol δ, and
Pol α-primase (middle), the polymerase intensities as a function of time (right). All polymerases
colocalize with the leading-strand spot. b) Distribution of the number of Pol ε (blue), Pol δ (yellow)
and Pol α-primase (turquoise) at the fork. A Gaussian fit (black line) gives 1.0 ± 0.2 (mean ± SEM; n =
70) and 1.0 ± 0.2 (mean ± SEM; n = 70) and 1.8 ± 0.4 (mean ± SEM; n = 42) respectively. c) (left)
Kymograph showing DNA replication of pre-assembled replisomes containing Pol αCat. (right) Length
of the lagging strand (yellow), leading strand (blue) and parental DNA (gray) as a function of time.

To determine the stoichiometry of Pol ε, we divided the intensity at the fork by the intensity of
a single polymerase. We observe the continuous presence of one Pol ε, one Pol δ, and two Pol
α-primases at actively synthesizing replication forks (Fig. 4.2b). To further confirm this analysis,
we repeated the experiment under conditions that allow for photobleaching of fluorophores
covalently bound to Pol ε. We calculated the number of photobleaching steps of Pol ε at the
fork using an unbiased fitting algorithm based on change-point theory (Fig. 4.10Sa) (Duderstadt
et al. 2016; Hill, van Oijen and Duderstadt 2018). Consistent with our previous analysis we find
one Pol ε at the fork (Fig. 4.10Sb). DNA synthesis on the lagging strand is supported by both Pol
δ and the DNA polymerase activity of the multifunctional Pol α-primase. To investigate the
influence of DNA synthesis activity by Pol α-primase on the lagging strand, we repeated the preassembly assay with a mutant of Pol α-primase that is able to produce RNA primers but is unable
to extend these into DNA (Pol αCat, Fig. 4.11S). Remarkably, the DNA polymerase activity of Pol
α-primase is not required during processive leading- and lagging-strand synthesis (Fig. 4.2c, Fig.
4.9Sc). Taken together, these observations are consistent with a model in which Pol δ supports
lagging-strand synthesis (Yeeles et al. 2017; Aria and Yeeles 2018) and Pol α-primase is only
required for its primase activity.
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4.3.4 Direct visualization of concentration-dependent exchange of Pol ε
Our observations and previous studies (Langston et al. 2014; Lewis, Spenkelink, Schauer, et
al. 2017; Douglas et al. 2018) suggest that Pol ε is a stable component of the replisome.
However, recent single-molecule experiments have demonstrated that stable components of
multi-protein complexes can undergo dynamic exchange when challenged with competing
binding partners (Delalez et al. 2010; Graham, Johnson and Marko 2011; Scherr, Safaric and
Duderstadt 2018; Li et al. 2019). In particular, complexes held together by multiple weak
interactions support high stability in the absence of competing factors, but rapid exchange in
the presence thereof (van Oijen and Dixon 2015). We hypothesized that the multiple contact
points between Pol ε and the replisome may similarly allow it to exchange dynamically in the
presence of free polymerases in solution (Åberg, Duderstadt and van Oijen 2016). To visualize
such polymerase dynamics, we repeated the assay but now with labeled polymerases in solution.
The presence of excess polymerases in solution did not result in changes to replication kinetics
(Fig. 4.9Sc). In the presence of polymerases in solution, we detect on average one Pol ε at the
replication fork (Fig. 4.3a).

Figure 4.3 Visualization of Pol ε dynamics. a) Number of Pol ε at the fork as a function of excess
polymerases in solution. Errors are SEM. b) Schematic representation of the FRAP assay. c) Example
kymographs showing exchange of Pol ε at the fork. DNA (left), labeled Pol ε (middle), and the labeled
Pol ε intensity (right). d) Exchange rate as a function of Pol ε concentration. The line represents a
hyperbolic fit, giving a maximum exchange rate of (1.4 ± 0.5) x 10–3 s–1 (mean ± error of the fit).

To identify whether exchange occurs, we carried out single-molecule FRAP (fluorescence
recovery after photobleaching) experiments (Beattie et al. 2017; Lewis, Spenkelink, Jergic, et
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al. 2017). Using labeled Pol ε, we photobleached all labeled polymerases at the replication fork
using a pulse of high laser intensity after initiation of replication (Fig. 4.3b-left). After bleaching,
we monitored fluorescence recovery to see if new unbleached Pol ε from solution could
exchange into the replisome (Fig. 4.3b-right). Fig. 4.3c shows a kymograph of the fluorescence
recovery of Pol ε in the presence of 20 nM Pol ε in solution. We obtained an average exchange
rate of ~1 per 10 min for these conditions (i.e. (12.5 ± 0.1) × 10–4 s–1; Fig. 4.12Sa). This rate is
equivalent to exchange of one Pol ε over a length of ~15 kb. On decreasing the labeled Pol ε
concentration from 20 to 2 nM, the mean exchange rate decreased (Fig. 4.3d). These results
demonstrate that Pol ε undergoes concentration-dependent exchange at the replication fork.
As an internal control, we set out to characterize the exchange kinetics of the CMG helicase
(Fig. 4.4). A number of mechanisms are in place during the cell cycle to achieve the precise
loading of exactly one CMG per replication fork (Bell and Labib 2016; Abid Ali et al. 2017;
Douglas et al. 2018). Combined with structural data that point to a role of CMG as the central
organizer of the replisome, we hypothesized that CMG would remain stably bound during
elongation. Using fluorescently labeled CMG, we observe a single CMG remaining stably bound
during DNA synthesis on time scales longer than 30 min, even when challenged with excess
CMG in solution (Fig. 4.4b,c).

Figure 4.4 CMG is a stable component of the replisome during replication. a) Schematic
representation of the assay. b) Example kymographs showing the DNA (left) and labeled CMG
(middle); and the corresponding labeled CMG intensity as a function of time (right). CMG colocalizes
with the leading-strand DNA spot. c) Average number of CMG molecules at elongating replication forks
over time, giving 1.0 ± 0.07 (mean ± SEM; n = 89).
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4.3.5 Direct visualization of Pol α-primase dynamics and stoichiometry
To test whether Pol α-primase displays exchange behaviour similar to Pol ε, we repeated the
FRAP experiments using labeled Pol α-primase. Fig. 4.5a shows a kymograph of the fluorescence
recovery of Pol α-primase in the presence of 20 nM Pol α-primase in solution. We obtained an
average exchange rate of ~1 per 10 min (i.e. (1.7 ± 0.1) × 10–3 s–1) for these conditions. As with Pol
ε, decreasing the labeled Pol α-primase concentration from 20 to 2 nM, decreased the mean
exchange rate (Fig. 4.5b). Interestingly, at low polymerase concentrations only one Pol αprimase molecule was observed at the fork (Fig. 4.5c). This shows that the binding affinities for
the two Pol α-primase molecules are different, suggesting a unique hierarchy of functional
interactions that keep each Pol α-primase attached to the replisome.

Figure 4.5 Visualization of Pol α-primase dynamics. a) Example kymographs showing the DNA (left)
and labeled Pol α-primase (middle); and corresponding labeled Pol α-primase intensity at the fork
(right). b) Exchange rate as a function of Pol α-primase concentration. The line represents a hyperbolic
fit, giving a maximum exchange rate of (2.3 ± 0.2) × 10–3 s–1 (mean ± error of the fit). c) Number of Pol
α-primase at the fork as a function of excess polymerases in solution. Errors represent SEM. d)
Histograms of the number of RPA molecules binding to either a 57-mer (purple, n = 1299) or a 99-mer
oligo (pink, n = 939). The average ssDNA–RPA footprint is 30 ± 2 nt. Error represents SEM. e) (left)
Schematic representation showing the relationship between the number of RPA molecules and
Okazaki-fragment length. (right) Scatter plots of the number of RPA for pre-assembled Pol αCat (9 ± 1;
n = 68), pre-assembled Pol α-primase (9.0 ± 1; n = 64), 2 nM (7.0 ± 0.9; n = 51), 20 nM (3.7 ± 0.5; n =
64), and 70 nM (1.5 ± 0.3; n = 60) Pol α-primase in solution. The black line and gray box represent the
mean and SEM.

To understand how the Pol α-primase exchange rate compares to the Okazaki-fragment cycling
time, we quantified the average length of Okazaki fragments under our experimental
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conditions. We used fluorescently labeled RPA to assess the amount of ssDNA as a measure of
the Okazaki-fragment size (Fig. 4.5e-left). As shown before (Fig 4.1f), RPA was always
colocalized at the replication fork. In agreement with biochemical studies (Georgescu et
al. 2015) we observe that the number of RPA molecules is dependent on the concentration of
Pol α-primase (Fig. 4.5e-right). Given that the footprint of RPA is 30 ± 2 nt (Fig. 4.5d) and at 20
nM Pol α-primase we see 3.7 ± 0.5 (mean ± SEM; n = 64) RPA molecules at the fork, we
determine that the average Okazaki-fragment length in our single-molecule assays is 111 ± 16 bp
(mean ± SEM), consistent with in vivo studies (Bell and Labib 2016). To further confirm that
lagging-strand synthesis is unaffected by the omission of Pol α-primase polymerase activity, we
also quantified the number of RPA at pre-assembled replisomes containing Pol αcat. Under these
conditions we see 9 ± 1 RPA at the fork. This number is as observed for conditions containing
wild-type Pol α-primase (Fig. 4.5e-right).

4.3.6 Direct visualization of Pol δ dynamics
We next visualized labeled Pol δ in the presence of excess polymerases in solution. Interestingly,
in 86 ± 5% (mean ± SEM; n = 55) of events, DNA synthesis begins only after binding of Pol δ,
consistent with a model where assembly of Pol δ into the replisome stimulates processive
simultaneous leading- and lagging-strand synthesis. We repeated the FRAP experiments with
labeled Pol δ (Fig. 4.6a, Fig. 4.12Sc).

Figure 4.6 Visualization of Pol δ dynamics. a) Example kymographs showing the DNA (left) and labeled
Pol δ (middle); and corresponding labeled Pol δ intensity at the fork (right). b) Example kymographs
showing the DNA (left) and labeled Pol δ32–(middle); and corresponding labeled Pol δ32– intensity at
the fork (right). c) Exchange rate as a function of polymerase concentration with Pol δ (yellow) and
Pol δ32– (magenta). The lines represent hyperbolic fits, giving a maximum exchange rate of (1 ± 3) ×
10–3 s–1 (mean ± error of the fit) for Pol δ (yellow) and (4 ± 8) × 10–3 s–1 (mean ± error of the fit) for Pol
δ32– (magenta).

We observe that the exchange rate of Pol δ is also dependent on the concentration of Pol δ in
solution (Fig. 4.6c). Surprisingly, even at the highest concentration of Pol δ that still allows

110

visualization of single molecules (20 nM), the Pol δ exchange rate is such that it would
correspond to the synthesis of many Okazaki fragments. At an average replication rate of 19 ± 6
bp/s (Fig. 4.9Sc) our observation suggests that Pol δ is retained within the replisome for
synthesis of 142 ± 78 Okazaki fragments, and therefore must have stabilizing contacts with other
protein factors within the replisome.
We then set out to identify the mechanism through which Pol δ is retained in replisomes. The
Pol32 subunit of Pol δ is documented to interact with other protein factors in the replisome
such as the Pol1 subunit of Pol α-primase (Huang et al. 1999; Johansson, Garg and
Burgers 2004). Thus, we predicted that elimination of contact between Pol32 of Pol δ and the
replisome would result in a change in the exchange rate of Pol δ into the replisome. If the Pol32
subunit provides an important interaction between Pol δ and the replisome, the exchange of
Pol δ32– (Pol δ lacking the Pol32 subunit) should be measurably faster than the exchange of the
complete Pol δ holoenzyme. To test this hypothesis, we fluorescently labeled Pol δ32– and
repeated the FRAP measurements (Fig. 4.6b, Fig. 4.12Sd). Indeed, the exchange rate of Pol δ32–
is ~2.5-fold faster than the exchange of the Pol δ holoenzyme ((27.0 ± 0.5) × 10–4 s–1 compared
to (12 ± 5) × 10–4 s–1) (Fig. 4.6c). These data show that Pol32 plays an important role in stabilising
Pol δ in the replisome.

4.4 Discussion
We report here the reconstitution and visualization at the single-molecule level of DNA
synthesis by budding yeast replisomes. Our real-time fluorescence assay allows us to directly
visualize replication kinetics and quantify protein dynamics in individual replisomes –
observables that are not accessible via classical biochemical approaches. The average observed
replication rates are similar to those previously reported in ensemble biochemical reactions
(Georgescu et al. 2015; Kurat et al. 2017; Langston et al. 2017; Yeeles et al. 2017; Aria and
Yeeles 2018) and are within the range of replication fork rates inside the cell (Conti et al. 2007;
Hodgson, Calzada and Labib 2007; Sekedat et al. 2010). We show that the eukaryotic
replisome acts as a stable processive machine under dilute conditions. In the presence of excess
polymerases, however, the replisome is not fixed in composition, but instead is a highly dynamic
complex continually exchanging major components. This model is founded upon three
observations. (i) In the absence of all three replicative polymerases in solution the replisome
forms a stable complex able to support processive, concerted leading- and lagging-strand
synthesis (Fig. 4.2). (ii) Pol δ can be retained at the replication fork for multiple Okazaki
fragments, mediated at least in part through an interaction with Pol32 (Fig. 4.6). (iii) The
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leading- and lagging-strand polymerases exchange during DNA synthesis in a concentrationdependent manner without affecting rates of replication (Fig. 4.3, Fig. 4.5, Fig 4.6, Fig. 4.9c).
In contrast to long-standing views that replisome architecture is static, single-molecule
fluorescence experiments have documented dynamic exchange of components at
physiologically relevant time scales in large multi-protein complexes across all domains of life
(Geertsema et al. 2014; Liao et al. 2016). Our work provides the first direct evidence that all
three polymerases Pol α-primase, Pol ε, and Pol δ are similarly exchanged from solution in a
concentration-dependent manner during DNA synthesis. In the absence of polymerases in
solution, the original polymerases are retained, and the replisome forms a highly stable complex
resistant to dilution (Fig. 4.7a). In the presence of excess polymerases, they are exchanged into
the replisome at a rate dependent on their concentration (Fig. 4.7b).

Figure 4.7 Compositional plasticity at the eukaryotic replication fork. a) All three replicative
polymerases can form a stable complex in the absence of free polymerases in solution, indicating that
the lagging-strand Pol α-primase and Pol δ can recycle for synthesis of many Okazaki Fragments. (Pol
ε, blue; Pol α-primase, turquoise; Pol δ, yellow; CMG, green; PCNA, red; RPA, pink). The Pol δ linkage
is unclear, but its Pol32 subunit is involved. The Ctf4 and MTC components of the replisome are not
shown, for clarity. b) In the presence of excess polymerase, all three Pols undergo exchange in a
concentration-dependent manner. However, CMG remains stably bound and does not undergo
exchange.

Concentration-dependent exchange can be rationalized through an interaction network
consisting of multiple weak interactions. Under dilute conditions, transient disruption of any
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one of these interactions would be followed by its rapid reformation to prevent dissociation. If,
however, there are exogenous competitors in close proximity to the complex, one of these can
bind at a transiently vacated binding site and consequently be at a sufficiently high local
concentration to compete out the original protein.
A concentration-dependent exchange mechanism likely plays an important role in genomic
integrity (Mueller, Spenkelink and van Oijen 2019). Through such a mechanism, the replisome
has access to a plurality of molecular pathways to achieve and ensure continuous replisome
progression under a variety of cellular stresses. Re-priming of leading-strand synthesis past DNA
damage is highly inefficient (Taylor and Yeeles 2018). As a result, the replisome will need to
recruit specialized repair polymerases directly to the fork for efficient bypass of damage.
Concentration-dependent exchange of Pol ε on the leading strand provides a simple molecular
mechanism to grant repair polymerases access to the replisome during the initial response to
DNA damage. While our biochemical and experimental knowledge of the eukaryotic replisome
is not as detailed as it is for the bacterial and viral systems, our report implies bacterial and
eukaryotic replication machinery utilize the same basic operating principles, however, differ in
the way in which they assemble and coordinate these processes (Yao and O’Donnell 2016).
Dynamic exchange of polymerases also provides the replisome with a straightforward way to
pass through cohesion rings that hold together replicated sister chromatids. Cohesin can move
over obstacles ~11 nm in size (Stigler et al. 2016). Since the size of the replisome is much larger
(Sun et al. 2015), it is difficult to envisage how it can pass through cohesin rings. We speculate
that CMG (~10 nm) may fit through the pore and that dynamic exchange of other components
allows the replisome to pass as a minimal complex to be re-joined with its polymerases
immediately after.
Our results show that both the exchange rate and the stoichiometry of Pol α-primase at the fork
are dependent on the concentration of Pol α-primase in solution. At low concentrations, only
one Pol α-primase is present at the fork, likely bound to Ctf4 (Simon et al. 2014). At high
concentrations, however, we observe two Pol α-primases colocalizing with the replisome. Due
to the diffraction-limited nature of our experiments, we cannot directly comment on the exact
binding site of both Pol α-primases. Furthermore, we also cannot determine if the second Pol
α-primase participates in primer synthesis, or if it is bound elsewhere near the fork. The
redundancy of the DNA polymerase activity of Pol α-primase suggests it may perform functions
in the cell other than priming in DNA replication. Taken together, these results highlight the
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importance of determining the functional significance of these observations and whether a
second Pol α-primase allows efficient bypass across obstacles.
It is generally assumed that Pol δ is not associated with CMG and that a new Pol δ is recruited
for the synthesis of each successive Okazaki fragment. In contrast, our results show that Pol δ
can be retained at the fork for synthesis of multiple Okazaki fragments. This observation implies
that there are one or more interactions between Pol δ and a stable part of the replisome. We
have discovered that one important interaction is through the Pol32 domain of Pol δ – without
this domain, Pol δ exchange is ~2.5-fold faster (Fig. 4.6). It has been shown that Pol32 interacts
with the Pol1 subunit of Pol α-primase. Pol α-primase has a specific interaction with CMG (Sun
et al. 2015) and can be tethered to CMG via interactions with Ctf4 and Mcm10 (Gambus et
al. 2009; Warren et al. 2009). We, therefore, propose that Pol δ could be tethered to CMG, at
least in part mediated by an interaction with Pol α-primase. Retention of Pol δ over the time
scales presented here, combined with the RPA stoichiometry, implies that lagging-strand
replication loops can be formed at the eukaryotic replication fork (Fig. 4.7) (Chastain et
al. 2003).

4.5 Materials and methods
4.5.1 Protein purification and labeling
4.5.1.1 Yeast and bacterial strains
Proteins were purified from S. cerevisiae strain W303 (genotype: ade2-1 ura3-1 his3-11,15 trp1-1
leu2-3,112 can1-100 bar1Δ MATa pep4∷TKANMX6), a gift from the Brian Chait laboratory
(Rockefeller University). The strain was modified to express proteins using linearized plasmids
with standard genetic procedures. Proteins purified from E. coli were transformed with plasmids
for overexpression in BL21-DE3 codon plus RIL cells (Agilent Technologies Inc.). CMG, Pol ε,
RFC, PCNA and RPA were purified as described in Langston et al. (2014). Pol α-primase, Pol δ
and Ctf4 were purified as described in Georgescu et al. (2014). Mcm10 and MTC were purified
as described in Langston et al. (2017) and Lewis, Spenkelink, Schauer et al. (2017).

4.5.1.2 Purification of Pol δ32–
Pol δ was purified as previously described (Georgescu et al. 2014), the final step of which
involves an elution from a sulphopropyl cation exchange column (GE Healthcare) with a 100–
500 mM NaCl gradient in a buffer containing 350 mM C5H8KNO4 and 25 mM HEPES pH 7.5.
While Pol δ (as a complete holoenzyme) elutes around 350 mM NaCl, Pol δ32– elutes around
250 mM NaCl, allowing complete separation (Fig. 4.13S). Thus, peak fractions at 250 mM NaCl
were aliquoted, flash frozen, and stored at –80°C.
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4.5.1.3 Purification of Pol αCat
Pol αCat contains the DNA polymerase active site mutations Pol 1–D996S, D998S and was
purified as previously described in Georgescu et al. (2015) with few modifications. Briefly, we
inserted a 2× strep tag at the N-terminus of Pol12 for elimination of N-terminally proteolyzed
Pol12. After batch purification from anti-FLAG agarose (Sigma-Aldrich) the eluent was mixed
with 300 μL of StrepTactin resin (IBA Lifesciences) equilibrated with PBS buffer supplemented
with 10% (v/v) glycerol and washed. Pol αCat was eluted in PBS buffer supplemented with 10%
(v/v) glycerol and 10 mM desthiobiotin. Fractions were pooled, frozen in liquid N 2 and stored
in aliquots at –80°C.

4.5.1.4 Production of SFP synthase reagents for protein labeling
SFP synthase was purified by nickel-NTA chromatography as previously described (Yin et
al. 2006). Alexa Fluor 488 (AF488) was functionalized by co-enzyme A (CoA) and purified by
HPLC as previously described (Yin et al. 2006) and an LD650–CoA (a CoA-derivatized
photostable version of Cy5) was purchased from Lumidyne Technologies (USA).

4.5.1.5 Preparation of LD650–Pol ε and AF488–Pol ε
To obtain Pol ε labeled with a single LD650 (Lumidyne Technologies) or Alexa Fluor 488
(Invitrogen) dye, we inserted the “S6” peptide (GDSLSWLLELLN) (Zhou et al. 2007) between
the N-terminus of Pol2 and its 3× FLAG tag. The resultant Pol ε–S6 plasmid was overexpressed
in S. cerevisiae and Pol ε–S6 purified as previously described (Georgescu et al. 2014). For
labeling, Pol ε–S6, SFP enzyme, and either LD650–CoA or AF488–CoA were then incubated at
a 1:2:5 molar ratio for 1 h at room temperature in the presence of 10 mM MgCl2. Excess dye and
SFP enzyme were removed by purification on a Superose 6 column (GE Healthcare) with a buffer
containing 25 mM Tris-HCl pH 7.5, 150 mM NaCl, 1 mM DTT, 5% (v/v) glycerol. Fractions were
frozen in liquid N2 and stored in aliquots at –80°C. The degree of labeling was determined to be
~100% for both LD650–Pol ε and A488–Pol ε by UV/vis spectrophotometry.

4.5.1.6 Preparation of LD650–CMG
CMG labeled with LD650 (Lumidyne Technologies) was produced as described in Wasserman
et al. (2019).

4.5.1.7 Preparation of Cy5–Pol δ
Pol δ was prepared in S. cerevisiae as previously described (Georgescu et al. 2014) and
subsequently dialyzed into 250 mM NaCl, 5% (v/v) glycerol, 50 mM C5H8KNO4, 25 mM HEPES
pH 7.5, and 2 mM DTT. Following dialysis, Pol δ was labeled with a 5-fold molar excess of Cy5–
NHS (GE Healthcare) for 5 min at 4°C. Excess dye was removed by five buffer exchange steps
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through a centrifugal filter (50K MWCO; Millipore) following the manufacturer’s instructions.
Labeled Cy5–Pol δ was frozen in liquid N2 and stored in aliquots at –80°C. The degree of labeling
was measured to be 5 fluorophores per Pol δ holoenzyme by UV/vis spectrophotometry.

4.5.1.8 Preparation of AF647–Pol δ32–
Alexa Fluor 647 (Invitrogen) was used to label Pol δ32–. Labeling reactions were carried out using
3-fold molar excess of dye with 58.5 μM Pol δ32– in 320 μL of Pol δ32– labeling buffer (30 mM
Tris-HCl pH 7.6, 2 mM DTT, 300 mM NaCl, 50 mM C5H8KNO4, 10% (v/v) glycerol) for 10 min
at 4°C with gentle rotation. Immediately following the coupling reaction, excess dye was
removed by sequential elutions from two 0.5 mL Zeba spin desalting columns (7K MWCO;
Thermo Fisher) following the manufacturer’s instructions and equilibrated in buffer containing
30 mM Tris-HCl pH 7.6, 2 mM DTT, 300 mM NaCl, 50 mM C5H8KNO4, 10% (v/v) glycerol.
Labeled AF647–Pol δ32– was frozen in liquid N2 and stored in aliquots at –80°C. The degree of
labeling was measured to be 1 fluorophore per Pol δ32– holoenzyme by UV/vis
spectrophotometry.

4.5.1.9 Preparation of AF647–Pol α-primase
Alexa Fluor 647 (Invitrogen) was used to label Pol α-primase. Labeling reactions were carried
out using 5-fold molar excess of dye with 3.38 μM Pol α-primase in 120 μL of Pol α-primase
labeling buffer (50 mM HEPES pH 7.5, 2 mM DTT, 200 mM NaCl, 50 mM C5H8KNO4, 10% (v/v)
glycerol) overnight at 4°C with gentle rotation. Immediately following the coupling reaction,
excess dye was removed by sequential elutions from three 0.5 mL Zeba spin desalting columns
(7K MWCO; Thermo Fisher) following the manufacturer’s instructions and equilibrated in
buffer containing 30 mM Tris-HCl pH 7.6, 2 mM DTT, 300 mM NaCl, 50 mM C5H8KNO4, 10%
(v/v) glycerol. Labeled AF647–Pol α-primase was frozen in liquid N2 and stored in aliquots at –
80°C. The degree of labeling was measured to be 1 fluorophore per Pol α-primase holoenzyme
by UV/vis spectrophotometry.

4.5.1.10 Preparation of AF647–RPA
Alexa Fluor 647 (Invitrogen) was used to label RPA. Labeling reactions were carried out using
5-fold molar excess of dye with 45 μM RPA in 550 μL of RPA labeling buffer (50 mM Tris-HCl
pH 7.6, 3 mM DTT, 1mM EDTA, 200 mM NaCl, 10% (v/v) glycerol) for 2 h at 23°C with gentle
rotation. Immediately following the coupling, excess dye was removed by gel filtration at 1
mL/min through a column (1.5 × 10 cm) of Sephadex G-25 (GE Healthcare), equilibrated in gel
filtration buffer (50 mM Tris-HCl pH 7.6, 3 mM DTT, 1mM EDTA, 200 mM NaCl, 20% (v/v)
glycerol). Labeled AF647–RPA was frozen in liquid N2 and stored as single use aliquots at –80°C.
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The degree of labeling was measured to be 1 fluorophore per RPA trimer by UV/vis
spectrophotometry.

4.5.2 DNA substrate preparation
4.5.2.1 Oligonucleotides and DNA
Oligonucleotides were purchased from Integrated DNA technologies (USA). Plasmid
pSuperCos1 DNA was purified by Aldevron (USA).

Table 4.1 List of custom oligonucleotides. All oligonucleotide sequences are written 5′-3′.
*Represents phosphorothioate bond.
Blocking Lg
26-mer, 5′-phosphorylated

Blocking Ld
30-mer

160Ld
160-mer, 5′-phosphorylated

99Lg
99-mer

Fork primer
37-mer

Near 143-mer
5′-phosphorylated

Far 100-mer

Near Far Bridge
30-mer

AGTCGCAGCTATAGGTGGCATTTCAG
biotin-CTGAAATGCCACCTATAGCTGCGACTCATG
ACCGATGTGGTAGGAAGTGAGAATTGGAGAGTGTGTTTTTTTTTT
TTTTTTTTTTTTTTTTTTTTTTTTTTTTTTGAGGAAAGAATGTTGGT
GAGGGTTGGGAAGTGGAAGGATGGGCTCGAGAGGTTTTTTTTTTT
TTTTTTTTTTTTTTTTTTTT*T*T *T
biotin-TTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTTTTTCACACTCTCCAATTCTCACTTCCTACCAC
ATCGGTCGAT
CCTCTCGAGCCCATCCTTCCACTTCCCAACCCTCACC
ATATTTTATAATTAATTAAATATAATTTTTTTTTTTTTTTTTTTTTT
TTTTTTTTTTTTTTTTTTGAGGAAAGAATGTTGGTGAGGGTTGGGA
AGTGGAAGGATGGGCTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTTT
*T*T*T
AGAGAGTAGAGTGAGTTGTGGATGTGTAGAGTTGTTGTAGGAGA
AGAGTTGTGAAGTGTGGAGTGAGAGAAGAGAAGAGAGAGTGATA
TATTAATATTAT
TTAATTATAAAATATATAATATTAATATAT

30-mer primer

*A*G*C*CCATCCTTCCACTTCCCAACCCTCACC

57-mer

biotin-TTTTTTTTTTTTTTTTTTTTCCTCTCGAGCCCATCCTTCCA
CTTCCCAACCCTCACC
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4.5.2.2 Linear forked doubly-tethered DNA substrates
To make the doubly tethered linear fork DNA substrate, plasmid pSupercos1 DNA (van
Loenhout, de Grunt and Dekker 2012) was linearized overnight at 37°C with 100 U of BstXI in
1X Buffer 3.1 (New England Biolabs). The 18,284 bp fragment was purified with a Wizard SV gel
and PCR clean up kit (Promega) and the concentration was measured. The fork junction was
constructed by annealing 15.3 pmol of 160Ld, 91.8 pmol 99Lg, 1530 pmol of fork primer (table
4.1) by heating at 94°C for 5 min before slowly cooling. Similarly, the biotinylated blocking
duplex was generated by annealing 5.3 pmol of blockingLd and blockingLg by heating at 94°C
for 5 min before slowly cooling. The 18,284 bp linear DNA template (1.5 pmol) was ligated to
the pre-annealed fork junction and biotinylated blocking duplex in 1X T4 ligase buffer (New
England Biolabs) and 2000 U of T4 ligase (New England Biolabs) overnight at 16°C. The ligated
linear forked DNA substrates were purified from excess DNA oligonucleotides by adjusting NaCl
to 300 mM and loaded by gravity onto a Sepharose 4B (Sigma; 1 × 25 cm) column, equilibrated
in gel filtration buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA, and 300 mM NaCl). Ligated
biotinylated linear DNA substrates eluted as a single peak in the column void volume; fractions
under the peak were analysed by agarose gel electrophoresis. Fractions were pooled and dialysed
overnight in 2 L of sterilized TE buffer, concentrated 2-fold in a vacuum concentrator and the
concentration measured. Aliquots were stored at –80°C.

4.5.2.3 Primed linear DNA substrate
The primed linear substrate used to test the polymerase activity of Pol αCat (Fig. 4.11S) was
constructed as follows. To create the 243 nt template, Near 143-mer and Far 100-mer were
ligated together by first mixing with Near Far bridge in a 1:1:3 molar ratio in the presence of 50
mM NaCl and 5 mM trisodium citrate pH 7.0 (Table 4.1). Next, the duplex was annealed by
heating to 94°C for 5 min before slowly cooling. Following this 1 mM ATP and 4,000 Units of
T4 Ligase (New England Biolabs) were added and the reaction was incubated for 16 h at 15°C.
The ligated product was purified on an 8% polyacrylamide, 8M urea denaturing gel using SYBR
Safe stain (Invitrogen) to visualize the single-stranded product. The DNA was recovered by
crushing the gel and soaking in buffer TE pH 8.0 for 16 h at room temperature. This was followed
by spinning at 15,000 rpm for 5 minutes, to recover the supernatant. The 30-mer Primer was 5′end labeled with γ-32P-ATP by T4 polynucleotide kinase (New England Biolabs) according to
manufacturer’s instructions and purified on an S-200 HR microspin column (GE Healthcare).
The radiolabeled primer was annealed to the 243 nt template in a 2:3 ratio.
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4.5.3 Ensemble DNA replication assays
To test for the RNA primase activity of Pol αCat (Fig. 4.11Sa), 2 nM of a linear (dTdC)50
oligonucleotide was incubated with either Pol α-primase or Pol αCat in the presence of 25 mM
Tris-acetate pH 7.5, 5% (v/v) glycerol, 100 μg/mL BSA, 5 mM TCEP, 10 mM Mg(CH3COO)2, 50
mM C5H8KNO4, and 0.1 mM EDTA. Replication reaction was initiated with 80 μM of each of
dATP and dGTP, 200 μM of GTP and 10 μCi of 32P-α-ATP. Reactions were carried out for 20
minutes at 30°C. Reaction volumes were 20 μL. Reactions were stopped by mixing with an equal
volume of 2X stop buffer containing 80% (w/v) formamide, 8 mM EDTA, and 1% (w/v) SDS and
were subsequently run on a 10% polyacrylamide, 8 M urea denaturing gel for 1.5 h at 125 V. The
gel was exposed to a phosphorimaging screen for 16 h and visualized with a Typhoon FLA 9500
scanner (GE Healthcare).
To confirm the absence of DNA polymerase activity in Pol αCat (Fig. 4.11Sb), 2 nM of the linear
DNA substrate primed with a 5′-32P-primer (section 4.5.2.3) was incubated with either Pol αprimase or Pol αCat in the presence of 25 mM Tris-acetate pH 7.5, 5% (v/v) glycerol, 100 μg/mL
BSA, 5 mM TCEP, 10 mM Mg(CH3COO)2, 50 mM C5H8KNO4, and 0.1 mM EDTA. Replication
reactions were initiated by the addition of 80 μM of each of dTTP, dATP, dCTP, and dGTP and
allowed to proceed for 20 minutes at 30°C. Reaction volumes were 20 μL. Reactions were
quenched by mixing with an equal volume of 2X stop buffer containing 80% (w/v) formamide,
8 mM EDTA, and 1% (w/v) SDS and were subsequently run on a 10% polyacrylamide, 8 M urea
denaturing gel for 1.5 h at 125 V. The gel was exposed to a phosphorimaging screen for 16 h and
visualized with a Typhoon FLA 9500 scanner.

4.5.4 Single-molecule DNA replication assays
4.5.4.1 Flow cell preparation
Flow cells were prepared as described previously (Geertsema, Duderstadt and van Oijen 2015;
Lewis, Spenkelink, Jergic, et al. 2017). Briefly, a polydimethylsiloxane (Sylgard) lid was placed
on top of a PEG-biotin-functionalized microscope slide (24 × 24 mm, Marienfeld) to create a 1mm-wide and 100-μm-high flow channel (volume 1 μL). Polyethylene tubes (PE-60: 0.76-mm
inlet diameter and 1.22-mm outer diameter, Walker Scientific) were inserted to allow for a
buffer flow. To help prevent non-specific interactions of proteins and DNA with the surface, the
chamber was blocked with blocking buffer (50 mM Tris-HCl pH 7.6, 50 mM KCl, 2% (v/v)
Tween-20). The forked DNA substrates (20 pM) were flowed through the chamber for 20 min
at 17 μL/min in the presence of 200 μM chloroquine (Sigma). The DNA was visualized by
flowing in replication buffer (25 mM Tris-HCl, pH 7.6, 10 mM Mg(CH3COO)2, 50 mM
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C5H8KNO4, 40 μg/mL BSA, 0.1 mM EDTA, 5 mM DTT, and 0.0025% (v/v) Tween-20) with 150
nM SYTOX Orange (Life Technologies).

4.5.4.2 Replication reaction conditions
Conditions for the pre-assembly replication reactions were carried out in three steps. First, 30
nM CMG was loaded at 10 μL/min in CMG loading buffer (25 mM Tris-HCl, pH 7.6, 10 mM
Mg(CH3COO)2, 250 mM C5H8KNO4, 40 μg/mL BSA, 0.1 mM EDTA, 5 mM DTT, and 0.0025%
(v/v) Tween-20) with 60 nM Mcm10 and 400 μM ATP. Following this, the replisome was
assembled by introducing 20 nM Pol ε, 20 nM Pol δ, 20 nM Pol α-primase, 20 nM Ctf4, 20 nM
PCNA, 20 nM RFC, and 30 nM MTC (Mrc1-Tof1-Csm3) in replication buffer supplemented with
400 μM ATP, and 60 μM dCTP/dGTP at 10 μL/min for 5 min. Replication was initiated by
washing the flow cell with 100 μL (100 flow cell volumes) at 50 μL/min with a solution
containing 60 nM Mcm10, 20 nM PCNA, 20 nM RFC, 200 nM RPA, and 30 nM MTC in
replication buffer supplemented with 5 mM ATP, 125 μM dCTP, dGTP, dATP, and dTTP, and
250 μM CTP, GTP, ATP, and UTP, and 150 nM SYTOX orange.
Conditions for replication under the continuous presence of all proteins were performed in
multiple stages. First, 30 nM CMG (or LD650–CMG) was loaded at 10 μL/min in CMG loading
buffer, with 60 nM Mcm10 and 400 μM ATP. When LD650–CMG was used, the flow cell was
subsequently washed under a continuous flow of CMG loading buffer supplemented with 500
mM NaCl at 10 μL/min for 10 min. Then, replication reactions were initiated by introducing 60
nM Mcm10, 20 nM Pol ε (unless specified otherwise), 20 nM Pol δ (unless specified otherwise),
20 nM Pol α-primase (unless specified otherwise), 20 nM Ctf4, 20 nM PCNA, 2nM RFC, 200
nM RPA, and 30 nM MTC in replication buffer supplemented with 5 mM ATP, 125 μM dCTP,
dGTP, dATP, and dTTP, and 250 μM CTP, GTP, ATP, and UTP, and 150 nM SYTOX orange. In
CMG challenge experiments 10 nM CMG was added to the replication reaction.

4.5.4.3 Imaging conditions
All single-molecule assays were carried out on an inverted microscope (Nikon Eclipse Ti-E)
fitted with a CFI Apo TIRF 100X oil-immersion objective (NA 1.49, Nikon). The temperature
was maintained at 31.2°C by an electrically heated chamber (Okolab). The dsDNA was visualized
every 10 s for 30 min by exciting the S.O. with a 568-nm laser (Coherent, Sapphire 568–200
CW) at 80 mW/cm2. The red fluorescently labeled proteins were excited at 80 mW/cm2 (800
W/cm2 during a FRAP pulse) with a 647-nm laser (Coherent, Obis 647–100 CW). The AF488–
Pol ε was visualized with a 488-nm laser at 140 mW/cm2. The signals were spectrally separated
using appropriate filter sets (Chroma) and fluorescence signals collected on an Evolve 512 Delta
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EMCCD (Photometrics). Typically, nine fields of view (five for the FRAP experiments) were
selected for imaging. Single-molecule experimental results were derived from at least three or
four replicates for each experimental condition.

4.5.4.4 Determination of RPA binding footprint
Flow cells were prepared as described above (section 4.5.4.1). Oligonucleotides 57-mer or 99Lg
(Table 4.1) were incubated with AF647–RPA in replication buffer for 10 min at 25°C. DNA–RPA
complexes were introduced on the surface of the flow cell and washed with 100 μL of replication
buffer. The AF647–RPA were excited at 80 mW/cm2 with a 647-nm laser (Coherent, Obis 647–
100 CW). Imaging was carried out as described in section 4.5.4.3.

4.5.4.5 Measurement of the stoichiometry of fluorescently labeled proteins at the
replisome
The average intensity of labeled proteins (Pol α-primase, Pol ε, Pol δ, CMG, or RPA) were
quantified by immobilization on the surface of a cleaned microscope coverslip in replication
buffer at 6 pM. Imaging was carried out under the same conditions used during the singlemolecule replication experiments. We calculated the integrated intensity for every fluorescent
protein in a FOV after applying a local background subtraction (Lewis, Spenkelink, Schauer, et
al. 2017). The histograms obtained were fit with a Gaussian distribution function using, to give
a mean intensity using MATLAB 2016b. We calculated the total number of molecules at every
time point during DNA replication by dividing their intensities by the intensity of a single
molecule. For Pol ε the stoichiometry was also determined through photobleaching analysis
(Fig. 4.10s). LD650–Pol ε was excited at 8 W/cm2 (100-fold higher than before) to allow for
photobleaching during our experiment time. Photobleaching steps were fit using change-point
analysis (Duderstadt et al. 2016; Hill, van Oijen and Duderstadt 2018).

4.5.4.6 Analysis of single-molecule replication kinetics and protein dynamics
All analyses were carried out using ImageJ/Fiji (1.51w) and MATLAB 2016b, and plugins built inhouse. The rate of replication of a single molecule was obtained by first tracking the position of
the leading-strand spot using the Linear-motion LAP tracker in TrackMate v3.6.0 (Tinevez et
al. 2017). Individual rate segments were identified using kinetic change-point analysis
(Duderstadt et al. 2016; Lewis, Spenkelink, Schauer, et al. 2017; Hill, van Oijen and
Duderstadt 2018). The rates obtained from this algorithm were weighted by the DNA segment
length, to reflect the number of nucleotides that were synthesized at this rate. This places more
significance on longer rate segments, as they have a higher signal-to-noise ratio compared with
shorter segments (Lewis, Spenkelink, Schauer, et al. 2017).
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To measure the intensity of the leading-strand spot at the replication fork, we tracked the
position of the leading-strand spot and integrated the intensity for all colours simultaneously
over time. To obtain the characteristic exchange time τ from the FRAP experiments, the data
were fit with a FRAP recovery function correcting for photobleaching (Beattie et al. 2017; Lewis,
Spenkelink, Jergic, et al. 2017; Spenkelink et al. 2019) (Equation 4.1, where a is the amplitude
of photobleaching, tb is the photobleaching time (measured in Fig. 4.14S), and I0 is the number
of polymerases at the fork at steady state).

𝑡

𝑡

𝐼 = 𝑎𝑒 𝑡𝑏 + 𝐼0 (1 − 𝑒 𝜏 )

Equation 4.1

The maximum exchange rate was obtained by fitting the data with a hyperbolic equation
(Equation 4.2, where R is the exchange rate, Rmax is the maximum exchange rate, [Pol] is the
polymerase concentration, and Kb is the characteristic binding constant).

𝑅=

𝑅max [𝑃𝑜𝑙]
𝐾𝑏 +[𝑃𝑜𝑙]

Equation 4.2
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4.6 Supplementary figures

Figure 4.8S Characterization of DNA replication on linear dsDNA substrates. a) Representative FOV
showing doubly tethered DNA substrates in the absence of any buffer flow. Scale bar – 20 kbp. b)
Calibration of the length of DNA substrates under our experimental conditions. A 1D line profile was
manually drawn across the molecule of interest (black line) and the start- and end-points of dsDNA
were determined by taking the first-order differential (red line) of this 1D line profile. Error represents
SEM, n = number of molecules. c) Fluorescence intensity per base pair in the leading-strand spot. d)
Fluorescence intensity per base pair from the 18.3 kb substrate. Error represents SEM, n = number of
molecules. e) Representative kymographs and corresponding graphs showing length of the lagging
strand (“lag”) (yellow), leading strand (“lead”) (blue) and parental (“parental”) DNA (gray) as a function
of time, measured by the integrated intensity of dsDNA.
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Figure 4.9S Validation and comparison of reaction conditions. a) Negative controls. The replication
efficiency was defined as the number of templates that showed replication, divided by the total
number of observed DNA substrates. Error bars represent SEM, n = number of DNA substrates. b)
Example trajectories. Distance travelled as a function of time for six representative single molecules.
c) Comparison of replication rates at different concentrations of polymerases revealed no significant
difference (P=0.506; Tukey HSD test). Scatter plots of the single-molecule rate segments from preassembled wild-type replisomes (gray) and Pol αCat (black); replisomes challenged with excess proteins
in solution, using wild-type polymerases (white), 20 nM AF488–Pol ε and Cy5–Pol δ (dark gray),
LD650–CMG (green) increasing concentrations of LD650–Pol ε (blue), increasing concentrations of
Cy5–Pol δ (yellow), increasing concentrations of AF647–Pol δ32- (red), and increasing concentrations
of AF647–Pol α-primase (turquoise). <figure legend continued on next page>
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<Figure 4.9S legend continued> The black line and gray box represent the mean and SEM, n = number
of molecules. d) DNA product length distribution of replication reactions carried out in the presence
of excess polymerases in solution. Error represents error of the fit, (n = 96). e) DNA product length
distribution of replication reactions carried out under pre-assembly conditions. Error represents error
of the fit (n = 123). The first three bins in d and e are under sampled and were ignored in the fit.

Figure 4.10S Analysis of photobleaching steps of LD650–Pol ε. a) Example single-molecule
photobleaching trajectories. The black lines represent change-point fits to the data. b) Distribution of
photobleaching steps of Pol ε at elongating replication forks (n = 48).

Figure 4.11S Characterization of Pol αCat. a) Comparison of the RNA primase activities of wild-type Pol
α-primase (left) and Pol αCat (right). Primers synthesized on a (dTdC)50 synthetic template for the
indicated times are visualized by denaturing PAGE. b) Comparison of the DNA polymerase activities of
wild-type Pol α-primase (left) and Pol αCat (right). Extension of a radiolabeled primer in the presence
of the indicated enzyme is visualized by denaturing PAGE.
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Figure 4.12S FRAP recovery curves for labeled polymerases. a) FRAP recovery curves for LD650–Pol
ε. The average number of LD650–Pol ε at the replication fork over time after the FRAP pulse for 20,
10, 7, 4, and 2 nM of LD650–Pol ε. b) FRAP recovery curves for AF647–Pol α-primase. The average
number of AF647–Pol α-primase at the replication fork over time after the FRAP pulse for 20, 7, and 2
nM of AF647–Pol α-primase. c) FRAP recovery curves for Cy5–Pol δ. The average number of Cy5–Pol
δ at the replication fork over time after the FRAP pulse for 20, 7, and 2 nM of Cy5–Pol δ. d) FRAP
recovery curves for AF647–Pol δ32–. The average number of AF647–Pol δ32– at the replication fork over
time after the FRAP pulse for 20, 7, and 2 nM of AF647–Pol δ32–. All recovery curves are fit using the
FRAP recovery formula (Equation 4.1).

Figure 4.13S Coomassie blue stained SDS-PAGE gel of purified Pol δ and Pol δ32–. (lane 1) Pol δ
holoenzyme lacking subunit 32 and (lane 2) Pol δ holoenzyme.
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Figure 4.14S Quantification of photobleaching kinetics of fluorescently labeled proteins. The
normalized average intensity as a function of time (in frames) under imaging conditions (top) and
FRAP photobleaching-pulse conditions (bottom) for a) Cy5–Pol δ, b) LD650–Pol ε, c) AF647–Pol δ32–,
d) AF647–Polα. The normalized average intensity as a function of time (in frames) under imaging
conditions for e) AF488–Pol ε, f) LD650–CMG and g) AF647–RPA. Errors represent error of the fit; n is
the number of molecules.
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Chapter 5
Single-molecule visualisation of DNA synthesis by Pol δ
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5.1 Introduction
5.1.1 Functional studies on Pol δ
In the context of lagging-strand DNA synthesis, Pol δ has three primary functions – primer
extension for extending primers generated by Pol α-primase to create Okazaki fragments;
proofreading incorrectly incorporated bases through its 3′–5′ exonuclease activity whilst
extending primers; and strand-displacement DNA synthesis during Okazaki-fragment
maturation to generate ligatable nicks. Several studies show that the association of Pol δ with
PCNA is essential for all its known activities (Acharya et al. 2011; Netz et al. 2012). PCNA
displays a high degree of structural and functional conservation from yeast to man, as does the
interaction between Pol δ and PCNA (Bauer and Burgers 1988a).
While Pol δ is an inefficient and poorly processive polymerase by itself, its association with
PCNA greatly stimulates both its nucleotide-incorporation rate and its processivity (Tan et
al. 1986; Burgers and Gerik 1998; Mozzherin et al. 1999; Einolf and Guengerich 2000; Maga
et al. 2001; Johansson, Garg and Burgers 2004; Chilkova et al. 2007; Dieckman et al. 2010;
Acharya et al. 2011; Stodola and Burgers 2016). Several in vitro measurements have found Pol
δ-PCNA to be catalytically efficient and very processive. A 2003 study saw that the rate of primer
extension by Pol δ-PCNA on a single-stranded primed circular substrate (pBluescript+ SKII
DNA, 2.9 kb) was 40–60 nt/s with Pol δ being able to extend the primer until the full length of
the substrate (Ayyagari et al. 2003). Primer extension by Pol δ-PCNA was shown to be
processive for the full length of a primed 5.4 kb circular φX174 ssDNA template, with an
indicative rate of ~150 nt/s (Langston and O’Donnell 2008). On a primed M13mp18 substrate,
Pol δ-PCNA has exhibited primer-extension at 82 nt/s with Escherichia coli SSB and 72 nt/s with
RPA (Georgescu et al. 2014). Unlike E. coli Pol III which is not processive with heterologous
SSBs and needs its cognate SSB (Kelman et al. 1998), eukaryotic Pol δ-PCNA has been seen to
function with similar processivity with E. coli SSB as with its cognate SSB, RPA (Langston and
O’Donnell 2008); even T4 gene 32 protein has been found to be equally efficient (Yoder and
Burgers 1991).
Rapid reaction (millisecond) studies have demonstrated that on a primed, linear,
homopolymeric ssDNA template, Pol δ-PCNA carried out synthesis at ~340 nt/s at saturating
dNTP concentrations (250 µM), with or without RPA (Stodola and Burgers 2016). The cellular
concentration of dNTPs in Saccharomyces cerevisiae is expected to be between 12 and 30 µM
and is quite a bit lower than the Km value for Pol δ (Nick McElhinny et al. 2010). In the above
mentioned study (Stodola and Burgers 2016), at physiological dNTP concentrations and in the
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presence of physiological concentrations of NTPs, Pol δ-PCNA was seen to synthesise at ~50
nt/sec, which is similar to observed fork progression rates in S. cerevisiae (Raghuraman et
al. 2001).
The catalytic rate and the efficiency of DNA synthesis by Pol δ across the different experimental
reports are influenced by many factors apart from the mode of measurement and specific
concentrations of reaction components. Experimental temperatures are crucial as for most
other enzymatic reactions. The primer-extension rate on primed ssM13mp18 substrates was
reported to be ~110 nt/s at a reaction temperature of 30oC and 150 nt/s at 37oC (Burgers 1991).
Ionic strength is an important factor too. Enzymes have been seen to have decreased
processivity when acting in environments of high ionic strength. For instance, the processivity
of E. coli Pol III holoenzyme has been seen to be significantly salt-sensitive, with its activity
being nearly completely inhibited in the presence of 200 mM KCl or NaCl in in vitro assays
(Griep and McHenry 1989; Kelman et al. 1998). Similarly, Pol δ-PCNA has been seen to be
poorly processive in reaction environments with 125 mM CH3COONa (~600 nt) (Chilkova et
al. 2007). A 90% inhibition of Pol δ-PCNA activity was reported in the presence of 90 mM
NaCl, as opposed to 50 mM NaCl (Yoder and Burgers 1991).
Although the presence of RPA (or E. coli SSB) has been seen to not affect action by Pol δ
specifically, when the template in use is prone to form secondary structures due to hybridisation
of complementary DNA sequences, SSBs enhance processivity, by resolving secondary
structures (Podust et al. 1994). In a study where both Pol δ and Pol ε were found to be processive
on a model primer-template substrate – poly(dA).oligo(dT) (40:1 nucleotide ratio), efficient
replication of ssM13mp18 required the presence of an SSB (Yoder and Burgers 1991). The rate of
primer extension by the then known two-subunit form of calf thymus Pol δ-PCNA on primed
ssM13mp18 substrates was seen to vary from 100 nt/min to 300 nt/min depending on the
abundance of pause sites emerging from primary and secondary DNA structures (Podust et
al. 1995). Hence, the template that is used influences Pol δ action. For example while the
ssM13mp18 template tends to form several hairpin loops, thus presenting strong pause sites,
single-stranded pBluescript II SK(+) is less likely to form secondary structures (Chilkova et
al. 2007).
Despite being highly stable and processive on primed ssDNA, Pol δ-PCNA has been seen to be
distributive and very slow in synthesis (~1–2 nt/s) in the presence of CMG on linear doublestranded forked substrates (Georgescu et al. 2014; Schauer and O’Donnell 2017). It is believed
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that Pol δ is kept off the leading strand on account of its distributive interaction with CMG, and
functions primarily as the lagging-strand polymerase.
Similar to its primer-extension activity, the strand-displacement activity of Pol δ is stimulated
by PCNA. In the absence of PCNA, Pol δ has been seen to be unable to displace even very short
oligonucleotides hybridised on DNA templates (Ayyagari et al. 2003; Jin et al. 2003). However,
studies show that extensive strand-displacement synthesis by Pol δ-PCNA is prevented by the
3′–5′ exonucleolytic activity of Pol δ; the removal of its 3′–5′ exonuclease activity enhances its
strand-displacement activity (Jin et al. 2001, 2003).
Most studies involving strand-displacement synthesis by Pol δ-PCNA have been made in the
context of Okazaki-fragment maturation. These studies indicate that the displacement of a
downstream oligonucleotide by Pol δ-PCNA does not involve a smooth shift from primer
extension. A 2016 study saw that on model Okazaki-fragment maturation templates, the last
nucleotide before the nick was incorporated at ~50% the rate of normal primer-extension
synthesis by Pol δ. After this, the rate of nucleotide incorporation by strand-displacement
synthesis slowed down by 10–20% with every successive incorporation. When Pol δ stranddisplacement synthesis was combined with flap degradation by FEN1, nick translation was
observed to proceed at ~5 nt/s (Stodola and Burgers 2016). In vitro studies using primed circular
substrates also point to there being a lag of the order of tens of seconds during the transition
from primer extension to strand displacement (Maga et al. 2001). Strand-displacement
synthesis by Pol δ-PCNA has been observed to proceed at a rate of 1–4 nt/s after primer
extension on primed circular DNA templates (pBluescript+ SKII) (Ayyagari et al. 2003). It has
also been demonstrated that when Pol δ-PCNA encounters a downstream 5′-end during primer
extension it continually switches between its polymerase and 3′–5′ exonucleolytic activities,
while it awaits suitable FEN1 (Rad27) or DNA ligase I engagement (Garg et al. 2004).
In general DNA polymerases have been found to be very processive and fast at primer extension,
usually with assistance from a clamp protein, but inefficient at strand-displacement synthesis
(Sherman and Gefter 1976; LaDuca et al. 1983; Weaver and DePamphilis 1984; Hacker and
Alberts 1994). This has been observed in various polymerases including E. coli DNA
polymerases II (Sherman and Gefter 1976) and III (LaDuca et al. 1983) and T7 and T4 DNA
polymerases (Hacker and Alberts 1994; Manosas, Spiering, Ding, Bensimon, et al. 2012). For
the replication machinery to function, helicases are commonly required for opening the
replication fork through unwinding so that the polymerase can synthesis the new DNA strand
(Benkovic, Valentine and Salinas 2001; Manosas, Spiering, Ding, Croquette, et al. 2012).
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Studies on the actions of polymerase holoenzymes of bacteriophages T4 and T7 on DNA hairpin
substrates have revealed that a DNA replication fork ahead of the polymerase exerts a regression
pressure on it. This inhibits the polymerase from proceeding forward in the polymerisation
mode by shifting the DNA-protein conformation to an exonuclease conformation (Manosas,
Spiering, Ding, Bensimon, et al. 2012).

5.1.2 Assays for studying the catalytic activities of Pol δ
Over the course of our work on reconstituting DNA replication reactions pertaining to the S.
cerevisiae system on rolling-circle DNA substrates, we observed that Pol δ, in the presence of
RFC, PCNA and E. coli SSB/RPA, engages in processive DNA replication reactions on these
substrates (as discussed in Chapter 3, section 3.3.3). Such DNA replication reactions, when
carried out in solution (bulk-phase assays) resulted in significantly lengthy dsDNA products,
with some products being longer than 130 kbp (Fig. 3.7a). These observations pointed to a
mechanism where Pol δ engages in extensive strand-displacement synthesis but at some point,
switches templates to the ssDNA that has been produced along the way and continues synthesis
via primer extension (illustration in Fig. 5.4a). In this chapter, we have detailed the
reconstitution of this mechanism for the observation of the primer-extension and stranddisplacement synthesis activities of Pol δ, at the single-molecule level. Our observation of RFCmediated compaction of dsDNA products is also discussed. Furthermore, assays on the
influence of RFC, PCNA, E. coli SSB and RPA on the synthetic activity of Pol δ are reported.
In our single-molecule assays of the catalytic activities of Pol δ, we encountered two significant
barriers – the extremely low efficiency of enzymatic DNA synthesis on surface-tethered DNA
substrates and RFC-mediated compaction of dsDNA products into undefined structures that
were highly resistant to stretching (discussed in section 3.3, Chapter 3). Because of these issues,
we were unable to image a large number of actively replicating DNA molecules to build a
significant data set. We were able to image a small number of actively replicating DNA
molecules in the primer-extension phase, which remained flow-stretched over a short time
window. These observations are valuable as they present a new experimental approach for the
study of the catalytic activities of Pol δ at the single-molecule level. Despite the experimental
limitations, we believe that these preliminary experiments pave the way for the development of
more robust experimental approaches for the study of the system under discussion.
The forked-dsM13 substrate (Fig. 2.9a, section 2.5.5, section 3.2) was used in all the singlemolecule assays reported in this chapter. In selected bulk-phase assays, the primed-ssM13
substrate was used (Fig. 2.9b, section 2.5.5). On the primed-ssM13 substrate, Pol δ carries out
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primer extension until it reaches the 5′ tail of the primer, beyond which it engages in stranddisplacement synthesis. On forked-dsM13 substrates, Pol δ begins synthesis in the stranddisplacement synthesis mode. The type of substrate used is mentioned where relevant. In all
our assays, Pol δ was always accompanied by PCNA (and RFC for PCNA loading) unless
otherwise specified. Hence when the catalytic actions of Pol δ are discussed in the context of
our assays, Pol δ and Pol δ-PCNA are used interchangeably; both represent the Pol δ-PCNA
holoenzyme.

5.2 Ensemble assays of Pol δ activity
The primer-extension and strand-displacement synthesis activities of Pol δ-PCNA were
observed in an ensemble (bulk-phase) assay alongside the well characterised activity of E. coli
DNA polymerase III holoenzyme (Pol III HE).
Primer extension by E. coli Pol III HE is rapid at 400–700 nt/s and is extremely processive
spanning more than one megabase of DNA (Tanner et al. 2008; McHenry 2011). The stranddisplacement synthesis activity of E. coli Pol III HE on flapped templates has been encountered
and characterised under several conditions as well (Canceill and Ehrlich 1996; Stephens and
McMacken 1997; Yao, Hurwitz and O’Donnell 2000; Xu and Marians 2003; Yuan and
McHenry 2009; Jergic et al. 2013). Pol III has been seen to exhibit strand-displacement
synthesis at a rate of ~150 nt/s with quite low processivity of ~300 nt (over a single biomolecular
event). The strand-displacement activity of Pol III depends on a stable Pol III-τ-ψ-χ-SSB binding
network and hence, in the absence of E. coli SSB, strand displacement is almost completely nonexistent (Yuan and McHenry 2009).
Primed circular ssM13mp18 (7.2 kbp, Guild Biosciences) (primed-ssM13 substrate – section 2.5.5,
but without biotin) was used as the DNA substrate in these reactions. Pol III HE-mediated
reactions contained 2 nM of the DNA substrate, 90 nM Pol III (αεθ, DNA polymerase), 30 nM
τ3δδ’ψχ (clamp-loading complex), 200 nM β2 (clamp), 1 µM E. coli SSB, 1 mM ATP, 400 µM of
each dNTP (dATP, dCTP, dGTP, dTTP) and 10 mM DTT (Tanner et al. 2008). Reactions were
carried out in replication buffer (25 mM Tris-HCl pH 7.6, 10 mM Mg(CH3COO)2, 50 mM
C5H8KNO4, 0.1 mM EDTA, 40 µg/ml BSA, 0.0025% (v/v) Tween-20) at 30oC. All the
components but for the substrate were mixed and reactions initiated by adding the substrate.
At predetermined time points, reactions were quenched by the addition of EDTA and SDS to
concentrations of 100 mM and 1%, respectively. The ‘–SSB’ control reaction was done in an
identical manner except that no E. coli SSB was present and was quenched 16 min after reaction
initiation. Pol δ-mediated reactions contained 2 nM of the DNA substrate, 30 nM Pol δ, 10 nM
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RFC, 200 nM PCNA, 1 µM E. coli SSB, 1 mM ATP, 400 µM of each dNTP and 10 mM DTT.
Reactions were carried out as described above for Pol III HE-mediated reactions.
Quenched reaction mixtures were mixed with 6X loading dye and the products separated using
agarose gel electrophoresis for visualisation through SYBR gold staining of DNA (section 2.4.1).
Reaction volumes were such that each lane contained 90 ng of substrate DNA.
The gel image (Fig. 5.1) shows primer extension followed by strand-displacement synthesis by
Pol III HE (lanes 2–10) or Pol δ-PCNA (lanes 11–18). The polymerases are involved in primer
extension until they encounter the primer tail. This tailed double-stranded product forms a
prominent band seen clearly in lane 14 corresponding to the 1 min time point of the Pol δ-PCNA
assay. This band is also the top-most band in lane 2 which corresponds to the ‘–SSB’ control of
the Pol III HE assays. The absence of SSB prevents Pol III HE from strand-displacement
synthesis and synthesis stops when the 3′-end of the primer reaches the primer flap (tail).

Figure 5.1 Ensemble assay comparing the catalytic activities of Pol δ-PCNA with Pol III HE. Reaction
time course showing products obtained through primer-extension and subsequent stranddisplacement synthesis activities of Pol III HE and Pol δ-PCNA on primed ssM13mp18 circular DNA
substrates. Pol III HE reactions – 90 nM Pol III (αεθ), 30 nM τ3δδ’ψχ, 200 nM β2, 1 µM E. coli SSB. Pol
δ-PCNA reactions – 30 nM Pol δ, 10 nM RFC, 200 nM PCNA, 1 µM E. coli SSB. DNA substrate was used
in all reactions at 2 nM. Reactions were carried out in replication buffer, with 10 mM DTT, 1 mM ATP
and 400 µM of each dNTP, at 30oC.

Primer extension by Pol δ-PCNA is seen to be about four times slower than primer extension by
Pol III HE. In terms of the proportion of starting substrates that undergo complete primer
extension, Pol δ-PCNA appears to be slightly lower in efficiency. Strand-displacement synthesis
by Pol III HE is seen to be occurring at a significantly higher rate and efficiency, as compared to
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strand-displacement synthesis by Pol δ-PCNA. Strand-displacement synthesis by Pol δ-PCNA
occurs with varying processivities, thus generating a broad band of strand-displacement
synthesis products.
Strand-displacement synthesis by Pol δ-PCNA is also seen to be occurring at a lower rate than
primer extension by Pol δ-PCNA. This feature has been observed to be a general characteristic
of replicative polymerases. This differential rate has been attributed to the occurrence of a
conformational change in the DNA-polymerase complex when a polymerase encounters an
upstream duplex/fork (Manosas, Spiering, Ding, Bensimon, et al. 2012). Based on a calculation
of Km values through varying dNTP concentrations in primer-extension and stranddisplacement assays, it was found that E. coli Pol III HE has a nearly 300-fold preference for
primer extension over strand-displacement synthesis (Yuan and McHenry 2009). This has been
explained by the hypothesis that the proposed shift in the conformation of the polymerase
makes its active site interact with dNTPs less favourably.

5.3 RFC-mediated compaction of dsDNA
During our work on reconstituting DNA replication reactions on surface-tethered rolling-circle
substrates, we observed that surface-tethered dsDNA molecules receded back against the flow
of buffer, towards their anchor points, to form successively larger compacted DNA structures
(Fig. 5.2a). Compacted DNA structures were found to be extremely resistant to stretching
(mechanical disruption) and would not come undone even at buffer-flow rates as high at 100
µl/min. Uniform stretching of DNA was one of the key tenets of our assay design for tracking
DNA replication through monitoring length changes in flow-stretched products resulting from
rolling-circle replication reactions, and this collapse directly interfered with that. DNA
compaction was certainly the result of a DNA-protein interaction since dsDNA molecules did
not do this on the surface in the absence of any proteins.
A quenching solution composed of 50 mM EDTA and 1.5 M NaCl, when introduced into a flow
channel with these compacted DNA structures, was able to unfurl dsDNA products, presumably
by stripping away protein molecules from the DNA molecules (Fig. 5.2b). The dsDNA molecules
in the snapshot of the quenched FOV in Fig. 5.2b are seen to be very lightly stained by SYTOX
orange, because SYTOX orange does not intercalate with dsDNA very well under conditions of
high ionic strength. Despite quenching, the FOV still contains intense SYTOX orange-stained
features, and this was a consistent observation in our experiments.
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Figure 5.2 Surface-tethered dsDNA molecules recede back into larger compacted DNA-protein
structures. a) Snapshot of a FOV with such structures under DNA replication reaction conditions (25
mM Tris-HCl pH 7.6, 10 mM Mg(CH3COO)2, 50 mM C5H8KNO4, 0.1 mM EDTA, 40 µg/ml BSA, 0.0025%
(v/v) Tween-20). dsDNA molecules were generated in a bulk-phase replication reaction (2 nM forkeddsM13, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 1 mM ATP, 200 µM of each dNTP,
5 mM DTT; 20 min incubation), before being transferred to a flow channel. Snapshot taken at 5 min
from the start of imaging. b) Snapshot of the same FOV when quenching buffer (50 mM EDTA, 1.5 M
NaCl) is flowing through the flow channel. Flow was maintained at 10 µl/min. Observed through 532nm excitation of SYTOX orange (50 nM) at 150 mW/cm2. Arrows show the direction of flow. Scale bar
– 5 µm.

A series of experiments was conducted to explore this phenomenon. A reaction solution
containing 2 nM forked-dsM13, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 1
mM ATP, 200 µM of each dNTP and 5 mM DTT was incubated for 20 min at 30 oC to generate
dsDNA molecules. The solution was then flowed into a previously blocked, streptavidin-treated
flow channel for the attachment of DNA substrates to the surface, and chased by a solution
(chaser solution) containing a specific protein (or proteins) of interest, 5 mM DTT and 50 nM
SYTOX orange (Fig. 5.3a,b). Flow was maintained at 10 µl/min. All solutions were carried in
replication buffer. A FOV was imaged through the 532-nm excitation of SYTOX orange.
To systematically narrow down which protein (or group of proteins) was responsible for the
compaction of surface-tethered dsDNA molecules, the above experiment was conducted
successively with different proteins of interest in the chaser solution – Pol δ, RFC, PCNA, E. coli
SSB, ATP and all dNTPs; Pol δ, E. coli SSB, ATP and all dNTPs; RFC, PCNA, ATP and all dNTPs;
RFC, ATP and all dNTPs; PCNA, ATP and all dNTPs; RFC; Pol δ, PCNA, E. coli SSB, ATP and all
dNTPs. Proteins/nucleotides were included in the same concentrations as in the reaction
solution. It was observed that in all experiments, except for the ones in which RFC was present
in the chaser solution, most dsDNA products remained stretched out under flow over an
observation window of 45 min (Fig. 5.3a,b).
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Figure 5.3 RFC-mediated compaction of surface-tethered dsDNA molecules. a) and b) A field of flowstretched surface-tethered dsDNA molecules generated in a bulk-phase replication reaction (2 nM
forked-dsM13, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 1 mM ATP, 200 µM of each
dNTP; 20 min incubation), before being transferred to a flow channel. a) When chased by a solution
containing 30 nM Pol δ, 20 nM PCNA, 400 nM E. coli SSB, 1 mM ATP and 200 µM of each dNTP, dsDNA
molecules remain stretched out, even 40 min into imaging. Snapshots shown were taken at 0 (left),
20 (middle) and 40 (right) min from the start of imaging. b) When chased by 10 nM RFC, dsDNA
molecules recede back into larger compacted structures with progressively increasing intensities.
Snapshots shown were taken at 0 (left), 2 (middle) and 5 (right) min from the start of imaging. c)
Montages of individual molecules from the assay in b; 1 frame per minute. d) Kymographs showing
compaction in surface-tethered 20-kb long dsDNA molecules in the presence of 10 nM RFC; 1 fps. All
samples contained 5 mM DTT and 50 nM SYTOX orange for imaging with 532 nm laser (80 mW/cm2).
All horizontal scale bars – 10 kbp. Vertical scale bars in d – 30 s.

The series of snapshots in Fig. 5.3a corresponds to an experiment in which the chaser solution
contained Pol δ, PCNA, E. coli SSB, ATP and all dNTPs. Fig 5.3b corresponds to an experiment
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in which the chaser solution contained just RFC. It was thus deduced that RFC is the protein
that causes surface-tethered dsDNA molecules to recede back against buffer flow, into
compacted structures. This phenomenon was observed to be independent of the presence of
nucleotides and thus, not related to the ATPase activity of RFC (Fig. 5.3b,c). It also appears that
compaction is, at least in some capacity, linked to DNA molecules being tethered to a surface,
indicating that RFC interacting with/coating the surface, mediates this behaviour. This
inference follows from the observation that dsDNA molecules generated through assays on
untethered molecules in a tube, receded back from their free ends to form compacted structures
only after being transferred to a flow channel (Fig. 5.3b).
The visualisation of RFC-mediated compaction of surface-tethered dsDNA molecules is shown
in Fig. 5.3b and c. The chaser solution here contained 10 nM RFC, 5 mM DTT and 50 nM SYTOX
orange. In Fig. 5.3b, a FOV is seen at three different time-points over the course of imaging. It
is seen that, once attached to the surface, dsDNA molecules recede back into larger DNA
structures with increasing intensities against the flow, which was consistently maintained at 10
µl/min. Fig. 5.3c shows the behaviour of four such molecules through snapshots taken 1 min
apart. These molecules recede back towards their anchor points at a rate of ~0.01 µm/s (~40
bp/s).
Surface-tethered linear 20-kbp dsDNA molecules exhibited similar behaviour in the presence
of RFC (Fig. 5.3d). These molecules were modified to contain a 5′-biotin moiety at the end of
one of their strands to facilitate surface tethering. A substrate solution consisting of 2 nM of the
linear dsDNA substrate and 50 nM SYTOX orange was flowed into a flow channel for
attachment of substrates to the flow-channel surface. A solution consisting of 10 nM RFC, 5 mM
DTT and 50 nM SYTOX orange was then flowed in, and the flow rate was maintained at 10
µl/min. Fig. 5.3d shows kymographs depicting the behaviour of two such linear dsDNA
molecules. Imaging was carried out at 1 s intervals. At 10 nM RFC, these molecules were also
seen to recede back at an approximate rate of 0.01 µm/s.
Several surface passivation techniques were employed, hoping to reduce or eliminate surfaceprotein interactions and thus prevent RFC-mediated compaction of DNA molecules. However,
none met with success.

5.4 Single-molecule visualisation of primer extension by Pol δ
Two crucial observations were brought forth during our work on reconstituting S. cerevisiae
DNA replication reactions on surface-tethered rolling-circle substrates, for single-molecule
observation (discussed in section 3.3, Chapter 3). The first of these was the RFC-mediated
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compaction of DNA products into undefined structures that were highly resistant to stretching,
as discussed in the last section. Secondly, in stark contrast to reactions carried out in the bulk
phase, on free substrates in solution, reactions on surface-tethered substrates were far less
processive (Fig. 3.7, section 3.3.3). On account of these issues, we were unable to image large
numbers of molecules undergoing replication and build a significant data set. We present here
our imaging of a small number of replication events recorded on DNA molecules that appeared
to remain flow-stretched over a short window of time.
The catalytic activities of Pol δ were visualised on forked-dsM13 substrates tethered to the
surface of a flow channel in a flow cell mounted on an inverted microscope equipped for TIRFM.
The general details of assay conduction and imaging are described in section 2.3. Reaction
specific details are mentioned here.
DNA replication reactions were initiated on free, untethered substrates in solution before
flowing reaction components into flow channels. Reactions contained 2 nM of the forked-dsM13
substrate, 30 nM Pol δ, 1 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP, 1
mM ATP, 5 mM DTT and 50 nM SYTOX orange. Reactions were carried out in replication buffer
and reaction temperatures were maintained at 30oC throughout. All the reaction components
were mixed in a tube for initiation of replication. The reaction mixture was then flowed into a
flow channel that had been previously prepared to contain a streptavidin-coated surface and
treated with blocking buffer (20 mM Tris-HCl pH 7.5, 2 mM EDTA, 50 mM NaCl, 0.4 mg/ml
BSA, 0.005% (v/v) Tween-20) for surface passivation. Because of a high concentration of DNA
substrate molecules in the reaction mixture, surface-attachment was rapid. The reaction
mixture was flowed in at 20 µl/min for 3 min (the time it took for reaction components to reach
the flow-channel) and then the flow rate was reduced to 10 µl/min for a few minutes to obtain
a reasonably populated field of surface-tethered substrates. Inflow into the channel was then
switched to a different reaction mixture with exactly the same composition as the first, except
for being devoid of any DNA substrate. Flow was maintained at 10 µl/min. A randomly chosen
FOV was imaged over a period of time through the visualisation of SYTOX orange-coated
dsDNA molecules. Imaging was carried out with a 532 nm laser, with a laser power density of
80 mW/cm2 and 200 ms exposure every frame. Emission was recorded on an emCCD camera
(0.1567 µm/px, under the imaging conditions used). Imaging in all single-molecule assays was
performed intermittently to keep the laser exposure of reaction components to a minimum on
account of our apprehensions of radiation-damage to reaction components, as discussed in
Chapter 3, section 3.3.2. The rate of frame capture has been mentioned in figure legends, and
where relevant.
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DNA molecules that showed replication were identified by eye from the recorded movies.
Positions of dsDNA circles and lengths of dsDNA molecules were tracked and recorded
manually. Under our buffer conditions, dsDNA molecules flow-stretched at 10 µl/min were 3978
bp/µm in length and E. coli SSB-coated ssDNA was shorter than dsDNA by 67%. All ssDNA
discussed in this section is E. coli SSB-coated since E. coli SSB was included in all these assays at
concentrations significantly higher than its affinity for ssDNA. Transversal movement in
molecules, perpendicular to the direction of flow, was also monitored to ensure that molecules
were not non-specifically sticking to the flow-channel surface.
Fig. 5.4a illustrates the mechanisms of strand-displacement synthesis, strand switching and
primer extension by Pol δ that lead to the observed changes in DNA length. On the forkeddsM13 template, active strand-displacement synthesis by Pol δ manifests as continuous
elongation through the double-stranded region, coupled to strand displacement of the newly
synthesised strand. With E. coli SSB present, the growing single-stranded tail is progressively
coated with protein. Under flow, in the presence of SYTOX orange, this would be visualised as
a dsDNA circle (henceforth, referred to as a DNA circle) moving in the direction of flow (Fig.
5.4b). The single-stranded tail would not be visible because SYTOX orange only stains dsDNA.
At some point in the reaction, Pol δ appears to switch strands to start using the displaced singlestranded tail as the replication template. This process is akin to primer extension by Pol δ and
results in the continuous generation of dsDNA. During this process E. coli SSB-coated ssDNA is
being converted to dsDNA. This would be visualised as a progressive increase in dsDNA length.
As shown through an illustration of the observables (Fig. 5.4b), during primer extension by Pol
δ, dsDNA molecules display a forward growth in the direction of flow as well as a backward
growth. This is because E. coli SSB-coated ssDNA has a significantly shorter contour length
compared to dsDNA. Hence, when the former is being converted to the latter, the molecule
appears to extend out in both directions.
Fig. 5.4c shows the evolution of three DNA molecules over time through snapshots taken every
10 s. Fig. 5.4d shows the change in length of the molecules over the course of imaging. The
(evenly) dashed region corresponds to the strand-displacement synthesis phase of the process
that precedes strand switching and results in the generation of E. coli SSB-coated ssDNA. This
part of the plot has the positions of the DNA circle relative to its position in the first frame,
along the direction of flow. Pol δ then strand switches. The solid-line portion of the plot
corresponds to the primer-extension phase of the process wherein E. coli SSB-coated ssDNA is
converted to dsDNA and is a plot of the observed dsDNA lengths over time.
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Figure 5.4 Single-molecule visualisation of primer extension by Pol δ. a) Illustration of stranddisplacement synthesis, followed by strand switching, followed by primer extension by Pol δ. The
strand that is displaced from the circle during strand-displacement synthesis serves as the template
for primer extension. b) Illustration of observables from the processes shown in (a) when reactions
are visualised through SYTOX orange excitation. Dashed lines depict ssDNA that is not visible. Solid
lines depict visible dsDNA. Black circle is the dsDNA circle. c) Montages of three molecules with frames
captured at 10 s intervals. Scale bar – 10 kbp/2.5 µm. d) Corresponding plots of the observed lengths
of molecules over time. Lengths of dsDNA molecules in the primer-extension phase are plotted with
solid lines. (evenly) Dashed lines represent everything prior to that and are plots of DNA circle
positions relative to the initial position of the circle. Lines of uneven dashes are plots of dsDNA lengths
after primer extension ends. Reaction – 2 nM forked-dsM13, 30 nM Pol δ, 1 nM RFC, 20 nM PCNA,
400 nM E. coli SSB, 200 µM of each dNTP, 1 mM ATP, 5 mM DTT, 50 nM SYTOX orange. Imaging – 532
nm, 80 mW/cm2, 200 ms exposure.

The way in which the assay is conducted, allows replication to commence before imaging
begins. Hence the first snapshot may not necessarily represent an unreplicated DNA template

141

on which strand-displacement synthesis has not yet commenced. In fact, over the course of
imaging, the strand-displacement synthesis phase is not observed in any of the three molecules.
The DNA circle either shows no forward movement in the direction of flow before transitioning
into primer extension through strand switching (mol1, mol3) or the forward movement of the
DNA circle is not significant, in view of fluctuations in the position of the DNA circle (mol2).
Additionally, in all three molecules, the rear ends of the dsDNA products extend back beyond
the initial positions of DNA circles (in their respective first frames), indicating that the
molecules were further along in the process of strand-displacement synthesis (and hence, ahead
of their anchor points) at the start of imaging.
Under the imaging conditions used, the primer-extension phase in all three molecules was
visualised as three distinct events of increase in dsDNA length (Fig. 5.4d). In the first of these
events, within the purview of the imaging interval used, there is no knowing whether primer
extension by Pol δ was preceded by a period of strand-displacement synthesis or not. Hence,
only the second and third growth events were considered towards characterising the primerextension activity of Pol δ. Subsequent dsDNA length changes were not taken into consideration
as they were not significant in view of length fluctuations observed in unreplicating dsDNA
molecules. The slopes of primer-extension events (Fig. 5.4d) show that Pol δ carried out primer
extension with a mean rate of 501 ± 50 nt/s (SEM). On the basis of the final observed lengths of
dsDNA molecules, primer extension by Pol δ was seen to be highly processive, leading to tens
of knt of synthesis. On average, the processivity of primer extension was 17.4 ± 1.0 knt (SEM).
Within the context of the assays described in this chapter, the term processivity is used to
denote the total number of nucleotides synthesised on a molecule, regardless of the number of
association-dissociation events occurring between Pol δ and the DNA template. As such,
processivity, as it is used here, is not meant to indicate the processivity of Pol δ in the stranddisplacement or primer-extension modes over a single biomolecular association event.
The length (in nt) of ssDNA between the position of the rear end of the final dsDNA product
(e.g. the product at 70 s in mol1) and the position of the DNA circle right before the transition
into dsDNA (e.g. at 40 s for mol1) was determined to be significantly less than the length of the
final dsDNA product (in bp), on an average by ~1.7 times in all molecules. This could mean that
primer extension did not go to completion to reach the anchor point of the molecule and some
of the ssDNA generated through strand-displacement synthesis, remained single-stranded. This
could also mean that the DNA circle underwent more strand-displacement synthesis during the
time the transition from the DNA circle to a dsDNA product is seen (e.g. between 40 and 50 s
for mol1). It could also be a combination of both these possibilities. These observations suggest

142

that while primer extension was very processive, strand-displacement synthesis by Pol δ was
possibly significantly more processive.
In mol3, after the final primer extension event at 40 s, a lot of fluctuation is seen in the length
of the molecule. This appears to have occurred due to interference from a different rolling-circle
substrate molecule located near the anchor end of mol3. This interfering molecule coincides
with the initial position of the DNA circle in mol3.
Fig. 5.5a shows montages of three molecules, composed of frames captured at 1 min intervals.
Under the same assay conditions, in these molecules, increase in dsDNA length was followed or
possibly accompanied by RFC-mediated compaction in which dsDNA molecules collapse back
towards their anchor points. As illustrated in Fig. 5.4a and b, strand-displacement synthesis by
Pol δ on a forked-dsM13 substrate generates an E. coli SSB-coated single-stranded tail, which
eventually serves as the template for primer extension by Pol δ following a strand switching
event. Strand-displacement synthesis is visualised as a forward displacement of the dsDNA
circle and primer extension is visualised as a successive bidirectional increase in the length of
the resulting dsDNA product. Molecules shown in Fig. 5.5a exhibit the same behaviour, but
dsDNA products subsequently collapse back into larger, increasingly intense, compacted
structures. As discussed previously in section 5.3, this collapse occurs when RFC is present.
Fig. 5.5b is a plot of observed end-to-end dsDNA lengths over time. Preceding primer extension,
(evenly) dashed lines track the positions of DNA circles relative to their respective initial
positions at the start of imaging. Primer extension (lengthening phase) and subsequent RFCmediated compaction (shortening phase) are depicted in solid lines, in the plot. dsDNA
compaction is observed to occur following a plateau after primer extension. When dsDNA
recedes in the shortening phase, the reported ‘length’ is the end-to-end distance between the
right-most and left-most points of intensity (as observed in the kymographs in Fig. 5.5a).
The mean rate of primer extension (lengthening) on these molecules was observed to be 55 ± 8
nt/s (SEM). The mean rate of collapse (shortening) was 30 ± 3 nt/s (SEM). The rates of primer
extension in these three molecules are seen to be an order of magnitude lower than the primerextension rates in mols 1, 2, 3 (Fig. 5.4). In the earlier instance of this assay (Fig. 5.4), the three
molecules that exhibited dsDNA length changes appeared to remain unaffected by RFCmediated compaction over the course of imaging. To clarify, all other surrounding molecules in
the imaged FOV either remained unreplicated or appeared as compacted DNA structures.
Molecules in Fig. 5.5, however were clearly influenced by RFC’s compaction effect, very

143

evidently in the shortening phase towards the end, but plausibly even in the primer-extension
(lengthening) phase.

Figure 5.5 Single-molecule visualisation of Pol δ-mediated primer extension and RFC-mediated DNA
compaction. a) Montages of three molecules with frames captured at 60 s intervals. Scale bar – 10
kbp/2.5 µm. b) Corresponding plots of the observed lengths of molecules over time. Lengths of dsDNA
molecules in the primer-extension phase (lengthening) and in the subsequent compaction phase
(shortening) are plotted with solid lines. Prior to lengthening, (evenly) dashed lines are plots of DNA
circle positions relative to the initial position of the circle. Lines of uneven dashes are plots of dsDNA
lengths between the lengthening and shortening phases. Reaction – 2 nM forked-dsM13, 30 nM Pol
δ, 1 nM RFC, 20 nM PCNA, 400 nM E. coli SSB, 200 µM of each dNTP, 1 mM ATP, 5 mM DTT, 50 nM
SYTOX orange. Imaging – 532 nm, 80 mW/cm2, 200 ms exposure.

The lower rates of primer extension observed in these molecules could be because RFC’s
compacting influence directly interferes with and counters observable length extensions in the
dsDNA products, even in the primer-extension phase. However, it is noticed that in the
shortening phase, the rates at which the molecules shorten are only about half as much as the
lengthening (primer-extension) rates. Additionally, the rates at which RFC-mediated
compaction was observed to occur in dsDNA molecules in the absence of all proteins (section
5.3, Fig. 5.3) were an order of magnitude lower than the primer-extension rates observed on
mols 1, 2, 3 (Fig. 5.4), which were seemingly unaffected by RFC-mediated compaction. This
discrepancy between the rates of primer extension in the two sets of molecules hence cannot
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conclusively be explained as occurring solely because RFC-mediation compaction directly
counteracts the observed increase in length of dsDNA molecules during primer extension in
mols 4, 5, 6.
The observed mean processivity of primer extension on mols 4, 5, 6 was 15.8 ± 0.9 knt (SEM),
and hence is in line with previously observed processivities (in mols 1, 2, 3). The length (in nt)
of ssDNA between the position of the rear end of the final dsDNA product in the lengthening
phase (e.g. the product at 14 min in mol4) and the position of the DNA circle right before the
transition into dsDNA (e.g. at 10 min for mol4) was determined to be less than the length of the
final dsDNA product (in bp) by ~1.5 times. As previously discussed, this indicates that stranddisplacement synthesis was possibly significantly more processive than primer extension.

5.5 Dependence of Pol δ catalysis on auxiliary proteins
Polymerases typically function with the assistance of auxiliary proteins that could be involved
in a wide array of functions such as helping the polymerase bind to primer termini, ensuring
that the polymerase maintains a tight grip on the template when involved in synthesis,
enhancing the processivity of the polymerase, bridging interactions of the polymerase with
other proteins, disengaging the polymerase from the template when required etc. In vitro, Pol δ
has been observed to primarily function with assistance from RFC, PCNA and RPA/E. coli SSB.
Their effects on the catalytic activities of Pol δ are discussed below.

5.5.1 Influence of SSBs on Pol δ activity
In accordance with earlier studies, inclusion of either RPA or E. coli SSB was essential for the
generation of any discernible strand-displacement synthesis products by Pol δ on M13mp18
DNA substrates (Burgers 1991; Yoder and Burgers 1991; Podust, Georgaki, et al. 1992; Podust,
Mikhailov, et al. 1992). Ensemble (bulk-phase) assays to compare the effects of E. coli SSB and
RPA on the catalytic actions of Pol δ were carried out on primed-ssM13 substrates (Fig. 5.6).
Reactions were carried out in replication buffer at 30oC and contained 1.5 nM of the primedssM13 substrate, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 1 mM ATP, 400 µM of each dNTP, 10
mM DTT and 1 µM of either E. coli SSB or RPA at saturating concentration. Reactions were
initiated through the addition of the DNA substrate to mixtures containing all other reaction
components. The ‘no dNTPs’ control had E. coli SSB in it, but dNTPs were omitted. The
reactions were quenched at the specified time points through the addition of EDTA and SDS
resulting in concentrations of 100 mM and 1% respectively. The ‘no dNTPs’ control reaction was
quenched at 20 min. Quenched reaction mixtures were separated by agarose gel electrophoresis
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for observation using SYBR gold staining (section 2.4.1). Reaction volumes were such that each
lane contained 81 ng of template DNA.

Figure 5.6 Influence of E. coli SSB and RPA on the catalytic activities of Pol δ. Reaction conditions –
1.5 nM primed-ssM13, 30 nM Pol δ, 10 nM RFC, 20 nM PCNA, 1 mM ATP, 400 µM of each dNTP, 10
mM DTT and 1 µM of either E. coli SSB or RPA, as indicated. Reactions were carried out in replication
buffer at 30oC. Reactions were quenched at indicated time-points, products were separated by
agarose gel electrophoresis and visualised through SYBR gold staining.

Unlike Pol ε, primer extension by Pol δ has been known not to exhibit preference for any single
type of SSB. It is known that SSBs enhance primer extension by Pol δ merely through melting
secondary structures on the DNA template, which would otherwise impede the polymerase by
causing it to pause and/or dissociate from the template. This assay also demonstrates that the
primer-extension activity of Pol δ is just as efficient with E. coli SSB as it is with RPA, with no
discernible differences. Leading up to the formation of the fully double-stranded template, at
which point primer extension has come full circle, several faint bands are observed along the
way. These bands correspond to extension products that were not extended beyond specific
DNA stretches that were difficult to replicate, likely owing to primary or secondary structures
on the DNA template. These bands are not as stark in assays depicted in Fig. 5.1, because
although singly primed M13mp18 substrates were used in both assays, the stocks of M13mp18
used to construct these substrates were obtained from two different suppliers and it appears
that the two templates have some structural differences.
There appears to be an indication that in the presence of RPA, strand-displacement synthesis is
slightly more processive but without further investigations, not a lot of weight can be placed
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upon this statement. It has been previously shown that RPA decreases the rate of stranddisplacement synthesis by Pol δ and specifically limits the size of displaced strands to within 30
nt (Maga et al. 2001). In the context of Okazaki-fragment maturation this would ensure that
the displaced strands are amenable to further processing by Rad27/FEN1 (Negritto et al. 2001).
This however is not congruent with our observations. Strand-displacement synthesis products
are not restricted to distinct bands and are spread over a broader range of sizes, indicating that
Pol δ is varyingly processive in its action with both SSBs. Overall, it is seen that E. coli SSB and
RPA are not very significantly different in their enhancement of the efficiency or processivity of
strand-displacement synthesis by Pol δ. The strand-displacement synthesis activity of Pol δ
hence does not appear to be mediated by any specific interaction between Pol δ and RPA, which
is the cognate eukaryotic SSB. The role of SSBs in strand-displacement synthesis appears to be
in resolving secondary structures on the template, as is the case with primer extension. As
opposed to studies on calf-thymus Pol δ wherein strand-displacement synthesis by Pol δ was
not seen to be stimulated by either RPA or E. coli SSB (Podust et al. 1995), in our assays,
inclusion of either RPA or E. coli SSB was essential for the generation of any discernible stranddisplacement synthesis products.
The smear of strand-displacement synthesis products is plausibly composed of two kinds of
products – products generated only through strand-displacement synthesis, hence doublestranded circles with displaced single-stranded tails of varying lengths; and products generated
through strand-displacement synthesis followed by strand switching and primer extension,
hence double-stranded circles with double-stranded tails of varying lengths. SYBR gold was
used as the DNA stain, and it stains both ss and dsDNA. An extraction of the rates of stranddisplacement synthesis by Pol δ is hence not feasible using these assays.

5.5.2 Effects of RFC and PCNA on Pol δ activity
As opposed to the poor stimulation of Pol ε by PCNA (S. H. Lee, Pan, et al. 1991), Pol δ is greatly
stimulated in both its catalytic activity and processivity by PCNA. In vitro studies using short,
homopolymeric, linear DNA substrates have shown that PCNA is able to catalytically stimulate
Pol δ even in the absence of RFC, ATP and RPA/E. coli SSB (Bauer and Burgers 1988b),
presumably by loading in from the ends. However, on singly primed, circular substrates, both
RFC and PCNA are required for the successful assembly of Pol δ as an efficient replicative
holoenzyme. Additionally, ATP (or dATP) needs to be present for complex formation. In our
assays too, no products could be seen in the absence of RFC or PCNA.
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Bulk-phase assays for PCNA-dependence (Fig. 5.7a) were carried out on primed-ssM13
substrates. Reactions were carried out in replication buffer at 30oC and were composed of 2 nM
primed-ssM13 substrate, 30 nM Pol δ, 10 nM RFC, 1 µM E. coli SSB, 1 mM ATP, 400 µM of each
dNTP, 10 mM DTT and either 20 nM or 200 nM PCNA, as specified. Reactions were initiated
through the addition of the DNA substrate to mixtures containing all other reaction
components. The ‘no dNTPs’ control had 20 nM PCNA and no dNTPs. The reactions were
quenched at different time-points as indicated, through the addition of EDTA and SDS, as
previously described. The ‘no dNTPs’ control was quenched at 20 min. Quenched reaction
mixtures were separated using agarose gel electrophoresis for observation using SYBR gold
staining (section 2.4.1). Reaction volumes were such that each lane contained 106 ng of template
DNA. With a 10-fold increase in the concentration of PCNA, not much difference is seen in the
primer-extension activity of Pol δ. However, strand-displacement synthesis appears to be
significantly enhanced at the higher PCNA concentration.
Assays for studying the dependence of strand-displacement synthesis by Pol δ on RFC
concentrations (Fig. 5.7b) were conducted similarly. Reaction conditions were similar except
that PCNA was maintained at a concentration of 20 nM in all reactions and increasing
concentrations of RFC ranging from 0.1 to 10 nM were titrated into reactions, as indicated. All
the reactions were quenched after 30 min. Reactions were carried out on forked-dsM13
substrates. However, the quality of the substrate stock used in these reactions was not very
good. As seen (Fig. 5.7b-first lane), the starting template contains a significant amount of
primed ssM13mp18 DNA (lowest band). Pol δ extends these templates into fully doublestranded circular products before transitioning into strand displacement. A strong band is seen
in all the reaction lanes right above the band corresponding to primed ssM13mp18 DNA (lowest
band in lane 1). This band is also faintly present in lane 1. This band appears to be resulting from
a strong pause site on the DNA template as a result of primary or secondary structures that the
polymerase finds difficult to overcome.
Despite hints of some weak interaction between RFC and Pol δ (Pan, Chen and Hurwitz 1993;
Yuzhakov et al. 1999), it is largely believed that RFC does not bind either Pol ε or Pol δ tightly
and that it does not progress along as part of the replisome. Additionally, due to the
interchangeability of RPA with E. coli SSB, we know that RFC does not have specific interactions
with RPA. The ssDNA binding property of RFC has also been shown not to have any influence
on Pol δ catalysis (Uhlmann et al. 1997). In fact, RFC loses its affinity for PCNA and disengages
from PCNA after it loads the clamp (Podust et al. 1999). Consequently, the Pol δ holoenzyme
is composed only of Pol δ and PCNA. Since RFC does not travel along with the fork, its
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contribution to the catalytic activity of Pol δ presumably only goes as far as it being able to load
PCNA onto the template. This is evident in this assay, where beyond a critical concentration,
any further increase in the concentration of RFC at a constant PCNA concentration is not seen
to enhance strand-displacement synthesis by Pol δ (Fig. 5.7b-right lanes (5–10 nM)).

Figure 5.7 Influence of RFC and PCNA concentrations on the catalytic activities of Pol δ. a) Effects of
a 10-fold increase in PCNA concentration on Pol δ catalysis. Reactions contained 10 nM RFC and either
20 nM or 200 nM PCNA, as indicated. DNA substrate – primed-ssM13. Reactions were quenched at
indicated time-points. b) Effects of varying concentrations of RFC on strand-displacement synthesis by
Pol δ. Reactions contained 20 nM PCNA and RFC at indicated concentrations. DNA substrate – forkeddsM13. Reactions were quenched at 30 min. All reactions in a and b contained 2 nM DNA substrate,
30 nM Pol δ, 1 µM E. coli SSB, 1 mM ATP, 400 µM of each dNTP and 10 mM DTT. Reactions were
carried out in replication buffer at 30oC. Quenched products were separated by agarose gel
electrophoresis and visualised through SYBR gold staining.

149

RFC, by itself, has been seen to possess DNA-dependent ATPase activity with and high affinity
for ssDNA, dsDNA and primed ssDNA (Hingorani and Coman 2002). Assays for the ATPase
activity of RFC using unprimed ssDNA substrates showed the Km value for ATP to be 15 ± 5 µM;
a value that remains unaffected by the kind of SSB used or the presence or absence of PCNA.
However, on a primed substrate, in the presence of PCNA, the ATPase activity of RFC is greatly
enhanced, indicating that PCNA enhances the binding of RFC to the primer terminus and this
enhances RFC’s ATPase activity (Yoder and Burgers 1991). With a singly-primed M13mp18
substrate, the ATPase activity of RFC has been shown to increase by 70% if PCNA is present.
The high affinity of RFC for a primer-template DNA junction is believed to be the mechanistic
reasoning behind how RFC inhibits action of Pol α-primase (Maga et al. 2000) and why at
higher concentrations of RFC, Pol ε is inhibited in its catalytic action (Georgescu et al. 2014;
Schauer and O’Donnell 2017). However, a consistent increase in the concentration of RFC at a
constant concentration of PCNA does not negatively impact the strand-displacement synthesis
activity of Pol δ (Fig. 5.7b). Pol δ has been observed to show nearly undetectable affinity for
primer-template junctions (Chilkova et al. 2007) as opposed to the very strong affinity of Pol ε
for primer termini (Langston and O’Donnell 2008). Pol δ is held on to the template through
its very strong interaction with PCNA and hence does not need to outcompete RFC to obtain
access to the 3′-ends of primer-template DNA.

5.6 Discussion
Under the assay conditions used (~85 mM salt), single-molecule visualisation assays show that
Pol δ-PCNA functions very efficiently in both strand-displacement synthesis and primerextension synthesis on M13mp18 DNA templates, spanning tens of knt of synthesis. The singlemolecule visualisation of primer-extension synthesis by Pol δ-PCNA on two sets of DNA
substrate molecules yielded vastly different values for the rate of synthesis (501 ± 50 nt/s vs 55
± 8 nt/s). It is noted that for the second set of molecules, RFC-mediated compaction of dsDNA
can potentially lower the observed rate of primer-extension synthesis, however not by a large
extent. On the other hand, a rate of 55 nt/s is more in line with previous reports on the rate of
primer-extension synthesis by Pol δ-PCNA, where RFC-mediated compaction does not occur
and does not affect experimental observables (Burgers 1991; Ayyagari et al. 2003; Langston and
O’Donnell 2008; Georgescu et al. 2014). The reasons behind the large discrepancy between
the rates of primer extension in the two sets of molecules are unclear. Both sets of assays were
conducted in the exact same manner, and the data were analysed in the exact same way.
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Considering the stability of Pol δ-PCNA on DNA and its high primer-extension efficiency, it is
puzzling that Pol δ would be assigned to replicating only the lagging strand. Eukaryotic Okazaki
fragments are only ~200 bp long (Weaver and DePamphilis 1984; Bielinsky and Gerbi 1998;
Smith and Whitehouse 2012). Additionally, in most S. cerevisiae cells, the number of Okazaki
fragments generated exceeds the number of replicative polymerases present in the cell by at
least a couple of orders of magnitude. A lagging-strand polymerase would hence ideally be
expected to merely engage in synthesising short DNA fragments coupled with being frequently
recycled on to subsequent fragments. This expectation is in direct contrast to the strong hold
Pol δ-PCNA has on the template and its high efficiency of primer extension. There have been
suggestions that even in the presence of active Pol ε, Pol δ is the primary polymerase involved
in the replication of both DNA strands (Johnson et al. 2015). Other studies have collectively
shown that the catalytic subdomain of Pol ε is dispensable for DNA replication and repair in S.
cerevisiae strains. Mutant strains were however found to exhibit severe DNA replication defects
(Dua, Levy and Campbell 1999; Kesti et al. 1999; Ohya et al. 2002). In vitro reconstitutions of
replication mechanisms involving purified CMG and model fork substrates suggest that Pol δ is
staved off the leading-strand template through a collision-release mechanism when it runs into
CMG and that Pol ε supresses Pol δ on the leading strand (Langston and O’Donnell 2008;
Georgescu et al. 2014, 2015; Schauer and O’Donnell 2017). However, in in vitro reconstitutions
of DNA replication with origin firing, Devbhandari et al. (2017) observed that in the absence of
DNA polymerase activity by Pol ε, Pol δ supported efficient leading- and lagging-strand
synthesis in conjunction with CMG. These studies indicate that Pol δ is probably involved in
synthesising both the leading and lagging strands and is required to function highly efficiently
in primer-extension synthesis, at least under certain conditions.
Furthermore, extensive strand-displacement synthesis by Pol δ-PCNA is incongruent with
Okazaki-fragment maturation which essentially requires short (8–35 nt) RNA/RNA-DNA
primers to be displaced. Under normal circumstances, in wild-type cells, excessive stranddisplacement synthesis by Pol δ during Okazaki-fragment maturation, is not considered an ideal
scenario. Long ssDNA flaps will be bound by RPA and the formation of ssDNA-RPA complexes
would lead to DNA damage response (DDR) activation (Zou and Elledge 2003; Ciccia and
Elledge 2010). The accumulation of ssDNA-RPA complexes leading to sustained DDR
activation can be lethal. Devbhandari et al. (2017) have also reported extensive stranddisplacement synthesis by Pol δ on plasmid DNA, even with FEN1 present. They further
demonstrated that the presence of nucleosomes on the template inhibits the stranddisplacement synthesis activity of Pol δ.
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Extensive strand-displacement synthesis by Pol δ has been linked to other pathways outside the
context of lagging-strand replication. Extensive strand-displacement synthesis by Pol δ occurs
in the repair of double-strand breaks (DSBs) through conservative break-induced replication
(BIR) (Davis and Symington 2004; Llorente, Smith and Symington 2008). BIR is a homologous
recombination (HR) pathway that repairs DSBs that occur through say, replication fork collapse
or erosion of uncapped telomeres, wherein only one of the ends can participate in a homology
search (Donnianni and Symington 2013). The 3′ strand invasion from this end into a
homologous duplex DNA establishes a displacement loop (D-loop) that migrates continuously
as the strand is extended through Pol δ-mediated strand-displacement synthesis, until the
chromosomal end is reached. This nascent strand that is displaced as a result of D-loop
migration serves as the template for lagging-strand synthesis (Llorente, Smith and
Symington 2008; Donnianni and Symington 2013). DNA synthesis can extend for hundreds
of kb through Pol δ mediated strand-displacement synthesis, and is known to be enhanced in
the presence of Pif1 (Wilson et al. 2013; Buzovetsky et al. 2017). A recent study also shows that
Pol δ replicates both the invading strand as well as the complementary strand (Donnianni et
al. 2019). Enhancement of strand-displacement synthesis by Pol δ, mediated by Pif1 and Rrm3
(rDNA recombination mutation) (both 5′–3′ Pif1-family helicases), has been linked to the
removal of bulky replication roadblocks, and to the displacement of multi-protein transcription
complexes and R-loops (RNA loop) at tRNA genes (tDNA) to avoid replication fork collapse
(Boulé and Zakian 2006; Azvolinsky et al. 2009; Koc et al. 2016; Tran et al. 2017). In line with
this, through a study using Xenopus egg extracts, Fu et al. (2011) have shown that replisomes
tend to bypass large obstacles on the lagging-strand template far more easily than on the
leading-strand template.
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Chapter 6
Optimisation of DNA templates for single-molecule studies
of leading-strand DNA synthesis in Saccharomyces
cerevisiae
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6.1 Introduction
6.1.1 Leading-strand DNA synthesis in S. cerevisiae
During semiconservative DNA replication in eukaryotes, Pol ε is believed to be responsible for
the continuous replication of the leading-strand template. The helicase, CMG and Pol ε are
known to form a stable assembly with Pol ε anchored to the ATPase face of Mcm2–7 (the central
motor of CMG) (Li and O’Donnell 2018). CMG loads on to the leading-strand template and
traverses in the 3′–5′ direction as it unwinds DNA. Previous work indicates that CMG specifically
recruits Pol ε to the leading-strand template to the exclusion of Pol δ (Georgescu et al. 2014;
Schauer and O’Donnell 2017). Unwinding by CMG is coupled to the 5′–3′ polymerase activity
of Pol ε to support the replication of the leading strand.
It is unclear what the role of PCNA is, in terms of its association with Pol ε. Several studies have
shown that unlike Pol δ, the processivity of Pol ε is only mildly stimulated in the presence of
RFC and PCNA (Chilkova et al. 2007; Georgescu et al. 2014; Yeeles et al. 2017).
Crystallographic studies have indicated that the catalytic subunit of Pol ε contains a domain
that might confer processivity by encircling the DNA template (Hogg et al. 2014). It has also
been demonstrated that in the absence of Dpb3 and Dpb4, the interaction between Pol ε and
the DNA template is disrupted, indicating that Dpb3 and Dpb4 are essential for processive DNA
replication by Pol ε (Aksenova et al. 2010). Furthermore, owing to the strong binding between
Pol ε and CMG, the CMG helicase itself is believed to be the main processivity factor for
synthesis by Pol ε. In conjunction with CMG, Pol ε functions with high fidelity and processivity.
Previous in vitro reconstitutions of leading-strand DNA replication in Saccharomyces cerevisiae
have shown that synthesis by Pol ε is stimulated by both RPA and Escherichia coli SSB,
indicating that SSBs bind to the single-stranded lagging-strand template to remove secondary
structures that might hinder helicase progression (Langston et al. 2014).
Here, S. cerevisiae leading-strand DNA replication reactions have been minimally reconstituted
on surface-tethered flow-stretched dsDNA templates, in a scheme where beads attached to
these templates are tracked to monitor the progress of leading-strand replication.

6.1.2 Flow-stretching assays on DNA-bead assemblies
Flow-stretching assays for the observation of leading-strand DNA replication are designed
around the central premise that ssDNA and dsDNA have very different contour lengths when
subjected to stretching forces (Fig. 6.1b). Beads attached to flow-stretched and surface-anchored
linear dsDNA molecules undergoing leading-strand replication are tracked to report on changes
in DNA length and monitor conversion of dsDNA to ssDNA as a read out for synthesis (Fig. 6.1).
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Figure 6.1 Flow-stretching assay on DNA-bead assemblies for single-molecule visualisation of
leading-strand DNA synthesis. a) Assay illustration. (top) The DNA substrate used is a linear dsDNA
molecule with a replication fork. Biotinylated substrates are attached to the glass slide surface of a
flow channel passivated with PEG molecules; a proportion of the PEG molecules contain biotin
handles. Surfaces are treated with streptavidin prior to substrate attachment. At the other end, the
DNA substrate has a digoxigenin moiety for attachment to an anti-digoxigenin-coated bead. The
template remains flow-stretched during observation. (bottom) With leading-strand DNA replication,
the tether length is progressively shortened by a distance proportional to the number of nucleotides
synthesised. Bead-displacement is tracked to monitor leading-strand synthesis. Template DNA is
shown in black primer in blue, newly synthesised DNA in red. b) Extension of dsDNA and ssDNA as a
function of the applied stretching force. The difference between their lengths at various forces allows
for any conversion between the two forms to be tracked. (left) Force-extension data obtained from
optical trapping experiments (Wuite et al. 2000). At forces larger than ~6pN dsDNA is shorter than
ssDNA. Data are fit with the worm-like chain (WLC) model (red lines). (right) Force-extension data at
low forces obtained from flow-stretching experiments (Lee et al. 2006). At forces lower than ~6 pN
ssDNA is shorter than dsDNA. Adapted from van Oijen (2007).
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In short, dsDNA molecules with replication forks are attached to the surface of a flow channel
through the 5′-ends on their lagging-strand templates (Fig. 6.1a). Each molecule has a
polystyrene bead attached to its other, free end. Hydrodynamic flow is employed to exert a drag
force on the DNA-bead tethers to keep the molecules stretched along the direction of flow. The
force acting on the DNA is determined by the flow rate and the size of the bead. The parabolic
shape of the laminar flow velocity profile ensures that the bead remains just above the surface
(Lee et al. 2006; Tanner et al. 2008). Studies on the elastic properties of DNA have shown that
at stretching forces <6 pN, ssDNA is significantly shorter that dsDNA because ssDNA with its
significantly shorter persistence length tends to entropically collapse upon itself (Fig. 6.1b). As
a dsDNA template is unwound during leading-strand replication (in the absence of laggingstrand synthesis), the lagging-strand template remains single-stranded. The net conversion of
dsDNA to ssDNA, leading to the shortening of the template is tracked through monitoring the
movement of the bead attached to the template (Fig. 6.1a).
In accordance with the equipartition theorem from classical statistical mechanics, the accuracy
of this tracking is determined by length fluctuations caused by the Brownian motion of the bead
along the length of the molecule, as described by a mean squared displacement defined as:

< ∆𝑧 2 > =

𝑘𝐵 𝑇
𝜕𝑧 𝐹

Equation 6.1

where kB is the Boltzmann constant, T is the temperature and F is the stretching force
(Reif 1965; Strick et al. 1998, 2000). On the other hand, the Brownian motion of the bead in
the transverse direction, perpendicular to the direction of flow and along the surface, serves to
conveniently calibrate the applied stretching force. The mean squared displacement of the bead
in the transverse direction is related to the stretching force by:

< ∆𝑥 2 > =

𝑘𝐵 𝑇𝑙
𝐹

Equation 6.2

with l indicating the length of DNA (Strick et al. 2000). An independent approach to calibrating
the force is achieved by fitting flow rate-extension data to the worm-like chain model, a model
from polymer physics that describes the length of DNA as a function of the applied stretching
force. This calibration is carried out by recording tethered DNA lengths over a range of flow
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rates and fitting these data with the worm-like chain model with a dsDNA persistence length of
53 nm (Bustamante et al. 1994; Strick et al. 2000; Bustamante, Bryant and Smith 2003). Using
these calibration methods, DNA lengths and the magnitude of the stretching force at any given
flow rate are determined. For lambda phage DNA, contour lengths as well as length differences
between ssDNA and dsDNA for a range of stretching forces have been well characterised and
reported in the literature (Smith, Finzi and Bustamante 1992; van Oijen et al. 2003).
A combination of wide-field optical microscopy at low magnification and fitting bead positions
using 2D Gaussian functions to achieve subpixel resolution makes it possible to simultaneously
track several thousand beads without compromising on measurement precision (Thompson,
Larson and Webb 2002; Duderstadt et al. 2016) (Fig. 6.2c-left). Practically, hundreds of
replicating molecules can be simultaneously tracked. This technique has been used successfully
to study leading-strand replication in bacterial and viral systems (Lee et al. 2006; Tanner et
al. 2008). Other biological mechanisms such as exonucleolytic activity and primer extension
have also been studied using this technique (van Oijen et al. 2003). Primer extension involves
the conversion of ssDNA to dsDNA leading to an increase in the contour length of the substrate
when the applied stretching force is less than 6 pN (Tanner et al. 2008). On the other hand, at
forces larger than 6 pN, ssDNA is longer than dsDNA and primer extension has been observed
in the form of template shortening (Maier, Bensimon and Croquette 2000; Wuite et al. 2000).
The transient formation and release of replication loops on the lagging strand during
coordinated leading- and lagging-strand replication has been characterised on the basis of brief
shortening followed by sudden lengthening events (Lee et al. 2006; Hamdan et al. 2009). A
modification of this assay involving two beads has been employed to simultaneously monitor
the kinetics of leading-strand replication and loop formation on the lagging strand during
coordinated replication (Duderstadt et al. 2016).
In this chapter, flow-stretching assays on DNA-bead assemblies for the single-molecule
observation of leading-strand DNA replication in S. cerevisiae are described, in a minimal
reconstitution composed of five multi-subunit proteins. In addition to Pol ε and CMG, our
reconstituted system comprises RFC, PCNA and E. coli SSB. Through these assays,
instantaneous single-molecule rates and single-molecule processivities of leading-strand
replication in S. cerevisiae were extracted. Previous implementations of this assay for studies of
leading-strand replication in bacterial and viral systems have employed DNA substrates
constructed from linearised bacteriophage lambda DNA. Here, it is demonstrated that the use
of a ‘nick-free’ substrate (forked 20-kb substrate, section 2.5.3) created using PCR amplification
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leads to a significant increase in the observed efficiency and processivity of eukaryotic leadingstrand replication.
The work presented in this chapter was conducted prior to the work published by Lewis,
Spenkelink, Schauer, et al. (2017), which was also undertaken in the van Oijen lab. In the
published work, which builds on my work described here, flow-stretching assays on DNA-bead
assemblies are employed for the single-molecule observation of leading-strand DNA replication
in S. cerevisiae, to demonstrate how Mcm10 and Mrc1–Tof1–Csm3 influence active leadingstrand replisomes. In their assays, the authors use the ‘nick-free’ substrate (forked 20-kb
substrate), characterised in this chapter (section 6.2.2). The studies presented in this chapter
were important in establishing that the forked 20-kb substrate is a better substrate than the
forked λ-DNA substrate (section 2.5.1), for use in flow-stretching assays on DNA-bead
assemblies, specifically when addressing leading-strand DNA replication mechanisms.
All prior studies involving flow-stretching assays for studies of DNA replication mechanisms in
more primitive systems, have used DNA substrates where a replication fork is ligated to
linearised lambda DNA (if a fork was essential) (van Oijen et al. 2003; Lee et al. 2006; Tanner
et al. 2008; Hamdan et al. 2009; Duderstadt et al. 2016). The forked λ-DNA substrate was
constructed similarly, for the single-molecule observation of leading-strand DNA replication in
S. cerevisiae (section 2.5.1, section 6.2.1). Here, the construction of the forked 20-kb substrate is
described, and it is demonstrated that the use of this substrate in flow-stretching assays leads
to much more reliable observables in the study of mechanisms pertaining to leading-strand
DNA replication (section 6.2.2). The significance of the work in this chapter lies in the
presentation of an improved linear DNA substrate that is constructed differently to substrates
that are conventionally used in flow-stretching assays, and demonstrating that this
improvement is significant, through the conduction of eukaryotic leading-strand DNA
replication reactions on both substrates and comparing the observables.

6.2 Visualisation of S. cerevisiae leading-strand DNA synthesis through flowstretching assays on DNA-bead assemblies
6.2.1 Assays on the forked λ-DNA substrate
6.2.1.1 Substrate construction
Flow-stretching assays for studying DNA replication in bacterial/viral systems have usually
made use of DNA substrates constructed through modifications of phage lambda DNA
molecules (van Oijen et al. 2003; Lee et al. 2006; Tanner et al. 2008). The circular lambda
DNA chromosome contains a 12-nt hybridised (but not ligated) single-stranded overhang at
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each end, known as the cos (cohesive) ends, so, when cos are denatured by heating, the lambda
DNA is linearised. A replication fork containing a primer was ligated to one end of lambda DNA
through hybridisation and ligation to one of its cos ends (Fig. 6.2a). The fork contains an
extended poly(dT) tail on the leading-strand template, downstream of the primer to assist with
CMG loading. At the fork end, the lagging-strand template contains a terminal 5′-biotin moiety.
An oligonucleotide containing a terminal 3′-digoxigenin moiety is ligated at the other end
through hybridisation to the other cos end. The two distinct end modifications ensure that the
DNA substrate specifically attaches itself to a streptavidin-coated flow channel surface at the
fork end and to a polystyrene, paramagnetic bead functionalised with anti-digoxigenin at the
other end. The construction of this substrate (forked λ-DNA substrate) is detailed in section
2.5.1.

Figure 6.2 Forked λ-DNA substrate. a) Schematic showing substrate design. b) Fluorescence
microscopy image of substrate in the presence of SYTOX orange (75 nM). c) Using wide-field optical
microscopy at low magnification large fields of view containing thousands of beads were imaged. A
sharp flow reversal was used to check whether DNA substrate-bead assemblies had properly formed
and tethered. Image in the magnified inset (right) is of pairs of bead positions before (magenta) and
after (white) flow reversal. Each pair of bead positions ~32 µm apart corresponds to one properlytethered molecule.
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The forked λ-DNA substrate was visualised in the presence of SYTOX orange using a
fluorescence microscope and we observed that the substrates had the expected length (Fig.
6.2b). When assembled on a flow channel surface with beads, the substrates were found to be
properly tethered (Fig. 6.2c). Fig. 6.2c-right shows the positions of beads before (magenta) and
after (white) a sharp reversal of buffer flow through the flow channel. Each pair of bead positions
that are ~32 µm apart corresponds to one molecule, with the separation corresponding to twice
the length of a stretched, linear lambda DNA molecule. In addition to these pairs, we see stuck
beads; beads that did not move at all or did not move far enough to traverse twice the tether
length due to non-specific interactions with the surface. B-form lambda DNA has a
crystallographic length of 16.2 µm and the flow rate here is high enough for the tether length to
nearly approach the crystallographic length.

6.2.1.2 Flow-stretching assay
The conduct of flow-stretching assays on DNA bead assemblies has been detailed in section 2.2.
Here, an overview with a focus on details specific to this particular assay is provided. For the
single-molecule visualisation of leading-strand DNA replication, reactions were carried out on
DNA substrates tethered to the surface of a flow channel in a flow cell mounted on an inverted
optical microscope (setup illustrated in Fig. 2.2). A substrate solution containing the forked λDNA substrate at a concentration of 10 pM was drawn into a flow channel for attachment of the
substrate to its streptavidin-coated glass surface. After a washing step to remove unattached
substrate molecules from the flow channel, a solution of beads functionalised with antidigoxigenin (2.8 µm, 2 x 106 beads/ml) was introduced for attachment of these beads to the
surface-tethered substrates. Unattached beads and beads non-specifically stuck to the surface
were then removed by extensive washing. Reactions were conducted in two steps – helicase
assembly and leading-strand synthesis. A reaction solution containing 30 nM CMG and 400 µM
ATP was drawn in for helicase assembly over a 10 min period. Leading-strand replication was
then initiated by drawing in a reaction solution containing 30 nM Pol ε, 10 nM RFC, 20 nM
PCNA, 250 nM E. coli SSB, 200 µM of each dNTP (dATP, dCTP, dGTP, dTTP) and 5 mM ATP.
This flow was maintained at 15 µl/min for 40 min during which leading-strand synthesis on the
DNA substrate converts the leading-strand template to dsDNA, resulting in an increase of the
length of the single-stranded lagging-strand template bound with E. coli SSB (Fig. 6.1a). This
process causes the bead attached to the substrate to move against the direction of flow by a
distance equal to the difference between the lengths of dsDNA and ssDNA (bound with E. coli
SSB) that are generated.
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Dark-field illumination was employed using a high intensity fibre illuminator positioned above
the microscope stage. A FOV containing several thousand beads was imaged using a 7X
objective lens mounted on a CCD camera (1.6 µm/px under our imaging conditions) at a time
resolution of 250 ms (Fig. 6.2c). The objective had a low numerical aperture (NA 0.23) so that
the illumination light was not transmitted but the light scattered by the beads was collected
(dark-field imaging). During the course of the experiment, a rare-earth magnet remained
positioned over the flow cell to exert a small (1 pN) upward force on the magnetic beads,
preventing them from non-specifically sticking to the flow-channel surface. The substrate and
all reaction mixtures were carried in replication buffer (25 mM Tris-HCl pH 7.6, 10 mM
Mg(CH3COO)2, 50 mM C5H8KNO4, 0.1 mM EDTA, 40 µg/ml BSA, 0.0025% (v/v) Tween-20).
All reaction solutions contained 5 mM DTT. Bead solutions were carried in blocking buffer (20
mM Tris-HCl pH 7.5, 2 mM EDTA, 50 mM NaCl, 0.4 mg/ml BSA, 0.005% (v/v) Tween-20). All
washes were done with replication buffer. The experimental cell was maintained at 30oC
throughout.
Bead movements were tracked through fitting bead positions across all recorded frames to
obtain trajectories. Using multiple levels of filtering and corrections, several trajectories were
filtered out. Briefly, after fitting bead positions, beads showing high fitting errors and beads too
close to each other were removed. Beads that could not be tracked for at least 5 min were not
considered. Trajectories that did not display any net movement against the direction of flow
were filtered out, as were trajectories that did not have clear start and end points corresponding
to periods before and after enzymatic replication elongation. Trajectories that exhibited
unexpected transversal movements, extremely high transversal Brownian noise (variance > 0.1
µm2) or extremely low transversal Brownian noise (indicating that the beads are stuck to the
surface) were also filtered out.
Bead-displacement trajectories of replicating substrates were used to generate traces showing
the number of nucleotides synthesised over time (Fig. 6.3a). The dsDNA lengths were
determined by locating the midpoint of the distance between bead positions before and after a
flow reversal at the experimental flow rate. Under our assay conditions dsDNA had a length of
2477 bp/µm and E. coli SSB-bound ssDNA was 33% as long as dsDNA. These values meant that
3691 nucleotides were being incorporated for 1 µm of bead displacement. Regions of enzymatic
DNA synthesis in the trajectories were processed using a kinetic change-point analysis
previously employed by Duderstadt et al. (2016) for similar purposes. The change-point method
isolates distinct periods of enzymatic activity at constant rates and converts them into single
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line fits of leading-strand replication events (Fig. 6.3a). Details pertaining to tracking beads and
all further data processing are elaborated in section 2.2.5.

Figure 6.3 Leading-strand DNA replication assays on the forked λ-DNA substrate. a) Example
trajectories showing the number of nucleotides synthesised with time. Black lines are single-line fits
of replication events identified using the change-point algorithm. b) Distribution of leading-strand
replication rates. Data are fit with a Gaussian function, indicating a leading-strand replication rate of
7.1 ± 0.4 nt/s (SEM). c) Distribution of total lengths of leading-strand replication products. Data are fit
with a single-exponential decay function indicating a processivity of 808 ± 110 nt (error of fit). n = 187
trajectories (molecules). Fits are shown in solid black lines.

With all other assay parameters remaining constant, the experimental precision is limited by
the small fluctuations brought about by buffer flow. The standard deviation in bead position
along the direction of flow was 213 ± 8 bp (86 ± 3 nm) and is indicative of the experimental
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resolution. The standard deviation in bead position in the transverse direction was 180 ± 9 nm.
Reported values of standard deviation and variance in bead position were obtained through 100
s sliding-window averages of bead positions during periods preceding enzymatic activity, in 30
randomly selected substrates.
Rates of individual events were obtained from the slopes of single line fits generated by the
change-point method. The data fit a Gaussian distribution, with a mean rate of leading-strand
replication of 7.1 ± 0.4 nt/s (value is the centre of the Gaussian peak, error is SEM) (Fig. 6.3b).
The observed rate of leading-strand replication agrees with previously reported values
(Georgescu et al. 2014). Fig. 6.3c contains a distribution of the total lengths of leading-strand
replication products generated per trajectory. This distribution is fit with a single exponential
function with a decay constant of 808 ± 110 nt (error of fit), which is indicative of the processivity
of leading-strand DNA replication. Processivity distributions of replicative polymerases
typically fit a single exponential decay function in line with a single rate constant determining
the end of a replication event due to the dissociation of the polymerase from the DNA template.
In our experiments, when multiple enzymatic events were observed in a trajectory, it was
extremely rare for these events to be separated by pauses. Consecutive events were isolated
based on the differences among their rates of synthesis. Hence, it is unclear whether the end of
a replication event as we define it here involves a dissociation event or merely a change in the
rate of synthesis. The term processivity here is used to mean the total amount of leading-strand
synthesis product generated on a substrate during the time period of observation, irrespective
of the number of replication events isolated from its trajectory. Defined as the number of
properly assembled DNA-bead substrates that exhibited enzymatic shortening, the average
efficiency with which leading-strand synthesis occurred was observed to be 3.0 ± 0.2% (n = 3
experiments). In the absence of E. coli SSB, the efficiency was observed to be 0.35 ± 0.05% (n =
2 experiments).

6.2.2 Assays on the forked 20-kb substrate
The low efficiency observed in flow-stretching assays using the forked λ-DNA substrate was
likely explained by the DNA substrates containing plenty of nicks (a suspicion confirmed by
other researchers in the van Oijen laboratory on the basis of observations from their work
involving other DNA-based systems). In view of this observation, a DNA substrate based on
PCR-mediated amplification of a shorter stretch of lambda DNA was constructed (forked 20-kb
substrate).
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6.2.2.1 Substrate construction
The construction of the ‘nick-free’ forked 20-kb substrate is detailed in section 2.5.3. Briefly,
lambda DNA was subjected to a repair process to seal its nicks (the PreCR® Repair Mix; New
England Biolabs was used). After repair, a ~20 kbp fragment (19,998 bp) of lambda DNA was
amplified using PCR. The forward primer used in PCR amplification contained an NheI
restriction site. Subsequently, upon restriction digestion of the PCR fragment using NheI, an
overhang was produced for the attachment of the biotinylated, primed replication fork. Both
the forked λ-DNA substrate and the forked 20-kb substrate have the same fork. The other end
of the PCR fragment contained a 5′-digoxigenin moiety on the leading-strand template,
introduced as part of the reverse primer used during PCR amplification (Fig. 6.4a). Ultimately,
the substrate was purified using size exclusion column chromatography using a Sepharose size
exclusion column to remove excess oligonucleotides. Pooled fractions from elution peaks were
dialysed in TE buffer, centrifugally concentrated and analysed using agarose gel electrophoresis
(Fig. 6.4b).

Figure 6.4 Forked 20-kb substrate. a) Schematic of substrate design. b) Agarose gel image of the
purified substrate (20,026 bp double-stranded region). c) Fluorescence microscopy image of purified
substrate in the presence of SYTOX orange (75 nM). d) Substrate-bead assemblies were found to be
properly formed and tethered, displaying the proper tether length. Image shows bead positions before
(magenta) and after (white) a sharp flow reversal. Each pair of bead positions ~12 µm apart
corresponds to one molecule.

When visualised using fluorescence microscopy in the presence of SYTOX orange under buffer
flow, substrates were found to have the desired length (Fig. 6.4c). In addition to the full-length
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substrate, shorter fragments are also observed, plausibly generated due to molecules being
cleaved while handling. These shorter fragments do not lead to observables in the assay. When
assembled on a flow channel surface with beads, DNA substrate-bead assemblies were observed
to be correctly tethered. Pairs of bead positions before (magenta) and after (white) a sharp
reversal of buffer flow were found to be ~12 µm apart indicating proper assembly and tethering
(Fig. 6.4d). Non-specific interactions with the surface resulted in several substrates not
responding to flow reversal as expected.

6.2.2.2 Flow-stretching assay
Flow stretching assays to observe leading-strand replication on forked 20-kb substrates were
conducted in the same manner detailed for forked λ-DNA substrates in section 6.2.1.2 above.
Data obtained from tracking beads over a period of 25 min at a flow rate of 15 µl/min was also
handled similarly. Under the assay conditions, the forked 20-kb substrate had a length of 3756
bp/µm. During leading-strand replication on forked 20-kb substrates, a bead displacement of
one µm against the direction of flow meant that 5596 nucleotides had been incorporated.
The standard deviation in bead position along the length in the direction of flow was 196 ± 6 bp
(52 ± 2 nm) and is a measure of the experimental resolution, which is largely determined by
local flow fluctuations. The standard deviation in the transverse direction was observed to be
128 ± 5 nm.
The distribution of leading-strand replication rates was fit with a Gaussian function with a peak
centred at 6.0 ± 0.2 nt/s (value is the centre of the Gaussian peak, error is SEM) (Fig. 6.5b). The
distribution of total lengths of leading-strand products generated per trajectory was fit with an
exponential function with a decay constant of 5380 ± 760 nt, indicative of the processivity of
leading-strand replication (Fig. 6.5c). While the replication rates are in close agreement,
leading-strand replication on the forked 20-kb substrates occurred with a processivity that is
over 6 times higher than that observed with the forked λ-DNA substrate.
The observed efficiency in the assay in terms of the ratio of the number of properly assembled
substrates that exhibited leading-strand replication events, was 8.8% ± 1.1% (average of 3
experiments, error is SEM). Assays conducted in the absence of dNTPs (but in the presence of
ATP) were also analysed for bead trajectories that closely resembled enzymatic events. On an
average, such trajectories constituted 0.5% ± 0.1% (average of 3 experiments, error is SEM) of
the entire population of correctly tethered substrates (6049, 6127, 5264 tethered substrates).
This control also rules out the possibility that our observations might emerge from CMGmediated unwinding uncoupled from polymerisation. The dsDNA substrates in these assays did
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not exhibit RFC-mediated compaction, possibly because, with the bead present, sizeable drag
forces keep the DNA substrate stretched out.

Figure 6.5 Leading-strand DNA replication assays on the forked 20-kb substrate. a) Example
trajectories showing the number of nucleotides synthesised with time; distinct enzymatic events
identified through the change-point algorithm are fit with black lines. b) Distribution of leading-strand
replication events. Data are fit with a Gaussian function, indicating a leading-strand replication rate of
6.0 ± 0.2 nt/s (SEM). c) Distribution of total lengths of leading-strand replication products. Data are fit
with a single exponential decay function indicating a processivity of 5380 ± 760 nt (error of fit). n =
387 trajectories (molecules). Fits are shown in solid black lines.
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6.3 Discussion
It was observed that using the forked 20-kb substrate in flow stretching assays led to a ~3-fold
increase in the proportion of substrates that exhibited leading-strand replication, compared to
the forked λ-DNA substrate. Evidently, a lack of nicks across the substrate population was
crucial in increasing the efficiency with which enzymatic synthesis was accomplished. Secondly,
when replication is unimpeded by nicks, the observed processivities are indicative of the real
processivities of the replisome in question, over the period of observation. Indeed, when using
the forked 20-kb substrate, the lengths of leading-strand products generated were significantly
higher, by over 6 times, compared to product lengths synthesised on the λ-DNA substrate. The
presence of nicks on the DNA substrate can affect the observables in the assay in several ways.
A nick encountered on the leading-strand template would cause the leading-strand replicase to
stall/disengage. Such an event would affect the observed processivity. On the other hand,
encountering a nick on the lagging-strand template would amount to the remainder of the
template being lost along with the bead. Such events would affect the observed efficiency
because such trajectories would be excluded from consideration on account of not having a
clear end point denoting the end of enzymatic elongation. Additionally, if bead loss due to a
lagging-strand template nick were to occur early enough such the trajectory is excluded from
consideration on account of being too short (<5min), the observed efficiency would be
negatively impacted.
We note that the efficiency of enzymatic synthesis in assays involving the forked 20-kb
substrate (8.8% ± 1.1%) is more than two times higher than the efficiency reported by Lewis,
Spenkelink, Schauer, et al. (2017) in similar assays (4.0 ± 0.3%). Also, the apparent processivity
of leading-strand replication (5380 ± 760 nt) is significantly larger than that reported by Lewis,
Spenkelink, Schauer, et al. (2017) (900 ± 2 nt). We note that the two assays, although otherwise
similar, were conducted with different time periods of observation – 25 min (here) vs 20 min.
It is debatable whether a 5 min difference in observation time would affect the observables
under question, this significantly. But an increase in the observation time is bound to increase
the observed efficiency and processivity to some extent. With an additional 5 min of tracking,
the observed increase is not on account of new replication events that might initiate during the
final 5 min, because such trajectories would get filtered out under the filtering criteria that we
employ. However, both the observed efficiency and processivity would increase because
trajectories that reach an enzymatic end point during the last 5 min will be taken into account.
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The forked 20-kb substrate is about 2.4 times shorter than the forked λ-DNA substrate. This
considerable reduction in length gives us access to a significantly higher experimental
resolution as a result of a marked decrease in the amplitude of Brownian motion of the bead, as
shown by the equipartition theorem. The resolutions achieved with both the substrates were
however observed not to be very different; 213 ± 8 bp and 196 ± 6 bp with the forked λ DNA
substrate and the forked 20-kb substrate, respectively. Our assays using the forked 20-kb
substrate were carried out using exactly the same experimental design that we used with the
forked λ-DNA substrate. This resulted in a significant reduction in the stretching force that the
20 kb substrate was experiencing owing to its shorter length. Based on the variance in the
transverse bead position (1.69 x 104 nm2), the stretching force on the 20 kb substrate was found
to be 1.32 pN. While this force is within the range required for our purposes, modulating the
stretching force by increasing the flow rate and/or using larger beads, to match the stretching
force operational in the forked λ-DNA assays (2.4 pN) would have significantly improved our
experimental resolution.
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Chapter 7
Concluding remarks and future perspectives
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The experimental work described in this thesis has been driven by the primary goal of
developing single-molecule approaches for investigating the mechanisms that steer DNA
replication in eukaryotes. Towards this goal, several different modalities of DNA replication in
the budding yeast, Saccharomyces cerevisiae, were reconstituted using purified proteins and
model DNA substrates, on platforms that enable us to observe and probe these mechanisms at
the single-molecule level. This concluding chapter serves as a summary of the work described
in this thesis with focus on the inferences drawn from this work. Future studies that are essential
to build on our understanding of eukaryotic DNA replication mechanisms are discussed, with a
view of single-molecule approaches being able to provide us with an in-depth understanding of
the biomolecular pathways involved.
The contents of Chapter 3 detail the process that was involved in the development of an assay
for the observation of concerted leading- and lagging-strand replication. The approach was to
reconstitute coupled replication on rolling-circle DNA substrates using a minimal complement
of proteins. The observational platform was built around a TIRF microscope for the real-time
single-molecule observation of surface-tethered, flow-stretched, replicating rolling-circle DNA
substrates. Experimental conditions were identified that enabled the observation of various
activities of the S. cerevisiae DNA replication machinery at the single-molecule level. The
experiments as described over this chapter led to several findings, some of them unanticipated.
Investigations revealed that reactions leading to the generation of dsDNA products under our
assay conditions, were predominantly, if not entirely, mediated by the strand-displacement
synthesis activity of Pol δ. It was observed that CMG was not productively loading on to the
substrates to propagate coupled replication as per the initial design. It was also observed that
surface-tethered dsDNA molecules irreversibly receded back towards their anchor points,
against the direction of buffer blow, to form successively larger compacted DNA structures. This
compaction was observed to be mediated by RFC. In another line of investigation, the
hypothesis that the replication reactions in our assays were inhibited by laser irradiation, was
investigated. Irrespective of whether replication of surface-tethered rolling-circle substrates was
propelled by Pol δ or CMG, the efficiency of replication was found to be far lower than the
observed efficiency of replication on free substrates in solution in bulk-phase assays. The
reasons behind this phenomenon are still not quite clear. However, we speculate that flowrelated drag forces and RFC-mediated compaction interfered with sustained DNA replication
on surface-tethered substrates, in a manner that we do not completely understand. Our
investigations and learnings directed us to two distinct paths, delineated in Chapters 4 and 5.
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To overcome the pitfalls that came with using surface-tethered rolling-circle substrates, linear
dsDNA substrates were constructed, with some distinct features. The ‘forked doubly-tethered
18-kb substrate’ was designed to be tethered to the surface at both its ends, as a counter to RFCmediated DNA compaction. The double tether also facilitated single-molecule observation
under static buffer conditions without the need for flow-stretching, thus avoiding deleterious
drag forces if any. The 3′-end on the fork side of the substrate was designed to be free, to
facilitate CMG loading on the leading-strand template. Chapter 4 details the reconstitution of
coupled DNA replication on these linear forked substrates for real-time single-molecule
observation. We observed processive, concerted leading- and lagging-strand replication on
these substrates and the observed single-molecule rates of fork progression were as expected.
Our observations of the dynamics of polymerase exchange during fork progression, led us to
several crucial insights into the functioning of the replisome. In the absence of free polymerases
in solution, the reconstituted replisome was able to propagate replication through tens of
thousands of base pairs, indicating that all three polymerases are stably retained at the fork over
long stretches of synthesis. However, with free polymerases present in solution, all three
polymerases held at the fork were found to be able to exchange with their respective
counterparts in solution, in a concentration-dependent manner. CMG, however, did not
exchange with other CMGs in solution. The DNA polymerase activity of Pol α-primase was
found to be dispensable for sustained fork progression. In addition to its rate of exchange, the
stoichiometry of Pol α-primase at the fork was also found to be dependent on its concentration
in solution – two Pol α-primase complexes were found held at the fork at higher concentrations,
as opposed to just one at lower concentrations. RPA was always found localised at the fork and
the number of bound RPA molecules was consistent with the length of an Okazaki fragment.
The exchange rate of Pol δ was found to be significantly higher in the absence of its Pol32
subunit, indicating that Pol32 is important for the stable association of Pol δ with the replisome.
Collectively, our observations point to a mechanism where the retention of polymerases at the
fork can be tuned by varying their local concentrations. Additionally, we see that both Pol αprimase and Pol δ are able to stably remain at the fork for the synthesis of successive Okazaki
fragments. This observation is interesting in its contradiction of the current understanding of
the interactions at the replisome. Even though Pol ε has a defined place in the replisome on
account of its strong interaction with CMG and Pol α-primase has been shown to be linked to
CMG primarily via its interaction with Ctf4, Pol δ is believed to associate with the replisome
only transiently. We however saw that Pol δ can also have long-term associations at the fork,
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which are at least in part, mediated by its interaction with Pol α via its Pol32 subunit (Johansson,
Garg and Burgers 2004).
Extensive strand-displacement synthesis by Pol δ-PCNA on rolling-circle substrates was
observed to eventually lead to a strand switch, after which Pol δ-PCNA engaged in primerextension synthesis using the displaced single-stranded tail as the template. This system was
used to visualise efficient and extensive primer extension by Pol δ-PCNA, as detailed in Chapter
5. Single-molecule rates of primer extension were also obtained. Real-time single-molecule
observation was however severely hindered by the low efficiency of replication and RFCmediated compaction of surface-tethered rolling-circle substrates.
Single-molecule observation of leading-strand DNA replication by the leading-strand replicase,
Pol ε-CMG, is the subject of Chapter 6. Leading strand replication was reconstituted on linear
DNA substrates attached to polystyrene beads. In a scheme where the displacement of the
attached bead reports on the progress of leading-strand replication on the substrate, hundreds
of DNA substrates were tracked to obtain single-molecule rates and processivities. The
construction of a ‘nick-free’ DNA substrate is discussed, and it is demonstrated that it led to
more reliable data, when compared to lambda DNA based substrates which are commonly used
in such assays.
Our current understanding of eukaryotic DNA replication is largely built from several lines of
genetic investigations that have employed specifically crafted replication mutants to tease out
functional information. Although this has been a powerful tool, the mechanistic details behind
the information obtained can be convoluted to navigate. It is no secret that cellular functions
are often mediated by multiple overlapping pathways, to ensure that processes are able to
recover when challenged with adversities. Introducing mutations can potentially alter the status
quo through actuating other compensating pathways, reorganising factors to different
functional roles or modulating the interaction dynamics of proteins. In vitro reconstitutions of
various replication mechanisms have been a powerful step forward in being able to specifically
address the contributions of, and the interactions among, the different protein factors involved.
The use of single-molecule techniques to track the factors involved in in vitro reconstitutions,
gives us access to entirely new levels of resolution, as demonstrated throughout this work.
Owing to the highly conserved nature of eukaryotic cellular replication, single-molecule studies
on the reconstituted budding yeast system form a powerful tool to further our understanding
of this immensely complex process, in all eukaryotes.
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The factors and mechanisms investigated in this work are just the tip of the iceberg. Many more
processes are involved in ensuring that the entirety of a cell’s DNA is replicated with high fidelity
over a cell cycle. In addition to proteins that are directly involved in driving the replication fork
forward, a complex system of proteins functions to identify replication origins and initiate
replication. A plethora of enzymatic pathways interact with the replication machinery to
monitor fork progression, avoid re-replication and deal with obstacles along the way.
Mechanisms are put in place to halt synthesis under suboptimal conditions or when roadblocks
are encountered. DNA repair pathways are summoned to deal with DNA damage when needed.
DNA replication has to work with mechanisms of chromatin disassembly and reassembly. DNA
replication at chromosomal ends involves very different mechanisms. Finally, once they
complete replicating their portion of the genome, replication forks are required to be
terminated and correctly dissembled. Clearly, what we seek to understand is a multi-faceted,
intricately orchestrated affair.
To be able to stably traverse through the genome whilst still being able to interact with and
accommodate several other mechanisms along the way, the replication machinery needs to
maintain a balance between staying stable and being able to alter its composition when needed.
We saw a glimpse of this in our analysis of the dynamics of replication factors operating at the
fork. While CMG was found to be always stably retained at the fork, the lifetimes of all the three
replicative polymerases were observed to be open to modulation. Transient dissociations of core
replication factors from the fork leads to an elegant model for the recruitment of other factors
to the fork when needed. Exploring how the core DNA replication machinery functions within
the larger scheme, through probing its interactions with other pathways, is interesting grounds
for future research.
Furthermore, we are still in the dark when it comes to several key mechanisms associated with
replisome assembly and fork progression. The mechanisms involved in helicase loading and
helicase activation are currently an active area of ongoing research. The processes involved in
the termination of replication forks involving CMG disassembly are not very well understood.
Design of single-molecule approaches to probe these questions presents exciting future
prospects. The gamut of interactions among the core proteins of the replisome and all their
functions are also not well understood. Particularly, there is a need to better understand the
range of interactions and functions mediated at the fork by RFC, Mcm10, Mrc1, Tof1, Csm3 and
Ctf4. Whether the only interaction that retains Pol δ at the fork is its interaction with Pol α, or
if Pol δ has other associations with the core of the replisome, remains to be explored.
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The functional significance behind two Pol α-primase complexes being retained at the fork
needs clarification. Ctf4 is able to keep two Pol α-primases linked to CMG, by virtue of having
three identical binding sites for conserved motifs called Ctf4-interacting-peptides or CIP-boxes
(Gambus et al. 2009; Simon et al. 2014). However, studies show that Ctf4 mediates several
other interactions at the fork and can link many different factors to CMG, thereby coupling
DNA synthesis to other processes like sister chromatid cohesion and rDNA copy-number
regulation (Villa et al. 2016). In addition to Sld5 and Pol1, CIP-boxes have been identified in
Dna2, Tof1, Dpb2 and the Chl1 (chromosome loss 1) DNA helicase (Samora et al. 2016; Villa et
al. 2016). The dynamics of the various interactions mediated by Ctf4, especially in the context
of how DNA synthesis is linked to other pathways, is an interesting subject for future
investigation.
The observed retention of Pol δ and Pol α-primase at the fork along with the observed
stoichiometry of RPA at the fork, alludes to the presence of lagging-strand loops. During DNA
replication in E. coli and in bacteriophages T4 and T7, the lagging strand is thought to loop
around to be reoriented so that leading- and lagging-strand synthesis can stay coordinated and
advance in parallel with each other (Alberts et al. 1982; Wu et al. 1992; Lee et al. 2002;
Chastain et al. 2003). Whether eukaryotic DNA replication employs such a mechanism has
been long pondered over.
Reconstitutions of lagging-strand mechanisms to understand the interactions among the host
of different proteins that have been implicated in pathways related to Okazaki-fragment
maturation, is an exciting prospect. Based on current models of Okazaki-fragment maturation,
extended strand-displacement synthesis by Pol δ-PCNA, as observed under our assay
conditions, is not likely to be the normal order of things within the cell. However, extended Pol
δ-mediated strand-displacement synthesis appears to be linked to the removal of bulky
replication obstacles on the lagging strand and prevention of fork arrest at tRNA genes (tDNA)
(Koc et al. 2016; Osmundson et al. 2017; Tran et al. 2017). Through their interactions with
PCNA, Rad27/FEN1 and Pif1 possibly exercise opposing influences on the strand-displacement
synthesis activity of Pol δ (Li et al. 1995; Budd et al. 2006; Pike et al. 2009; Buzovetsky et
al. 2017). It will be interesting to figure out how, under what conditions and through which
specific interactions are the activities of Pol δ modulated.
Single-molecule studies of leading-strand reconstitutions can be used to address crucial
questions on the mechanisms that determine the rate of eukaryotic fork progression. The fork
progression rate is primarily set by the translocation of CMG. However, Pol ε and Mrc1
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significantly stimulate fork progression, plausibly on the basis of their interactions with CMG
(Georgescu et al. 2014; Lewis, Spenkelink, Schauer, et al. 2017; Yeeles et al. 2017). It has been
shown that Mrc1 interacts with Pol ε, Cdc45 and Mcm2–7 (Katou et al. 2003; Lou et al. 2008).
Mcm10 has also been shown to enhance CMG progression (Watase, Takisawa and
Kanemaki 2012; Langston et al. 2017; Lõoke, Maloney and Bell 2017). The underlying
mechanisms that effect these stimulations are exciting grounds for future research. Mrc1,
possibly along with Tof1 and Csm3, also couples DNA synthesis to checkpoint activation (Bando
et al. 2009).
In vitro reconstitutions of replication mechanisms are currently far from being able to mimic
the complexities of cellular environments. With our increasing understanding of the system, we
will be able to consistently build up complexity whilst still being able to probe distinct factors
at the single-molecule level, to obtain exciting insights. Our collective long-standing endeavour
to understand eukaryotic DNA replication is primarily driven by the need to be better
acquainted with what lies at the very core of all life. Furthermore, research on DNA replication
mechanisms enables us towards understanding how disruptions in the process are linked to
several pathologies, thus providing the foundation of knowledge on which strategies for their
treatment can be developed.
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